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Chenodeoxycholic acid esters were prepared by an enzymatic approach.

The heterologous Rhizopus oryzae lipase, immobilized on Octadecyl Sepabeads was
the best biocatalyst.

The influence of various reactions parameters was studied.

Conversion of chenodeoxycholic acid was optimized using the response surface
methodology and a central composite rotatable design.
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Abstract

A lipase-catalyzed preparation of ethyl and stearyl esters of chenodeoxycholic acid is
described. Stearyl chenodeoxycholate is a new product and both bile acid esters were prepared
through an enzymatic approach for the first time. The heterologous Rhizopus oryzae lipase,
immobilized on two different supports proved to be an efficient catalyst, even more active
than CAL B, in the esterification reaction using a complex substrate such as a bile acid. The
immobilization of the enzyme on Octadecyl Sepabeads at pH 7 and 25°C was the best choice
to catalyze the esterification reaction. The influence of various reaction parameters, such as
nature of the alcohol, alcohol:substrate ratio, enzyme:substrate ratio, solvent and temperature,
was evaluated. Using the response surface methodology and a central composite rotatable
design, the conversion of stearyl chenodeoxycholate was optimized by means of the study of
the effect of enzyme:substrate ratio and alcohol:substrate ratio. The value 20 for ratios (E/S)
and (A/S) were predicted as the optimal values to reach the maximum conversion. However,
including economic aspects these ratios can be reduced up to 15. The well known advantages
of biocatalysis and the activity shown by the immobilized heterologous lipase make the

reported procedure a convenient way to prepare chenodeoxycholic esters.

Keywords: Chenodeoxycholic acid esters. Lipase-catalyzed reactions



O©CO~NOOOTA~AWNPE

Introduction

Bile acids biosynthesis is the main pathway of cholesterol catabolism and consequently plays
an important role in its regulation [1]. In digestion, bile acids are important for the
solubilization of cholesterol in the gallbladder and for stimulating the absorption of
cholesterol, fat-soluble vitamins and lipids from the intestine [2]. As regulatory molecules,
bile acids activate specific nuclear receptors and cell signaling pathways in cells in the liver
and gastrointestinal tract and regulate serum triglyceride level in humans and rodents [3-5].
As bile acids are non toxic, they are widely used in drug formulations as excipients and can
influence gastrointestinal solubility and chemical or enzymatic stability of drugs [6-8].
Moreover, they can modify and optimize drug unfavourable physico-chemical properties
acting as absorption modifiers [9]. In this way, bile acid derivatives are also used as skin
penetration enhancers in the formulation of transdermal delivery systems for drugs that are
otherwise not sufficiently skin-permeable [10]. Regarding their application in organic
synthesis, bile acid-based compounds can control the stereochemical course of a given
reaction by discrimination of chiral and achiral guests and enantioselective recognition [11].
In human, primary bile acids cholic acid (CA) and chenodeoxycholic acid (CDCA) are
synthesized from hepatic cholesterol: CA is hydroxylated at positions C-3, C-7 and C-12,
whereas the hydroxyl group in C-12 is absent in CDCA [12].

Bile acids exhibit a hydrophobic side () and a hydrophilic side (o). This structure is
responsible for their amphipathic nature and, consequently, in water, bile acids self-associate
to form multimers above a critical concentration. The characterization of the crystal structure
of bile acids by X-ray resolution showed that hydrogen bonding plays a key role in these
structures, forming different network patterns [13-14], In the network observed at the CDCA
crystal each hydrogen bond site participates in the formation of two hydrogen bonds with two
other molecules and, consequently, each CDCA molecule is interconnected with six molecules
[15]. These networks can form inclusion compounds, such as polymers including CDCA as
the host [16].

Various interesting therapeutic properties of CDCA were reported such as its use in the
dissolution of cholesterol gallstones [17] and more recently its action in promoting the release
of fibroblast growth factors and gut peptide secretion [18].

In the case of CDCA derivatives in C-3, C-7 or C-24, they lacked the supramolecular structure
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of the CDCA and, therefore, have different physicochemical and biological properties.

In reports describing the synthesis and evaluation of their biological activities, it was observed
that CDCA derivatives showed to be potential active ingredients in pharmaceuticals. For
example novel chenodeoxycholic acid-verticinone esters exhibited antitussive and in vitro
antitumor activity [19,20] and some unsymmetric CDCA bis-thiocarbazone derivatives
showed excellent antibacterial activity against Bacilllus subtilis and Staphylococcus aureus
[21].

CDCA esters are also important as intermediates in the synthesis of related steroid
compounds. In the synthesis of 6-ethyl chenodeoxycholic acid, a farnesoid X receptor agonist,
it was not possible to achieve the preparation of silyl enol ether without the previous
protection of the carboxyl function at C-24 as a benzyl ester [22]. It was also necessary to use
a methyl ester of CDCA as raw material in the synthesis of 3-bromo and 3-azido CDCA [23]
and ethyl chenodeoxycholate was used as intermediate in the synthesis of chenodiol from
stigmasterol [24].

So far, CDCA esters were prepared by traditional chemical procedures. Methyl ester was
prepared using acetyl chloride and methanol a 0°C [25], methanol and p-toluensulfonic acid or
methanesulfonic acid [21] and also applying these conditions under microwave irradiation
[26]. Benzyl esters were prepared by treatment of CDCA with benzyl bromide and Cs,COj3 at
150°C during 24 h [22]. These chemical methods involve reagents which are not friendly to
the environment such as acid chlorides and sulfonic acids and high temperatures.

Biocatalysis proved to be a good alternative to the synthesis of organic compounds through a
Green Chemistry approach. Enzymes and whole cells of microorganisms show interesting
advantages, such biodegradability and working under mild reaction conditions [27].
Moreover, they are capable of accepting a wide array of substrates and catalyze reactions in a
chemo- and regioselelective way, carrying out different chemical transformations without the
need for tedious protection and deprotection steps in compounds with several functional
groups [28]. Over the last years, biocatalysis using lipases in non-aqueous media has been
widely used in synthesis of pharmaceuticals catalyzing several synthetic reactions such as
esterification, transesterification, aminolysis, polymerization, etc. [29-32]. Enzymes are also
well-known by its high enantioselective behavior and this property formed the basis for their
widespread use for the synthesis of enantiomerically pure compounds [33,34]. Studies carried

out in our laboratory on the esterification and transesterification of multiple substrates have
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shown that lipases are useful in the synthesis of biologically active compounds, particularly
steroids derivatives [35,36]. We have also used whole cells in the biotransformation of a- and
[-ketoesters and the steroid drospirenone [37]. Regarding the application of whole cells to bile
acids, the biotransformation of CDCA by Geobacillus stearothermophilus, the use of
Acinetobacter calcoaceticus Iwoffii in the chemoenzymatic synthesis of ursodeoxycholic acid
and the 7a-hydroxy epimerization of CDCA by Xanthomonas maltophilia, were reported [38].
In the field of lipases, acylation of chenodeoxycholic acid methyl ester with trichloethyl
butanoate and fatty acid esters was performed using lipases from Candida cylindracea and
Candida antarctica respectively [39]. As above mentioned, in the chemical acylation of bile
acids it was also necessary the previous esterification of carboxyl group in C-24 to carry out
the acylation successfully.

The extracellular sn-1,3 regioselective lipase from Rhizopus oryzae (ROL) has been found an
interesting catalyst in esterification processes to produce fatty acid esters and enantiomeric
resolution [40].

However, lipases exhibit a complex catalytic mechanism which is even modified when they
are used in organic solvent [41]. Therefore, for a best performance in esterification reaction, a
good stability and catalytic activity is mandatory. In this case it has been demonstrated that the
open conformation of a lipase is the most stable and active form. The use of strategies to fix
the open conformation of the lipase has been possible by the immobilization on hydrophobic
matrixes via oriented interfacial activation mechanism (Figure 1) [42].

Lipase open
conformation . i
\

Yo u“{‘\ X310
%;Lz” ; ;{;’

M Hydrophobic area

Lipase immobilized on
hydrophobic supports

Figure 1. Oriented immobilized lipases on hydrophobic supports.
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In these cases the use of resins such as Sepabeads or Lewatit represents an advantage because
they can be used in different organic solvents without any swelling effect [42, 43].

In the last decade, ROL has been cloned and expressed successfully in the cell factory Pichia
pastoris under different promoters, and operational strategies [44]. The recombinant ROL was
more than 40-fold-higher than commercial native ROL, with no esterase contamination [45].

It has also immobilized on different supports to increase its stability and used as biocatalyst in
a wide range of biotransformations: structured lipids as production of low caloric
triacylglycerols and human milk fats substitutes, flavours as pine-apple aroma, biodiesel
production and steroids derivatives [46].

Therefore, as far as we know, here we present for the first time the enzymatic esterification of
a bile acid: chenodeoxycholic acid (1) (Scheme 1) catalyzed by immobilized commercial
Candida antarctica lipase (CAL B) and recombinant Rhizopus oryzae lipase (ROL). The
optimization of the process by using different interfacial activated immobilized preparations
of ROL has been performed. Moreover, after fixing some operational parameters, the optimal
conditions of enzyme: substrate ratio and alcohol: substrate ratio have been determined by a
central composite rotatable experiment design using the response surface methodology, for the

best immobilized derivative.

ROH

—_— >
lipase

R: CH3 (CHy)-, 2:n=1;3:n=17

Scheme 1. Enzyme-catalyzed esterification of chenodeoxycholic acid.
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2. Experimental

2.1. General

Chenodeoxycholic acid, p-nitrophenylbutyrate (pNPB) and solvents used in this work were of
analytical grade and purchased from Sigma-Aldrich. Candida antarctica lipase B (CAL B):
Novozym 435 (7400 PLU/g) was a generous gift of Novozymes Spain. Octadecyl-Sepabeads
was purchased from Resindion rsl and Lewatit VP OC1600 was purchased from Bayer .The
immobilized enzymes were dried overnight in vacuum drying oven before use (0.1 kPa, 30
°C). Enzyme: substrate ratio (E/S): enzyme amount (CAL B, ROL 1 and ROL 2) in
mg/substrate amount in mg. Alcohol: substrate ratio (A/S): alcohol amount in mg/ substrate
amount in mg. Enzyme specific activity (micromoles/mg lipase x h): ROL 1: 0.62; ROL 2:
0.17; CAL B: 0.10. Enzymatic reaction was carried out on Innova 4000 digital incubator
shaker, New Brunswick Scientific Co. at 200 rpm. To monitor the reaction progress aliquots
were withdrawn and analyzed by TLC performed on commercial 0.2 mm aluminum-coated
silica gel plates (F254) and visualized by 254 nm UV or immersion in an aqueous solution of
(NH4)sM070,4.4H,0 (0.04 M), Ce(SO4), (0.003 M) in concentrated H,SO,4 (10%). %
Conversion was determined by gas chromatography on a Thermo Focus GC chromatograph
equipped with a flame ionization detector and a using HP-17 column (10 m x 0.53 mm ID,
0.25 thickness; Agilent Corporation, USA). Nitrogen was the carrier gas. Both injector and
detector temperatures were set at 250 and 300 °C respectively. Column temperature was
programmed from10 to 200 °C at a rate of 10 °C/min and stable at 200 °C for 1 min, then at a
rate of 15 °C/min up to 290 °C stable at this temperature for 10 min, then at a rate of 8 8C/min
up to 230 8C/min and stable at 230 8C for 35 min. Retention times: chenodeoxycholic acid (1)
13.5 min; ethyl chenodeoxycholate (2): 14.3 min, stearyl chenodeoxycholate (3): 15.2 min.
Melting point were determined on a Fisher Johns apparatus and are uncorrected. Elemental
analysis was carried out with a CE-440 Elemental Analyzer. Proton and carbon NMR spectra
were carried out on a Bruker AM-500 (500MHz for *H and 125.1 for **C) in CDCls. Chemical
shifts (8) are reported in ppm downfield from TMS as the internal standard. Coupling constant
(J) values are given in Hz. The assignment of the proton signals is based on the chemical shift
correlation experiments (COSY) while the carbon nuclei were assigned from the heteronuclear
correlation experiments via one-bond (HSQC) coupling constants and long-range (HMBC)
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coupling constants. HR-ESI-MS were measured in a Bruker microTOF-Q 11 mass

spectrometer.

2.2. Enzyme production

ROL was produced by the Bioprocess Engineering and Applied Biocatalysis group of
Universitat Autonoma de Barcelona (UAB). It has been obtained by a fed-batch cultivation
mixed substrates fed-batch cultivation of a recombinant P. pastoris strain using a methanol
non-limiting fed-batch strategy maintaining a set-point of methanol of 3 g L™ by means of a
predicitive-PI control strategy [44c]. After centrifuged and microfiltered the culture broth, the
supernatant was concentrated by ultrafiltration with a Centrasette® Pall Filtron system
equipped with an Omega membrane of 10 kDa cut-off, and subsequently dialyzed against
10mM Tris-HCI buffer pH 7.5 and thereafter lyophilized [47].

2.3. Enzymatic activity assay

The activities of the soluble and immobilized ROL preparations were analyzed
spectrophotometrically measuring the increment in absorbance at 348 nm produced by the
release of p-nitrophenol (pNP) (e= 5,150 M™ cm™) in the hydrolysis of 0.4 mM pNPB in 25
mM sodium phosphate at pH 7 and 25 °C. To initialize the reaction, 0.05-0.2 mL of lipase
solution or suspension was added to 2.5 mL of substrate solution. Enzymatic activity is given
as micromole of hydrolyzed pNPB per minute per milligram of enzyme (IU) under the
conditions described above.

2.4 Immobilization of ROL on Octadecyl-Sepabeads® or LewatitVPOC1600.

One gram of dry octadecyl-Sepabeads (or Lewatit1600) was added to 100 mL of a solution
water/acetone (50/50, v/v) for 2 h. Then, the solution was filtrated by vacuum and the support
was added to 15 mL of protein solution (containing 12 mg of lipase in 25 mM sodium
phosphate buffer) at pH 7. The mixture was then gently stirred at 25°C and 250 rpm over night
on Coulter stirrer. After that, the solution was filtered on sintered glass filter and the supported
lipase was washed several times with abundant distilled water. The immobilization yield was

more than 99% determined by the enzymatic activity assay described above and Bradford’s
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assay (ref Bradford). The prepared catalysts (containing 12 mg lipase per gram of support)

were called Octadecyl-ROL and Lewatit-ROL respectively.

Effect of E/S and A/S ratios on conversion

The effect of enzyme/substrate (E/S) and alcohol/substrate (A/S) ratio on the conversion of the
chenodeoxycholic esters was studied by means of a central composite design (CCD) with
Matlab using ROL1 (ROL immobilized on Octadecyl Sepabeads). The E/S and A/S ratios
were selected according with preliminary experiments and were in the range 5-25. The values
of both variables were codified from -1.41 to 1.41. The empirical response surfaces were built
from the values of conversion after 48 h of conversion.

All the experiments were made under the same conditions of immobilized biocatalyst (dry)
temperature and shaking were fixed at 55°C and 200 rpm, respectively. DIPE was used as

solvent, and chenodeoxycholic acid was esterified using stearyl alcohol.

2.5. Enzymatic esterification

2.5.1. General procedure

Rhizopus oryzae lipase immobilized on octadecyl Sepabeads (2 g) was added to a solution of
chenodeoxycholic acid (100 mg, 0.25 mmol) in diisopropylehter (10 mL) and ethanol (0.25
mL, 5 mmol) or stearyl alcohol (1.35 g, 5 mmol). The suspension was shaken (200 rpm) at
55°C and the progress of the reaction monitored by TLC/GC. When the acid was converted
into the alkyl ester, the enzyme was filtered off and the solvent evaporated under reduced
pressure. The residue was purified by column chromatography employing mixtures hexane:
ethyl acetate as eluent (9:1-7:3). Reuse experiments: the filtered and washed enzyme was used

in the next enzymatic esterification under the same reaction conditions.

o]

25 4
2N 4

n=0, a: C-26
n= 16, a: C-42
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2.5.2. Ethyl 3a,7a-Dihydroxy-5@-cholan-24-oate (2).

Colorless oil. Yield: 366 mg (87 %).FT-IR (film) vimax = 3414, 1754, cm™. *H NMR (CDCls,
200 MHz) &: 3.84 (dd, J=3.7, 2.6 Hz, 1H, H-3), 3.46 (tt, J= 11.1, 4.3 Hz, 1H, H-7), 0.65 (s,
3H, H-18), 0.90 (s, 3H, H-19), 0.92 (d, J=6.6 Hz, 3H, H-21), 4.11 (q, J=7.1 Hz, 2H, H-26),
1.40 (t, J= 7.2 Hz, 3H, H-26). *C NMR (CDCls, 200 MHz): & : 72.2 (C-3), 68.7 (C-7), 11.9
(C-18), 18.4 (C-19), 17.5 (C-21), 21.9 (C-23), 174.5 (C-24), 60.3 (C-25), 14.4 (C-26). ESI-
HRMS m/z: calcd. for CogHasO4: [M+H]"421.3312, found 621.3317; [M+Na]" calcd:
443.3132, found 443.3135 [39b]. Analysis for C4,H7604: calcd. C, 74.24; H, 10.54. found: C,
74.22; H, 10.55.

2.5.3. Octadecyl 3a,7a-Dihydroxy-5p-cholan-24-oate (3).

White solid. Yield: 543 mg (84 %). Mp: 61-62 °C. FT-IR (film) vinax = 3420, 1761, cm™. *H
NMR (CDCls, 200 MHz) &: 3.85 (dd, J= 3.8, 2.7 Hz, 1H, H-3), 3.46 (tt, J= 11.0, 4.3 Hz, 1H,
H-7), 0.65 (s, 3H, H-18), 0.90 (s, 3H, H-19), 0.92 (d, J=6.5 Hz, 3H, H-21), 4.05 (t, J=6.7 Hz,
2H, H-25), 1.62 (m, 2H, H-26), 1.28-1.38, (broad signals, 30H, H-27-41), 0.88 (t, J=6.85 Hz,
3H, H-42). 3C NMR (CDCls, 200 MHz): 8: 72.0 (C-3), 68.6 (C-7), 11.8 (C-18), 18.3 (C-19),
17.6 (C-21), 22.8 (C-23), 174.4 (C-24), 64.5 (C-25), 28.2 (C-26), 14.1(C-42). ESI-HRMS m/z:
calcd. for C4H7604: [M+H]" 645.5816, found 645.5820; [M+Na]" cald. 667.5634 m/z; found
667.5638 m/z. Analysis for C4,H7604: calcd. C, 78.08; H, 12.01. found: C, 78.12; H, 12.05.

3. Results

1. Enzymatic esterification

The enzyme-catalyzed esterification of chenodeoxycholic acid (1) allowed us to obtain

two ester derivatives: ethyl chenodeoxycholate (2) and stearyl chenodeoxycholate (3)
(Scheme 1).

Product 2 was fully identified by ESI-HRMS and *H NMR spectroscopy, which was in
accordance with reported data [24].

The esterification with ethanol was confirmed by observing the typical signals in the *H NMR

signals of methyl triplet resonance at 1.40 ppm and a quartet at 4.11 ppm corresponding to the

10
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methylene group in the ethyl chenodeoxycholate. There was no variation on methyl-18 and
methyl-19 chemical shift, at 0.65 ppm and 0.90 respectively in comparison with the same
signals in proton NMR spectrum data of chenodeoxycholic acid. In carbon-13 NMR spectrum,
the signals at ¢: 60.3 and 14.4, corresponding to carbons in methylene and methyl groups
respectively in the ethyl ester were observed as expected. Again, no variation was observed on
the C-18, C-19 and C-21 chemical shift in comparison with data for chenodeoxycholic acid.
Regarding the signal corresponding to the carbonyl group, it was observed a downfield shift
from 178.9 ppmin 1 to 174.5 ppmin 2.

Stearyl chenodeoxycholate 3 is a new compound. Its identity was completely

determined by spectroscopic methods. The spectroscopic analysis of 3 was consistent

with the formation of the stearyl ester of chenodeoxycholic acid. The molecular formula

was determined as C4,H7604, 0on the basis of the elemental analysis and ESI-HRMS

spectrum observing the peaks: [M+H]" 645.5820 and [M+Na]": 667.5638. The

molecular ion was 645 larger from that of chenodeoxycholic acid, which indicated the
formation of the stearyl ester.

The identity of 3 was also established by observing in the *H NMR spectrum the triplet at &
0.88 corresponding to methyl group in the end of the stearyl group, multiplets at 1.28-1.38,
ppm corresponding to the methylene groups in the stearyl chain and a triplet at 4.05 assigned
to the methylene group bonded to the carboxylic oxygen of the ester. In the *C NMR
spectrum we observed the new signals of the methylene at C-25 at 64.5 ppm and the methyl
C-42 at 14.1 ppm from the new stearyl group. The chemical shifts assignments, made on the
basis of the information obtained from *H NMR, **C NMR, HSQC, HMBC and COSY
(Supplementary data), allowed identifying 3 as octadecyl 3a,7a-dihydroxy-5p-cholan-24-oate.
In order to optimize the reaction conditions we have performed several experiments

involving lipase screening and variation of the reaction parameters such as temperature,

enzyme: substrate ratio (E/S), alcohol: substrate ratio (A/S) and solvent.

1.a. Enzyme screening and solvent effect
To begin, the behavior of CAL B, free ROL, and two immobilized preparations named: ROL
1 (immobilized on Octadecyl Sepabeads®) and ROL 2 (immobilized on Lewatit® 1600) was

evaluated.

11
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Table 1. Optimization of reaction parameters for ROL-catalyzed esterification of CDCA (1).

Entry Enzyme Solvent Temperature (°C) E/S A/S  Conversion (%)
Solvent and Lipase
1 ROL 1 Hexane 55 30 30 75.6
2 ROL 1 DIPE 55 30 30 89.2
3 ROL1  Acetonitrile 55 30 30 70.4
4 ROL 2 Hexane 55 30 30 51.1
5 ROL 2 DIPE 55 30 30 60.2
6 ROL 2  Acetonitrile 55 30 30 45.8
7 CALB Hexane 55 30 30 69.4
8 CALB DIPE 55 30 30 52.1
9 CALB  Acetonitrile 55 30 30 58.3
E/S
10 ROL 1 DIPE 55 2 20 30.2
11 ROL 1 DIPE 55 5 20 35.6
12 ROL 1 DIPE 55 10 20 71.0
13 ROL 1 DIPE 55 20 20 89.6
14 ROL 1 DIPE 55 30 20 89.9
A/S
15 ROL 1 DIPE 55 20 5 28.8
16 ROL 1 DIPE 55 20 10 58.4
17 ROL 1 DIPE 55 20 20 88.9
18 ROL 1 DIPE 55 20 30 90.3
Temperature
19 ROL 1 DIPE 30 20 20 65.3
20 ROL 1 DIPE 55 20 20 90.1

% time: 48h. Alcohol: stearyl aclohol.
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Previous work on the acetylation reaction catalyzed by ROL [46e] showed that enzyme
performance was improved when it was dried before use. After drying, the water percentage

in free ROL and the two immobilized ROL was variable being 57% in free ROL, 54% in ROL
land 43% in ROL 2. The four lipase preparations, CAL B, free ROL, ROL 1 and ROL 2, were
evaluated in the esterification of 1 with stearyl alcohol. The solvents used for this screening
were acetonitrile, hexane and diisopropyl ether (DIPE). Reactions were carried out at 55°C
using E/S ratio 30 and stearyl alcohol/chenodeoxycholic acid ratio 30. TLC and GC
monitoring allowed the identification of the lipase able to promote the esterification of 1. In
the absence of biocatalyst no product was obtained.

Among the tested enzymes, ROL 1 gave the most satisfactory results followed by CAL B
(Table 1, entries 1-3 and 7-9 respectively). ROL 2 showed moderate to poor activity (Table 1,
entries 10-12) and with free ROL, chenodeoxycholic acid and stearyl alcohol did not react at
all.

If we compare the results of the enzyme using DIPE as solvent, even ROL 2 showed higher
activity than CAL B, being both immaobilized on the same support. Therefore, the best results
obtained with ROL 1 in the esterification reaction could be attributed both to the lipase source
and the support of immobilization. Moreover, it is interesting to mention that the amount of
lipase powder in the immobilized enzyme is lower in ROL 1 or ROL2 (12 mg/ g of support)
than in CAL B (~30 mg/ g of support)[43]. Indeed, the specific activity of ROL 1 was six fold
higher than that of CAL B in the esterification of CDCA with stearyl alcohol, 0.62 and 0.10
ummol.mglipase.h™, respectively. On the other hand the specific activity of ROL 2 was also
slightly higher than CAL B (Table 2).

Table 2. Specific activity of ROL 1, ROL 2 and CAL B

Lipase Conversion (%) Time (h) Specific activity (umol/mg lipase.h)
ROL 1 22.3 5 0.62
ROL 2 20.5 11 0.17
CALB 19.8 16 0.10

These results show how the immobilization of a lipase on different supports may alter its
catalytic features. Octadecyl-Sepabeads (ROL 1) is a hydrophobic epoxyacrylic matrix with
the surface functionalized with octadecyl groups in contrast to Lewatit (ROL 2 and CAL B)
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which is a basic divinylbenzene resin. Although the immobilization of ROL was performed
following the same procedure in both cases, at low ionic strength after a simple hydrophobic
adsorption of the lipase, the esterification results suggest that the immobilization in the case of
using Lewatit may involve some other kind of enzyme-support interactions, perhaps by ionic
exchange, that could be enough to produce changes in the enzyme features.

In previous work, we have also observed large differences in activity and spectacular changes
in enantiopreference when using these two types of immobilization methods applied to
Candida antarctica lipase catalyzing reactions in aqueous media [43]. CAL B seems to
exhibit good performance in more hydrophobic solvents such as hexane while ROL 1 is more
active in a solvent with intermediate polarity as DIPE [35,36,39].

Considering that free ROL was completely inactive, the immobilization on Sepabeads made
ROL 1 a new and excellent biocatalyst for esterification reactions of chenodeoxycholic acid
and potentially overall bile acids.

Once the optimal catalyst was selected, we turned our attention to the solvent effect in the
ROL 1 catalyzed reaction. Therefore, hexane, diisopropyl ether and acetonitrile were tested.
It is well-known that hydrophobic water-immiscible solvents such as hexane are a good
medium for lipase-catalyzed reactions. The organic medium shows interesting advantages,
such as the enhancement of solubility of reactants, activity and stability of the enzyme, the
shift of the equilibrium towards product formation and easier separation of the enzyme from
the reaction medium at the end of the reaction [30]. On the other hand, water-miscible
solvents shows a high tendency of stripping off tightly bound water from enzyme and ability
to partition deeper into the enzyme active site which in turn causes loss of both structure and
activity of enzymes [48]. Due to the presence of the carboxyl and two hydroxyl groups,
chenodeoxycholic acid is a polar molecule, insoluble in non polar solvents (hexane) and
soluble in polar solvents (acetonitrile). As acetonitrile proved to be useful as solvent in
previous work using a variety of substrates, we decided to test it [49]. However, enzymes
performance was poor in this solvent as can be observed in Table 1 (entries 3, 6 and 9). Only
ROL 1 afforded the product 3 in good conversion (70.4%) using acetonitrile as solvent. This
result was improved performing the esterification in DIPE, therefore this was the solvent of

choice.
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1.b. Influence of temperature

With the aim of investigating the influence of temperature on the enzymatic esterification we
performed it at 30 °C and 55 °C. The other reaction parameters were settled to their optimal
values (ROL 1, DIPE, E/S and A/S: 20). The results in Table 1 (entries 19 and 20) show a
better performance with the increase in temperature. Therefore we selected 55°C as the
reaction temperature. It is interesting to observe that the stability of the enzyme was kept

unaltered with the increase of temperature reaction.

1.c. Effect of enzyme: substrate ratio

Then the reaction was analyzed studying the influence of the enzyme: substrate ratio in the
enzymatic esterification. This was evaluated at 48 h, using A/S: 20, DIPE as solvent at 55°C
and variable amounts of ROL 1. From the obtained results, E/S:20 (Table 1, entry 13) resulted

the ratio of choice.

1.d. Effect of alcohol and alcohol agent : substrate ratio

In order to test the influence of the alkyl chain length of the alcohol on enzymatic
esterification of chenodeoxycholic acid with the immobilized recombinant lipase ROL 1, we
prepared ethyl (2) and stearyl (3) chenodeoxycholic esters. The results were both very good
and much the same, the ethyl chenodeoxycholate (2) was obtained in 87% yield and the
stearyl chenodeoxycholate (3) in 84 % vyield. The alkyl chain length of the alcohol had no
significance on yield in the esterification catalyzed by ROL 1.

The influence of alcohol: substrate ratio on reaction yield was evaluated in the esterification of
chenodeoxycholic acid 1 with stearyl alcohol in DIPE using ROL 1. As expected, it was
observed that a molar excess of alcohol was advantageous for the reaction (Table 1, entries
15-18) with A/S 20 (entry 17) giving very good results (88.9 % of conversion). A slightly
better conversion was observed using a higher excess of alcohol (A/S:30 afforded 90.3 %).
The optimum reaction time was also studied and conversion was not improved after 48 h of
reaction.

E/S and A/S ratios are key parameters in order to establish an optimal relationship not only in

conversion but also in economics terms. Thus, a response surface methodology and a central
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composite experimental design were performed. E/S and A/S selected range is described in

Figure 2, according with the described previous individual experiments.

(7,93;22,07)

(5;15)

(7,93;7,93)

(22,07;22,07)

{25;15)

{22,07;7,93)

Figure 2. Diagram of the central composite rotatable design, using the nomenclature (E/S);

(A/S).

The constant operational conditions were fixed following the results obtained in the

esterification reaction. Therefore, the biocatalyst was previously dried, temperature and

shaking were fixed at 55 °C and 200 rpm, respectively, stearyl alcohol as esterifying agent and

DIPE as solvent. The conversions of each reaction are presented in Table 3.
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Table 3. Conversion reached in each reaction at different (E/S) and (A/S) ratio.

Experiment Non Non Conversion
number Codified Codified codified codified (%)
factor factor factor (E/S) factor (A/S)
(E/S) (AJS)
1 -1 -1 7.93 7.93 15.2
2 -1 1 7.93 22.07 27.4
3 1 -1 22.07 7.93 35.3
4 1 1 22.07 22.07 88.5
5 -1.4142 0 5 15 12.6
6 1.4142 0 25 15 85.3
7 0 -1.4142 15 5 21.9
8 0 1.4142 15 25 83.2
9 0 0 15 15 84.1
10 0 0 15 15 83.9
11 0 0 15 15 85.3
12 0 0 15 15 87.3
13 0 0 15 15 84.5
14 0 0 15 15 85.0
15 0 0 15 15 81.0
16 0 0 15 15 86.5

The results obtained were fitted to the mathematical modelling expressed in equation 1, and

the corresponding response surface is plotted in Figure 3.

X = By + B2 ES + Ba-AS + Bs-ES-AS + Bs-ES? + Bg-AS? (equation 1)
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Figure 3. Response surface of the experimental design, corresponding to the conversion of
stearyl deoxycholate (3) under different ratios of E7S and A/S. Reactions were carried out at
55 °C and 200 rpm, using dry ROL 1, DIPE as solvent and stearyl alcohol. Reaction time was
48 h.

The values of each coefficient and the statistical parameter p values, are shown in Table 4.

Table 4. Parameter and statistical p values of the equation 1.

Coefficient B1 B2 Bs Ba Bs Be
Value 84.700 23.002 19.012 10.250 -20.163  -18.363
p value 1.063-10™ 3.620-107 2.111-10° 0.004 1.232-10° 2.895-10°

All the terms of the equation 1 has significant effect on conversion (P < 0.05). The term
ES-AS has the lowest effect on the estimation. As it has been observed in previous individual
experiments about effect of E/S and A/S ratios, the optimum value of (E/S) and (A/S) to
obtain practically a total conversion were 20. However from an economical point of view the
optimum value can be reduced up to 15 for both ratios.

Thus, optimal conditions from a conversion and economic point of view for the esterification
of chenodeoxycholic acid using ROL 1 as biocatalyst are: E/S: 15, solvent: DIPE,
temperature: 55°C and stearyl alcohol/CDCA: 15.

Finally, we studied the possibility of recycling ROL 1. Due to ROL 1 is immobilized, it is
insoluble in DIPE. Therefore, it can be easily removed by filtration at the end of the process
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and can be reused. For the esterification of CDCA with stearyl alcohol ROL 1 kept almost

90% of its original activity after three reaction cycles (Figure 4).

100 -+

80

60 -

40

20

0 . . . .
1 2 3 4

Cycles

Conversion %

Figure 4. ROL 1 reuse in the esterification of chenodeoxycholic acid under
standard conditions.

4. Discussion

In this report we have studied the performance of CAL B and two immobilized heterologous
Rhizopus oryzae lipases as catalysts in the esterification of chenodeoxycholic acid. For the
first time two bile acid esters were prepared in very good yield following the biocatalytic
approach. One of them, the stearyl chenodeoxycholate is a new product. ROL immaobilized on
Octadecyl Sepabeads (ROL 1) and using DIPE as solvent, was the best biocatalyst in the
preparation of the steroid derivatives, showing an activity six times higher than CAL B.
Moreover, ROL 1 performance was not affected by the chain length in the alcohol, affording
both esters in similar yield and it kept almost 90% of its original activity after three reaction
cycles.

By means of a response surface methodology and a central composite rotatable design, the
optimal values of enzyme:substrate ratio and alcohol:substrate ratio were determined in order

to maximize conversion and minimize economics of the bioprocess. The optimal values of
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(E/S) and (A/S) were 15 for both, lower than the values obtained from individual experiments,
saving both enzyme and alcohol.

The enzymatic approach provided a simple and mild alternative method for the synthesis of
chenodeoxycholic esters and potentially other bile acid derivatives. It proved to be a
convenient way to prepare bile acid derivatives in high purity and free of toxic reagents,
which is a great advantage in the case of products designed for human consumption such as

pharmaceuticals.
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Scheme and Figure captions

Scheme 1. Enzyme-catalyzed esterification of chenodeoxycholic acid.

Figure 1. Oriented immobilized lipases on hydrophobic supports.

Figure 2. Diagram of the central composite rotatable design, using the nomenclature (E/S);
(A/S).

Figure 3. Response surface of the experimental design, corresponding to the conversion of
stearyl deoxycholate (3) under different ratios of E7S and A/S. Reactions were carried out
at 55 °C and 200 rpm, using dry ROL 1, DIPE as solvent and stearyl alcohol. Reaction time
was 48 h.

Figure 4. ROL 1 reuse in the esterification of chenodeoxycholic acid under
standard conditions.
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Table

Table 1. Optimization of reaction parameters for ROL-catalyzed esterification of CDCA (1).

Entry Enzyme Solvent Temperature (°C) E/S AIS  Conversion (%)
Solvent and Lipase
1 ROL1 Hexane 55 30 30 75.6
2 ROL 1 DIPE 55 30 30 89.2
3 ROL1  Acetonitrile 55 30 30 70.4
4 ROL 2 Hexane 55 30 30 511
5 ROL 2 DIPE 55 30 30 60.2
6 ROL2  Acetonitrile 55 30 30 45.8
7 CAL B Hexane 55 30 30 69.4
8 CALB DIPE 55 30 30 52.1
9 CALB  Acetonitrile 55 30 30 58.3
E/S
10 ROL 1 DIPE 55 2 20 30.2
11 ROL 1 DIPE 55 5 20 35.6
12 ROL 1 DIPE 55 10 20 71.0
13 ROL 1 DIPE 55 20 20 89.6
14 ROL 1 DIPE 55 30 20 89.9
A/S
15 ROL 1 DIPE 55 20 5 28.8
16 ROL 1 DIPE 55 20 10 58.4
17 ROL 1 DIPE 55 20 20 88.9
18 ROL 1 DIPE 55 20 30 90.3
Temperature
19 ROL 1 DIPE 30 20 20 65.3
20 ROL 1 DIPE 55 20 20 90.1

% time: 48h. Alcohol: stearyl aclohol.



Table 2. Specific activity of ROL 1, ROL 2 and CAL B

Lipase Conversion (%) Time (h) Specific activity (umol/mg lipase.h)
ROL 1 22.3 5 0.62
ROL 2 20.5 11 0.17

CALB 19.8 16 0.10




Table 3. Conversion reached in each reaction at different (E/S) and (A/S) ratio.

Experiment Non Non Conversion
number  Codified Codified codified codified (%)
factor factor  factor (E/S) factor (A/S)
(E/S) (A/S)
1 -1 -1 7.93 7.93 15.2
2 -1 1 7.93 22.07 27.4
3 1 -1 22.07 7.93 35.3
4 1 1 22.07 22.07 88.5
5 -1.4142 0 5 15 12.6
6 1.4142 0 25 15 85.3
7 0 -1.4142 15 5 21.9
8 0 1.4142 15 25 83.2
9 0 0 15 15 84.1
10 0 0 15 15 83.9
11 0 0 15 15 85.3
12 0 0 15 15 87.3
13 0 0 15 15 84.5
14 0 0 15 15 85.0
15 0 0 15 15 81.0
16 0 0 15 15 86.5
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