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Abstract

The successful introduction of reptiles into a captive collection depends on providing optimal husbandry and veterinary attention. An
important role of the veterinarian in this process is the prevention of disease introduction, which may affect both the introduced and the
resident animals. This review focuses on preventive veterinary medicine in reptiles, emphasising quarantine measures, disinfection and
entry control for infectious agents. Agents discussed include those that are likely give rise to severe clinical problems on introduction
into a collection of reptiles, or, in the case of Salmonella, those that pose a significant public health risk. Aetiology, clinical signs and
diagnosis are discussed for the most relevant endo- and ectoparasites, bacteria and viruses including Cryptosporidium and Entamoeba,
Salmonella, Dermabacter, Chlamydiales, Mycoplasma, Herpesvirus, Adenovirus, Paramyxovirus and inclusion body disease.
� 2007 Elsevier Ltd. All rights reserved.
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1. Introduction

Reptilian medicine has evolved greatly in recent dec-
ades. However, the acquisition of reptiles, either as captive
bred or wild caught animals, yields a high risk of disease
introduction into a collection. Routine screening and sub-
sequent treatment by a skilled veterinarian of every
recently acquired reptile could greatly contribute to the
survival rate of these animals in captivity.

Management and clinical examination techniques are of
critical importance but these topics are covered in detail
elsewhere. In this article, we will focus on preventive veter-
inary medicine in reptiles, emphasising quarantine mea-
sures as well as disinfection and entry control for
infectious agents. Agents will be discussed that are most
likely to give rise to severe clinical problems upon introduc-
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tion into a collection of reptiles, or, in the case of Salmo-

nella, that pose a significant public health risk.
2. Quarantine

The importance of quarantine can hardly be exagger-
ated, yet most reptile and amphibian keepers do not respect
any quarantine period and even where it is imposed ade-
quate measures are rarely taken. Infectious agents do not
respect terrarium boundaries and newly acquired animals
should be housed separately from a resident collection.
With some viral infections, such as paramyxovirus, it is
not sufficient just to place a new animal in a separate ter-
rarium because, as the virus is transmitted by air, the quar-
antine terrarium must be in a separate room.

Newly acquired reptiles should always be treated after
the resident collection has been dealt with. Disposable
gloves should be worn and hands must be disinfected after
every contact with the animals or their surroundings.
Instruments (dip nets, forceps, snake hooks, etc.) should
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Fig. 1. Oocysts of Cryptosporidium spp. (5.0 · 4.5 lm) stained with
carbol-fuchsin.
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be kept strictly separate from those used for the husbandry
of the resident collection and must be thoroughly cleaned
and disinfected after every use.

Ideally, new inmates should be housed in isolation,
enabling individual health checks to be performed and
eliminating the possibility of intraspecies aggression. The
quarantine container should be designed to be easy both
to inspect and to clean thoroughly, yet respecting the
environmental needs of the species concerned (heat, light,
humidity, shelter, etc.). The bedding must be easy to
change: journal paper meets these requirements and
allows easy evaluation of food intake and faecal consis-
tency. Live plants are generally not suitable for quaran-
tine containers.

Importantly, wild caught animals should be handled as
little as possible to facilitate acclimation. Acclimating wild
caught reptiles to become long term captives remains a
challenge and such animals benefit greatly from an envi-
ronment providing ample opportunity for them to feel
secure.

Generally, quarantine should last for at least 90 days
(Jacobson et al., 2001), but there are some exceptions. Boid
snakes, for example, require a quarantine period of 6
months because of the high prevalence of inclusion body
disease (IBD) in snake collections. Tortoises should be kept
separate both during hibernation and for the first 4–6
weeks after awakening, as it is during this period that most
outbreaks of herpesvirus infections occur reflecting a low-
ering of the immune response during hibernation.

To find out whether a newly acquired reptile is a silent
carrier of viral infection, investigations for the presence
of antibodies are recommended. In terrestrial tortoises,
blood samples can be checked for antibodies against her-
pesvirus, preferably on two occasions during the quaran-
tine period. Colubrids, elapids and viperids should be
monitored for antibodies against ophidian paramyxovirus.
The presence of antibodies indicates that the reptiles sur-
vived an infection but they may however be carriers of
latent virus. Boid snakes of the subfamily Boinae can be
investigated with a blood smear or a liver biopsy for
intracytoplasmic inclusions, indicating IBD.

In addition to a thorough veterinary check, repeated
faecal examinations (at the beginning, during and the end
of the quarantine period) should be performed to monitor
intestinal parasitic load. Parasitic infections that are actu-
ally easy to diagnose and treat still account for high mor-
tality rates in reptiles, even in captive breds, which are
frequently exposed to suboptimal conditions, for example
in pet shops. Every endeavour should be made to try to
convince the owner to necropsy every dead animal and
arrange for bacteriological and virological investigations
to be undertaken.

Quarantine measures should be applied particularly vig-
orously where an animal has been obtained from a whole-
sale trader or pet shop, which both provide ideal conditions
for infectious agents to spread freely. High stocking densi-
ties, continuous flow of animals, often very highly stressed
and diseased animals offer a plethora of opportunities for
cross-contamination through staff and equipment.
3. Disinfection

An overview of disinfectants for use in reptile and
amphibian enclosures has been provided by Slomka-
McFarland (2006). It is important to remember that the
less organic debris and the longer the contact time with
the disinfectant, the more efficient it will be. The present
authors have had good experience with 4-chlor-M-cresol
and organic acids (Neopredisan; Eckert et al., 2005) and
a 5% dilution of sodium hypochlorite (household bleach).
Cryptosporidium contaminated objects can be also treated
with 5% ammonium solution (effective in eliminating
oocyst infectivity after 18 h of contact at 4 �C; Cranfield
et al., 1999) and should be allowed to dry for at least 3 days
after that. This solution does not directly kill oocysts but
leads to their encystation. After 3 days, unprotected free
sporozoits will dry up.

Disinfectants based on phenol or quaternary ammo-
nium are not appropriate for use in the reptile environment
(Köhler, 1996) and any treated surfaces should be thor-
oughly rinsed and aired after the recommended incubation
time to prevent any direct contact of a reptile with these
disinfectants.

Chemical disinfectants should be applied only to empty
cages and following the manufacturers’ instructions.
Cryptosporidia oocysts (Fig. 1) can be inactivated by heat
(45–60 �C for 5–9 min; Cranfield et al., 1999) and tempera-
tures of >52 �C will inactivate cysts of Entamoeba invadens

(Bonner et al., 2001).
Disinfection of terrarium and furnishings for most ecto-

parasites can be carried out using fipronil (Frontline Spray,
Merial). Surfaces should be allowed to dry thoroughly.
Snake mites do not survive temperatures >45 �C and
<5 �C or humidity <20% (Camin, 1953). It is recommended
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that the whole room should be cleaned thoroughly using a
vacuum in order to remove any migrating mites. In snakes
and lizards, ivermectin can replace fipronil and can be used
to decontaminate the terrarium. Ivermectin, available as a
1% solution, should be diluted by adding 1 mL (10 mg) to
1 L of water; this solution is stable for up to 30 days (Kahn,
2005).
Fig. 3. Cestode egg (Oochoristica spp.) from Iguana iguana, 400·.

Table 1
Prevalence of endoparasites in captive chelonians

n = 1251 (Testudinidae:Emydidae:unspecified Chelonia = 24%:3%:73%)

Chelonians

Oxyurids 48.2% n = 603
Ascarids (Angusticaecum holopterum) 2.7% n = 34
Heterakids 0.2% n = 2
Capillaridsa 0.5% n = 6
Pentastomids 0.1% n = 1
Flagellates (Trichomonadida) 18.6% n = 233
Flagellates (Hexamita spp.) 3.4% n = 43
Ciliates (Nyctotherus spp.) 11.5% n = 144
Ciliates (Balantidium spp.) 12.8% n = 160
Amoebas (Entamoeba spp.) 4.3% n = 53
Amoebas (Entamoeba invadens) 2.6% n = 33
Coccidia (Isospora spp.) 0.2% n = 2

a Probably bird specific spurious parasites.
4. Entry control for endoparasites in reptiles

Endoparasites are an important cause of disease in cap-
tive reptiles. These include Apicomplexa (mainly Isospora

(Fig. 2) and Eimeria), flagellate protozoa (e.g. Hexamita,
trichomonads), nematodes (Fig. 2), cestodes (Fig. 3) and
trematodes. Cryptosporidiosis and amoebiasis are consid-
ered separately. Many intestinal parasites, such as the cili-
ate Balantidium, may be normal residents of the intestinal
microbiota but can also be involved in gastrointestinal
disease.

Endoparasite infections cause very different clinical
symptoms depending on the parasite species and the degree
of infestation. In severe cases, developmental disorders or
even mortality may occur. In 4000 reptile post-mortem
examinations, parasite infection was detected in 50% of
the animals compared to 15% in bird and 32% in mammal
necropsies (Ippen, 1992). A retrospective study at the
Detroit Zoo from 1973–1983 showed that 12% of 1300 rep-
tiles that died during this period were lost due to parasite
infections caused by, for example, lungworms or Ent-

amoeba spp. (Kaneene et al., 1985).
At the Ludwigsburg Veterinary Laboratory, samples of

2267 reptiles were examined during 2003–2005 using rou-
tine faecal examination. The results are summarised in
Tables 1 and 2. These tables do not consider the prevalence
of all spurious parasites in reptiles, e.g. rodent specific par-
asites that are particularly common in faeces of snakes
Fig. 2. Oxyurid egg (centre) and oocysts of Isospora spp. from Chlamydo-

saurus kingii, 400·.
(Pantchev, 2005). During 2003–2006, Cryptosporidium

spp. were identified in 44/243 (18%) examined samples
using a carbol-fuchsin staining technique (Fig. 1) and the
ProSpecT Cryptosporidium Microplate Assay (Coproanti-
gen ELISA). Twenty-five (56.8%) of the positive samples
were from lizards (18 leopard geckos Eublepharis macula-

rius, three collared lizards Crotaphytus spp., two chame-
leons, one bearded dragon Pogona vitticeps and an
unspecified lizard); there were 17 (38.6%) positives from
snakes (seven corn snakes Elaphe guttata, one Boa constric-
tor and nine unspecified snakes) and there were two posi-
tives (4.6%) from chelonians (a black-breasted leaf turtle
Geoemyda spengleri and a Russian tortoise Testudo

horsfieldii).
The high prevalence of nematodes such as oxyurids,

Rhabdias/Strongyloides spp. and Kalicephalus spp., or
protozoa such as Isospora spp., Eimeria spp. and Cryptos-

poridium spp. can be explained by their direct life cycle
(with no intermediate host) and the high tenacity of eggs,
larvae or oocysts to survive in the environment, which



Table 2

Prevalence of endoparasites in captive lizards and snakes

Lizards Oxy

urids

Ascarids/

hete

rakids

Rhabdias/

Strongy

loides

Spir-

urids

Ces-

todes

Trema-

todes

Pentasto-

mids

Tricho-

mona-

dida

Isos-

pora

(Choleo)-

Eimeria

Nycto-

therus

Balan-

tidium

Amoe-

bas

Agamidaea 61.6% 1.5% 1.3% 0.5% 0.3% 0.3% – 11.6% 43.5% 1.5% 13.9% – 1.0%b

n = 386 (n = 238) (n = 6) (n = 5) (n = 2) (n = 1) (n = 1) (n = 45) (n = 168) (n = 6) (n = 54) (n = 4)

Iguanidaec 43.2% 0.6% – 1.2% 11.6%d – – 20.2% 0.6% 1.8% 3.0% 5.5% 20.7%e

n = 164 (n = 71) (n = 1) (n = 2) (n = 19) (n = 33) (n = 1) (n = 3) (n = 5) (n = 9) (n = 34)

Chama

eleonidae

27.3% 6.0% 1.5% 1.5% – 4.5% – 13.6% 7.6% 3.0% 1.5% – –

n = 66 (n = 18) (n = 4) (n = 1) (n = 1) (n = 3) (n = 9) (n = 5) (n = 2) (n = 1)

Gekkonidae 51.5% 2.9% 2.9% 1.5% 2.9% – 5.8%f 14.7% – 10.3%g 14.7% 1.5% –

n = 68 (n = 35) (n = 2) (n = 2) (n = 1) (n = 2) (n = 4) (n = 10) (n = 7) (n = 10) (n = 1)

Varanidae 4.7% – 14.3% – 19.0%h – 4.7% 28.6% – 4.7% – – –

n = 21 (n = 1) (n = 3) (n = 4) (n = 1) (n = 6) (n = 1)

Snakes Kali

cephalus

Ascarids/heterakids Rhabdias/Strongyloides Capil-

larids

Spir-

urids

Oxy-

urids

Ces-

todes

Trema-

todes

Coc-

cidia

Tricho-

monadida

Entamoeba -spp.

Boidaei 8.6% 6.4% 10.0% 7.8% 1.4% 2.8% 4.3% 1.4% 3.6%j 13.6% 5.0%

n = 140 (n = 12) (n = 9) (n = 14) (n = 11) (n = 2) (n = 4) (n = 6) (n = 2) (n = 5) (n = 19) (n = 7)

Colubridae 3.2% 1.1% 3.2% – – 1.1% – – – 7.4% 2.1%

n = 95 (n = 3) (n = 1) (n = 3) (n = 1) (n = 7) (n = 2)

Unspecified snakesk 2.6% 2.6% – – – – – – 1.3% 14.5% 2.6%

n = 76 (n = 2) (n = 2) (n = 1) (n = 11) (n = 2)

a Additionally, 0.3% (n = 1) with Hexamita spp. and 0.3% (n = 1) with Capillaria spp.
b Entamoeba spp.
c Additionally, 0.6% (n = 1) with Hexamita spp.
d Oochoristica spp.
e Mainly Naegleria spp.
f Raillietiella spp.
g Eimeria tokayae.
h Duthiersia spp. and Acanthotaenia spp.
i Additionally, 0.7% (n = 1) with pentastomids.
j Sarcocystis spp., Choleoeimeria spp. and Caryospora spp.
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leads to efficient transmission particularly among animals
in captivity. Although the pathogenicity of the different
parasites varies, unfavourable husbandry conditions (e.g.
crowding or insufficient hygiene management) can lead
to clinically relevant mass infestation in a terrarium due
to frequent reinfection. Stressful conditions in captivity
can exacerbate existing parasite infections (Grego et al.,
2004).

An examination for endoparasites should be performed
as part of the routine check of all reptiles. It is of vital
importance that samples for examination are as fresh as
possible (preferably <3 h) and fresh, moist faeces should
be placed in a vial or Ziplock bag, and sent to the diagnos-
tic laboratory directly after collection. Faeces that have
dried on the bedding are not suitable for examination
because parasitic stages may have degenerated, making a
correct diagnosis difficult or even impossible. Preferably,
several consecutive faecal samples should be checked dur-
ing quarantine including specific examinations for amoebas
and Cryptosporidium spp. Only parasite-free or successfully
treated animals (two negative samples at a 2-week interval
must be achieved) should be introduced into a healthy
collection.

Routine faecal examination in reptiles should include
flotation (zinc chloride/sodium chloride solution with
specific gravity of 1.3), direct saline smear with a small
volume of faeces and staining of fresh sample with iodine
solution (reviewed by Pantchev, 2005). Egg- and
oocyst-counting techniques (to measure EPG or OPG)
may be applied in principle to any parasitic infection of
any host, but they do not allow conclusions to be drawn
about the burden of parasite infection in the gut. For
that reason, these techniques find their greatest utility
in veterinary medicine mainly in estimating the levels of
strongyle infections in ruminants and horses (Bowman,
2003), for which the epidemiology is well defined. In
reptiles, and especially in lizards and snakes, routine
parasitic examination of the oral cavity using a saline
smear from a mouth swab, is strongly advised and often
reveals infections (e.g. with trichomonads) that would
otherwise go unnoticed. These may play an (underesti-
mated) role in the development of stomatitis. The
examination is also a simple way to identify nematode
larvae (e.g. lung worms like Rhabdias spp.), while
avoiding more stressful (but reliable) techniques such as
tracheal washes.

4.1. Cryptosporidium spp.

Unlike other animals in which infection with Cryptos-

poridium spp. is usually self limiting in immunocompe-
tent individuals, cryptosporidiosis in reptiles is
frequently chronic and sometimes lethal. The predomi-
nant sign in snakes is gastric hyperplasia with persistent



Fig. 4. Cysts of Entamoeba invadens (four nuclei) from a tortoise. Stained
with iodine solution, 1000·.
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or periodical postprandial regurgitation of food animals
and, in lizards, chelonians or snakes, a chronic debilitat-
ing enteritis without gastric involvement (Cranfield et al.,
1999). Nine Cryptosporidium species have been reported
in reptiles (Xiao et al., 2004) with the two most fre-
quently found species being C. serpentis (mainly associ-
ated with snakes) and C. saurophilum (mainly
associated with lizards).

Caution is advisable if the intention is to introduce into
a Cryptosporidium-negative collection reptiles that previ-
ously tested positive for Cryptosporidium spp. Drug treat-
ment frequently leads only to a clinical improvement or
only temporarily terminates the shedding of oocysts into
the environment, but does not completely eliminate the
infection (Pantchev, 2005) and renewed shedding may
occur later on. Cranfield and Graczyk (1994) reported
that C. serpentis-negative snakes kept in separate cages
but in the same room became C. serpentis-positive from
an undetermined pathogen source within 24–45 weeks
suggesting that prevention of pathogen transmission
within an ophidian collection is difficult and re-emphasis-
ing the point that positive snakes must not be introduced
to negative collections.

Cryptosporidium spp. can be demonstrated using the
ProSpecT Cryptosporidium Microplate Assay (Coproanti-
gen ELISA), immunofluorescence antibody test (IFA;
e.g. Meriflour) or using an oocyst staining technique with
or without concentration of the oocysts e.g. the fast
carbol-fuchsin stained faecal smear test (Heine, 1982)
(Fig. 1). Immunoassays utilising monoclonal antibodies
developed for the detection of Cryptosporidium parvum

should always be performed in combination with direct
oocyst detection methods for several reasons. Lizard-
derived oocysts produced consistently a very weak
reaction with the Merifluor immunofluorescent antibody
test (Graczyk et al., 1999). The ProSpecT Cryptospori-

dium Microplate Assay on the other hand identifies a
Cryptosporidium specific antigen (CSA) that is produced
by Cryptosporidium organisms as they multiply within
the host intestinal tract and may not be always shed
simultaneously with oocysts in reptile faeces (own obser-
vations). If cryptosporidian oocysts are found in reptile
faeces, it is important to note that cryptosporidian
oocysts from infected food animals can be shed in reptile
faeces after feeding (e.g. up to 14 days in lizards after
experimental infection with oocysts; Graczyk et al.,
1996).

For snakes, a gastric lavage up to 3 days after feeding
provides the best sample to determine the presence of a
Cryptosporidium infection. Because of the intermittent
shedding of oocysts in faeces, repeated faecal examina-
tions are necessary to identify infection. Moreover, in
the subclinical stage of infection (which can last for
years), the numbers of oocysts in faecal samples are
lower. The concentration of oocysts in faecal sample
increases with volume of faeces excreted (Graczyk and
Cranfield, 1996).
4.2. Entamoeba invadens

E. invadens is the causative agent of amoebic dysentery
in reptiles. E. invadens commonly occurs in chelonians
(Fig. 4) and crocodilians but rarely causes disease in these
species. With few exceptions, chelonians are non-clinical
carriers shedding cysts in their faeces. These cysts can sur-
vive in the environment for 14 or more days at a tempera-
ture of 8 �C, and for several days at 37 �C (McConnachie,
1955). In snakes and lizards on the other hand, E. invadens

is highly pathogenic following ingestion of cysts from
affected faeces (reviewed by Barnard and Upton, 1994).

Since treatment can be unsatisfactory by the time the
disease is diagnosed, and the clinical symptoms (anorexia,
weight loss, vomiting, blood/mucus in faeces, intussuscep-
tion and palpable hardening of large intestine) are
restricted to the terminal phase of infection, emphasis
should be on prevention. In particular:

1. lizards or snakes must not be mixed with chelonians or
crocodilians;

2. mixed exhibits must be avoided;
3. animals should be housed by geographic regions (e.g.

boas and pythons should not be mixed);
4. invertebrate mechanical vectors such as flies or cock-

roaches must be controlled;
5. tools and equipment must be disinfected between cages.

E. invadens infection can be diagnosed using a saline fae-
cal smear (particularly in any part of fresh faeces contain-
ing blood or mucus) and direct microscopic examination to
observe the slowly amoeboid movements of the living tro-
phozoites. More sensitive is the examination of stained
smears (e.g. with iodine or trichrome) (Pantchev, 2005).
Trophozoites of E. invadens possess a large single ringlike
nucleus with a small central karyosome. Cysts are most
likely to be found in formed faecal samples and contain
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in their mature state four nuclei (as Entamoeba histolytica

in humans) (Fig. 4), which resemble those of trophozoites
but are smaller. Such cysts should be differentiated from
those of Entamoeba spp. with eight nuclei, which can be
also observed in reptile faeces. Entamoeba cysts with eight
nuclei (such as Entamoeba coli in humans or E. muris in
rodents) are believed to be non-pathogenic and non-
invasive.

Free-living amoebas as Naegleria or Acanthamoeba

spp. are also found frequently in reptile faeces (see Table
2) and are thought to be spurious parasites (only passing
the gut after oral uptake) or commensals which rarely
cause disease (Hassl et al., 2000). The cysts of these
amoebas are small and contain only one nucleus with a
large karyosome. More sensitive concentration techniques
for the detection of amoebas in faecal samples are the
SAF (sodium acetate–acetic acid–formalin) assay (Eckert
et al., 2005) and culturing in special media (Frank,
1985) with subsequent differentiation. If no faecal sample
is available, saline enemas can be given followed by
microscopic examination after centrifugation of the faecal
fluid.
5. Entry control for ectoparasites in reptiles

Ectoparasites (ticks [Fig. 6], mites, and leeches) are very
common in wild caught reptiles but also in captive breds, as
many reptile collections are infected with mites. The purely
blood-sucking mite Ophionyssus natricis is the most com-
mon reptile ectoparasite in captivity. It has a world-wide
distribution affecting mainly snakes and to a lesser extent
lizards, but it can also attack humans, causing papular ves-
iculo-bullous eruption of the skin (Schultz, 1975). The
weight of an adult female may increase 15 times during a
single blood meal and a heavy infestation of several hun-
dred mites may therefore cause irritation, anorexia, skin
lesions, anaemia and even death in small reptiles. O. natri-

cis can move under optimal environment conditions (tem-
perature 24–31 �C and relative humidity 70–90%) with a
Fig. 5. Male hard tick (Aponomma latum) from Python regius, 40·.
speed of 1.5–1.8 m/h (Camin, 1953). Therefore, gravid
females are able to infect every terrarium in one room
within a day.

The life cycle consists of five developmental stages (egg,
larva, protonymph, deutonymph and adult) and can be
completed under favourable conditions within 6 days.
Unfed females are about 600 lm in length, yellowish-
brown in colour, and when fully engorged may be
1300 lm in length and dark red or black. Apart from their
direct pathogenicity these arthropods are able to transmit
bacteria such as Aeromonas hydrophila among reptiles
(Frank, 1985) and could transmit IBD in boid snakes. Live
food animals (e.g. rodents) have been incriminated in intro-
ducing O. natricis into collections and refused food rodents
e.g. from quarantine containers should not be offered to
other reptiles in the collection. Some exotic ectoparasitic
arthropod species may develop breeding colonies and
become established as indigenous species and arthropod-
born diseases may be spread among susceptible native
populations.

Kenny et al. (2004) collected 39 ticks from 10 imported
reptiles and in all ticks of the genus Aponomma (Fig. 5) they
detected apicomplexan protozoa (Hepatozoon spp., Fig. 6)
and in three Aponomma ticks they found Ehrlichia-like-
organisms. The tick Hyalomma aegyptium transmits the
haemogregarine Haemolivia mauritanica (Siroky et al.,
2004) and harbours the spirochaete Borrelia turcica (Guner
et al., 2004). The rickettsia Ehrlichia (Cowdria) ruminantum,
the causative agent of heartwater disease in domestic and
wild ruminants, has been identified in an Amblyomma spar-
sum tick on leopard tortoises imported into Florida from
Zambia (Burridge et al., 2000). The soft tick Ornithodorus

talaje can harbour the filarial Macdonaldius oschei and
mites of the genus Ophionyssus are vectors for the haem-
ogregarine protozoa Karyolysus (Frank, 1985).

Ectoparasites can be detected by thorough examination
(preferably with magnification) of the skin with special
attention given to the axillary, ear and groin regions. The
Fig. 6. Intraerythrocytic gametocyte of Hepatozoon spp. (blood smear) of
wildcaught Corallus hortulanus, 1000·.
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use of adhesive tape to sample the skin aids in detecting
mild infections.
6. Entry control for bacteria in reptiles

Very few bacteria have been implicated in reptile dis-
eases as primary causative agents. Most clinical bacterial
infections tend to be secondary, for example to viral infec-
tions or as a result of poor husbandry. Routine swabbing
of the mouth and/or cloaca to assess microbial growth
and to identify reptilian pathogens is not generally recom-
mended. Bacteria (e.g. Salmonella) and yeasts (e.g. Can-

dida), considered pathogenic for homeothermic animals,
are highly prevalent in mouth and cloacal swabs taken
from reptiles (Kostka et al., 1997). Swabbing the oral cav-
ity of clinically healthy snakes can yield all kinds of results
from abundant bacterial growth including Pseudomonas,

Salmonella, Enterobacter to a total absence of bacteria
(Göbel, 1990; F. Pasmans and A. Decostere, unpublished
results). It is therefore extremely difficult to interpret bacte-
rial growth of mouth and/or cloacal swabs correctly. On
the other hand, routine screening of the mouth for the pres-
ence of parasites is far more important.
6.1. Chlamydiales

Chlamydiales, notably Chlamydophila psittaci, have
been increasingly recognized as causative agents of disease
in reptiles. The order Chlamydiales consists of four families
and the family Chlamydiaceae is divided into two genera,
Chlamydia (C.) and Chlamydophila (Cp.) and nine species
(C. trachomatis, C. suis, and C. muridarum and Cp. psittaci,
Cp. pneumoniae, Cp. felis, Cp. pecorum, Cp. abortus, and
Cp. caviae) (Everett et al., 1999). Chlamydiae are obligate
intracellular pathogens and although very little is known
concerning the pathogenicity of Chlamydiales for reptiles
and the pathogenesis in these animals, these organisms
may account for more cases than previously supposed.

Chlamydiales infections have been reported in various
reptiles including Emerald tree boas (Corallus caninus), puff
adders (Bitis spp.), Elaphe taeniura, green sea turtles (Che-

lonia mydas), chameleons (Chamaeleo dilepis), iguanas
(Iguana iguana) and Nile crocodiles (Crocodylus niloticus)
(Jacobson et al., 1989, 2004; Jacobson and Telford, 1990;
Bodetti et al., 2002; Zwart and Vanrompay, 2004; F. Pas-
mans, unpublished data). The zoonotic serovar Cp. psittaci
serovar A has been detected during an outbreak of disease
in tortoises (Vanrompay et al., 1994) and Bodetti et al.
(2002) detected several chlamydial species including
Cp. pneumoniae, Cp. abortus, Cp. felis and Neochlamydia

in reptile tissues. Soldati et al. (2004) demonstrated the
presence of Chlamydiales in 64.4% of reptiles with granu-
lomatous lesions. Ten percent of these positive cases
showed similarity to Cp. pneumoniae and 54.4% to Parachl-
amydia acanthamoeba and Simkania negevensis. In a study
of tortoises, 10.3% exhibited chlamydia-like organisms in
nasal discharges which seemed to be related to Cp. pecorum

(Hotzel et al., 2005).
Chlamydiales are mainly associated with respiratory dis-

ease, general illness with lethargy, regurgitation, anorexia
and may have a high mortality. It is likely that, comparable
to the situation in birds, subclinical and persistent carriers
exist.

The zoonotic risk of the reptilian Chlamydiales strains is
not clear. However, Cp. pneumoniae isolates from reptiles
have been shown to have a high similarity with the human
genotype A (Bodetti et al., 2002). Moreover, the isolation
of the Cp. psittaci serovar A by Vanrompay et al. (1994)
suggests that at least some reptilian isolates could have
the potential to cause illness in humans.

Chlamydiales can be detected by taking oral swabs or
bronchial lavages for detection of the agent using polymer-
ase chain reaction (PCR), immunofluorescence, ELISA or
isolation using cell culture. Treatment is only advised when
clinical symptoms are present since the clinical significance
of Chlamydiales for reptiles is not clear and the prevalence
of Chlamydiales in healthy reptiles has not been assessed.
Because of the possible zoonotic risk, the detection of the
presence of Chlamydiales in newly acquired reptiles should
be taken into consideration.

6.2. Mycobacteriosis

Mycobacteria are classical aetiological agents of granu-
lomatous reactions in human and animal hosts. The genus
Mycobacterium comprises about 85 species, all sharing the
characteristic morphological features of Gram-positive,
aerobic, acid–alcohol fast bacteria. The pathogenicity of
different mycobacteria varies significantly, and for practical
purposes they have been differentiated into two groups: the
Mycobacterium tuberculosis complex and atypical myco-
bacteria (Rastogi et al., 2001).

Mycobacterial infections have been reported frequently
in a wide variety of reptiles, including snakes, turtles, liz-
ards, and crocodiles. Species isolated from lesions include
M. avium, M. chelonae, M. fortuitum, M. intracellulare,
M. marinum, M. phlei, M. smegmatis, M. tamnopheos,
and M. ulcerans (Aronson, 1929; Olson and Woodard,
1974; Rhodin and Anver, 1977; Brownstein, 1978; Friend
and Russel, 1979; Brownstein, 1984; Thoen and Schliesser,
1984; Quesenberry et al., 1986; Frye, 1991; Ariel et al.,
1997; Matlova et al., 1998; Hernandez-Divers and Shearer,
2002; Maslow et al., 2002; Greer et al., 2003; Hassl et al.,
2004; Schmidt and Reavill, 2005). Reptilian isolates of
mycobacteria thus generally belong to MOTT (mycobacte-
ria other than M. tuberculosis complex). In the study of
Soldati et al. (2004), the incidence of mycobacteria in rep-
tiles with granulomatous lesions was estimated at between
15.6% and 25.6%.

Mycobacterium spp. are ubiquitous in the environment
and it is generally believed that they infect animals through
defects in the integument or by ingestion. Mycobacterial
disease in reptiles is often associated with cutaneous lesions



Fig. 7. Sahara dab (Uromastyx geyri) with cheylitis caused by Dermab-

acter-like bacteria.
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but systemic illness accompanied by non-specific signs such
as anorexia, lethargy and wasting also occurs. At necropsy,
greyish-white nodules may be observed in many organs and
in the subcutis. Histopathological examination shows typ-
ical granulomatous inflammation with multinucleated
giant cells, a common feature of these lesions. Unlike mam-
malian tubercles, calcification has not been observed in
reptiles.

The presence of mycobacteria in faeces from clinically
healthy reptiles is unlikely to be significant given their ubiq-
uitous environmental presence. Samples for examination
should therefore be collected from lesions. Although the
ability to obtain a viable Mycobacterium culture from a
clinical sample would be optimal for the diagnosis of reptil-
ian tuberculosis, many of these mycobacteria have fastidi-
ous growth requirements. A fast diagnosis can be
facilitated by acid-fast staining of skin scrapings or tissue
biopsy. PCR can be used to confirm diagnosis. Soldati
et al. (2004) showed that PCR methods are more sensitive
than acid-fast staining techniques to diagnose mycobacte-
ria in granulomatous tissues.

Reptilian mycobacteria should be considered as a possi-
ble zoonosis (Soldati et al., 2004), although confirmed cases
of transfer of mycobacteria from reptiles to humans are
rare and the significance for public health is unclear (Hoop,
1997; Hassl et al., 2004). People with immune suppression
would be likely to be particularly predisposed.

6.3. Salmonella

All reptiles should be considered positive for Salmonella
until the contrary has been proven. Reptiles are well known
carriers of Salmonella spp. Lizards, snakes and tortoises in
particular are natural reservoirs for this bacterium. Both
Salmonella enterica and S. bongori, their subspecies and
serovars can be found in reptiles (Bäumler et al., 1998).
Possible exceptions are some serovars adapted to homeo-
thermic animals such as S. enterica subsp. enterica serovar
Typhi and the species S. subterranea.

Clinical salmonellosis, however, is rare in reptiles but
might present as salpingitis, dermatitis, osteomyelitis, sep-
ticaemia and granulomatous disease. The organism’s role
in enteric disease in reptiles is not clear but at least in che-
lonians, and unlike in mammals and birds, Salmonella

appears to be unable to cross the intestinal barrier in
healthy animals (Pasmans et al., 2002, 2003). The impor-
tance of Salmonella infections is its zoonotic potential
and Salmonella isolates from reptiles should be considered
virulent for humans, possessing virulence factors crucial for
the development of gastroenteritis (Pasmans et al., 2005).
Indeed, human salmonellosis, associated with pet reptiles
is quite common and may account for 5–11% of all human
salmonellosis cases in Canada and the United States of
America (Woodward et al., 1997; Mermin et al., 2004).

Salmonella zoonoses can be easily avoided by applying
basic hygienic measures and through public education
(Bradley et al., 1998; de Jong et al., 2005). The risk of con-
tracting salmonellosis from reptiles has led to proposed
draconic measures such as a complete ban on the national
and international trade of reptiles (Warwick et al., 2001).

Salmonella bacteria can be isolated from cloacal swabs
or, preferably, from faeces collected from several animals
in the same enclosure over the course of one week. Routine
screening for Salmonella will often yield at least one Salmo-

nella strain with an increased chance of positive results at
repeated sampling. Seroconversion, used in other animal
species for Salmonella diagnosis, appears not to take place
in reptiles and serology is thus not an option (Pasmans
et al., 2002). These authors do not advise antimicrobial
treatment of Salmonella infections in reptiles, except for
the relatively rare clinical cases. Elimination of Salmonella
bacteria is difficult to achieve and attempts to treat reptiles
with antibiotics, unless monitored carefully and repeatedly,
may lead to a false feeling of security. Instead, we advise
proper hygienic measures, especially when contact with
young, old, pregnant or immunocompromised individuals
may occur.
6.4. Dermabacter spp.

Dermabacter-like bacteria cause chronic inflammation
of the integument and septicaemia in lizards (Koplos
et al., 2000; Pasmans et al., 2004). We have isolated the
bacterium from dermatitis lesions and/or the blood of sev-
eral agamid and iguanid lizards (Uromastyx spp., Agama

impalearis, Crotaphytus collaris, Sauromalus obesus, P. vit-
ticeps, F. Pasmans et al., unpublished data). Dabs (Urom-

astyx spp.) are frequently infected with Dermabacter,
usually resulting in dermatitis and notably cheylitis
(Fig. 7). The disease appears to be highly contagious (prob-
able transmission through direct and indirect contact) and
may affect a complete lizard collection within several
months. Although the mortality rate in dabs is low and
the disease often remains limited to skin infections, in other
agamid species such as the desert agama (A. impalearis),



Fig. 8. African spurred tortoise (Geochelone sulcata) with severe upper
respiratory tract disease.
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morbidity and mortality can reach 100% (Pasmans et al.,
2004).

Thorough clinical examination of newly acquired lizards
with special attention to the mouth (cheylitis), cloaca,
elbows and knees, and sampling skin lesions for bacterio-
logical examination may help preventing the introduction
of this bacterium into a collection. However, animals that
have been asymptomatically infected may occur and it is
not known whether these carrier animals can be identified.
The importance of adequate quarantine measures in these
animals cannot be over-emphasised.
6.5. Mycoplasma

Infections with Mycoplasma spp. are most often seen in
terrestrial tortoises correlated with respiratory signs (upper
respiratory tract disease, Fig. 8), and also in crocodiles cor-
related with pneumonia and polyarthritis (see, for example,
Brown et al., 2001).

Upper respiratory tract disease has been found in free
living desert tortoises (Gopherus agassizii) and is assumed
to be one of the causes of the decline in the population
(Jacobson et al., 1991). Tortoises show nasal discharge,
conjunctivitis and inappetance (Fig. 7) and in severe cases,
the bones can be affected. It is a chronic infection which
lowers the immune response and allows opportunistic
organisms to invade. The infection leads to the production
of antibodies which are not able to eliminate the bacterium
and do not protect from repeated infection (McLaughlin,
1997). All tortoises which have been in contact with the
mycoplasma are considered to be lifelong carriers (Schum-
acher et al., 1997).

The infection is spread from tortoise to tortoise directly
or over short distances. Indirect infection does not seem to
play a role as described by McLaughlin (1997). Environ-
mental transmission of naı̈ve tortoises using the burrows
of infected and shedding tortoises did not occur but care
should nevertheless be taken when handling infected tor-
toises. Appropriate disinfection of contaminated equip-
ment is recommended. No evidence for vertical
transmission has been found (McLaughlin, 1997; Schum-
acher et al., 1999).

The infective agent has been isolated and used for an
experimental infection of tortoises. With this experiment,
Koch’s Postulates were fulfilled and Mycoplasma agas-

sizii was demonstrated as an important respiratory path-
ogen in the tortoise (Brown et al., 1994). Recently, new
pathogenic mycoplasma have been described that are
also able to cause disease in tortoises (Brown et al.,
2004).

So far, M. agassizii has been found in desert tortoises,
(G. agassizii), gopher tortoises (Gopherus polyphemus),
red-footed tortoises (Geochelone carbonaria), leopard tor-
toises (Geochelone pardalis), Indian starred tortoises
(Geochelone elegans) and radiated tortoises (Brown et al.,
1994). DNA of M. agassizii has been found in all species
of European terrestrial tortoises and Egyptian tortoises
(T. kleinmanni), Geochelone sulcata and Indotestudo forste-

nii (Blahak et al., 2004; Soares et al., 2004). Leopard tor-
toises and Russian tortoises in particular show severe
symptoms after infection (Blahak et al., 2004). One study
has revealed the presence of the agent in free living Testudo

hermanni in France (Mathes et al., 2001).
The detection of M. agassizii in diseased tortoises

requires microbial culture, molecular biological investiga-
tions and serological methods (Schumacher et al., 1993;
Brown et al., 1994, 1995). Culturing of the bacterium is dif-
ficult and time consuming (up to 6 weeks). Molecular bio-
logical investigations using nested-PCR and restriction
enzyme analysis can be performed in 2–3 days and are
therefore more suitable for routine diagnostics (Brown
et al., 1995). A nasal wash with 1–2 mL of sterile saline is
necessary. The sample should be investigated as soon as
possible (within 2 days) or otherwise be frozen immedi-
ately. Detection of mycoplasma using PCR is also possible
using tissue harvested from the nasal cavity or the lungs of
dead tortoises.

Investigations for antibodies are performed using a spe-
cific ELISA and these are useful in determining the status
of a clinically healthy tortoise or to confirm a diagnosis
in chronically diseased animals (Schumacher et al., 1997).
Correlation of the presence of antibodies with disease has
been proven (Schumacher et al., 1993, 1997) but at present
the test is not available in Europe.

7. Entry control for viruses in reptiles

7.1. Herpesvirus

Herpesviruses seem to be of major importance in marine
turtles and terrestrial tortoises (for example, Rebell et al.,
1975; Jacobson et al., 1986; Herbst, 1994; Herbst et al.,
1995; Lu et al., 2000).

Herpesvirus infection in terrestrial tortoises was first
diagnosed in 1982 and 1985 (Harper et al., 1982; Jacobson
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et al., 1985). Typical outbreaks in big collections of terres-
trial tortoises were documented in 1989 by a number of dif-
ferent groups of authors (Cooper et al., 1988; Braune et al.,
1989; Heldstab and Bestetti, 1989; Lange et al., 1989). Iso-
lation of the virus followed some years later (Biermann and
Blahak, 1993; Kabisch and Frost, 1994). Different strains
of herpesviruses have been characterized (Biermann,
1995; Marschang et al., 1997; Teifke et al., 2000; Murakami
et al., 2001; Marschang et al., 2003; Blahak and Tornede,
2004). The disease has been recognized in a variety of
European (Blahak, 2000), North American (Pettan-Brewer
et al., 1996), South American (Jacobson et al., 1985) and
African tortoises (Oettle et al., 1990).

Clinical symptoms usually start with serous nasal dis-
charge, salivation and loss of appetite (Braune et al.,
1989; Lange et al., 1989; Müller et al., 1990; McArthur
et al., 2002). Later, thick caseous membranes cover the ton-
gue and pharynx (Fig. 9). Sometimes the oesophagus and
lungs are involved. Some tortoises show diarrhoea. Rarely,
central nervous symptoms such as walking in circles can be
observed. In chronic cases, difficulties in swallowing food
are seen.

Sensitive species like Hermann’s tortoise (T. hermanni)
or exotic species of terrestrial tortoises will succumb to
the infection within days, whereas more resistant species
such as the spur-thighed tortoise (Testudo graeca) or mar-
ginated tortoise (Testudo marginata) will develop antibod-
ies and recover after some weeks (Kabisch and Frost,
1994). The antibodies prevent spread and multiplication
of the virus, but will not eliminate it. Thus, every tortoise
which has survived a herpesvirus infection and is carrying
antibodies against herpesvirus has to be considered a latent
carrier of herpesvirus and a threat to a naı̈ve collection,
even if the animals look perfectly healthy and active.

If the antibody titre is decreasing due to stress, bad hus-
bandry, illness or a lowered immune system after hiberna-
tion, the virus can be reactivated. The tortoise will again
start shedding virus with nasal discharge, saliva and faeces
Fig. 9. Spur thigh tortoise (Testudo ibera) with glossitis due to a
herpesvirus infection.
and will be able to infect other tortoises. It can take months
after introducing a carrier in a collection before shedding
starts. The transmission of virus is possible from tortoise
to tortoise directly or indirectly with contaminated vessels.
At present it is not known whether virus can be transferred
to the offspring during the development of the egg. The
diagnosis of a suspected herpesvirus infection can be con-
firmed using virological, serological and molecular biolog-
ical methods. It is important to choose the adequate
method for the case in question.

In acute cases with clinical symptoms, preparation of
oral smears on slides can be stained with haematoxylin–
eosin to reveal intranuclear inclusion bodies (Müller et al.,
1990). However, the result of this fast test depends on the
presence of epithelial cells in the sample and a negative
result does not exclude a herpesvirus infection. Oral swabs
should be investigated virologically using cell culture or
Herpesvirus-PCR. The swabs should be moistened in sterile
saline and investigated as soon as possible. If the swabs
have to be stored, they should be frozen at �20 or better
�70 �C. Different PCR protocols have been published
(Vandevanter et al., 1996; Teifke et al., 2000; Murakami
et al., 2001) and show different sensitivities for the detection
of tortoise herpesvirus strains (Marschang et al., 2003; Bla-
hak and Tornede, 2004). Only the PCR described by Vande-
vanter et al. (1996) will recognise all herpesvirus strains.

The examination of serum or plasma for the presence of
circulating antibodies is not the best way to determine a
herpesvirus infection in a tortoise with clinical symptoms.
If it is an acute case, the tortoise will start to produce anti-
bodies after some weeks. The result of the determination of
the circulating antibody titre in the first weeks after infec-
tion will be negative, even if the tortoise has a herpesvirus
infection.

Determining the circulating antibody titre is of the
utmost importance in preventing a herpesvirus infection
transferred by clinically healthy carriers. Every new acqui-
sition should be kept in quarantine with no direct or indi-
rect contact with other tortoises for at least 6 weeks, or,
better, several months - including hibernation. During this
period of time, tortoises should be tested at least once, or
preferably twice with an interval of at least 6 weeks, for
antibodies against tortoise herpesvirus. The antibodies
are usually determined using a neutralization test in cell
culture (Frost and Schmidt, 1997; Marschang et al.,
2001). Some publications have shown that serologically dif-
ferent strains exist (Biermann, 1995; Marschang et al.,
1997; Blahak, 2000; Marschang et al., 2001; Blahak and
Tornede, 2004) and therefore two different herpesvirus
strains should be used. Titres >1:8 are considered positive,
a titre <1:8 is considered suspect requiring repeat investiga-
tions in 4–6 weeks.

PCR from oral swabs taken from clinically healthy tor-
toises is not recommended. As long as the immune system
of the tortoises is active, the virus will stay inactivated and
is not excreted so the test will be negative even if the tor-
toise carries virus in its cells.



Fig. 10. A common boa (Boa constrictor) with inclusion body disease
showing head tilt and multiple skin lesions.
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7.2. Paramyxoviruses

One of the first virus infections to be documented in rep-
tiles was the paramyxovirus infection of snakes (Ophidian
paramyxovirus, OMPV). After an outbreak in Switzerland
in 1976 (Fölsch and Leloup, 1976), several reports of this
disease were published (Jacobson et al., 1980, 1981; Ahne
et al., 1987; Van Horn, 1989; Wells and Bowler, 1989;
Ahne and Neubert, 1991; Blahak et al., 1991). The virus
has been characterized and placed in a separate group of
the family Paramyxoviridae (Kurath et al., 2004).

Venomous snakes of the families Crotalidae and Viper-
idae seem to be particularly susceptible to this disease
(Fölsch and Leloup, 1976; Jacobson et al., 1981; Homer
et al., 1995) but the virus has also been found in Colubrids
and Boids (Ahne et al., 1987; Ahne and Neubert, 1991; Bla-
hak, 1995; Oros et al., 2001; West et al., 2001). Mortality
rates in crotalids are up to 100% (Jacobson and Gaskin,
1989). Symptoms are variable depending on the pathoge-
nicity of the virus strain and on the species infected. In col-
lections of crotalids, sudden death is often noticed without
any symptoms. Most snakes show respiratory and some-
times neurological signs. The virus is easily spread by aer-
osol and contact (Fölsch and Leloup, 1976) so new
acquisitions should be kept in a separate room during
quarantine. There is no evidence of vertical transmission.

To diagnose paramyxovirus in a collection, necropsy,
virological and molecular biological investigations of dead
snakes are important. The virus can be isolated most fre-
quently from lung, brain and kidney tissues and also from
oral and cloacal swabs. As described above, the swabs
should be moistened with sterile saline and investigated
as soon as possible. Molecular biological investigations
can be carried out as have been described by Ahne et al.
(1999), Franke et al. (2001) or Sand et al. (2004). However,
as the authors have failed to detect every strain tested,
results should be evaluated with caution.

Serology on blood samples is helpful with new acquisi-
tions of unknown status or in cases of convalescent snakes.
Two samples should be obtained with an 8-week interval to
determine any rise in titre suggesting a recent infection. As
there are serological differences between virus strains, two
strains should be used (Blahak, 1995; Jacobson et al.,
1999). Titres <1:16 (Blahak and Wellen, 1995) or 1:20 (Jac-
obson et al., 1999) are considered negative, titres >1:16
(Blahak and Wellen, 1995) or 1:80 (Jacobson et al., 1999)
are considered positive.

7.3. Inclusion body disease

IBD is a highly prevalent disease in boid snakes. The
name stems from the typical histopathological lesions with
marked eosinophilic intracytoplasmic inclusions in the tis-
sues. It sporadically occurs in colubrid and viperine snakes
but it is not clear whether ‘‘IBD’’ in non-boid snakes has
the same aetiology (Raymond et al., 2001; Fleming et al.,
2003). Boid species that appear to be most sensitive to
IBD are B. constrictor and tree boas (Corallus spp.),
whereas pythons appear to be much less often affected than
boas (Garner and Raymond, 2004). IBD is thought to be
associated with retrovirus infection but little is known con-
cerning the pathogenesis of the disease.

Blood sucking parasites (e.g. snake mites O. natricis) are
candidates for the spread of the disease in any collection of
snakes (Schumacher et al., 1994). Symptoms include
mainly regurgitation, followed by inappetance and pro-
gressive nervous symptoms, eventually resulting in the
death of the animal (Fig. 10). In some cases, dermatitis,
vertebral anomalies and/or neoplastic processes are noted
(for a review see Vancraeynest et al., 2006). The disease is
always fatal and can cause serious damage to collections.
To limit the risk of introducing IBD into a snake collec-
tion, we recommend a combination of prolonged quaran-
tine of 6 months, treatment against ectoparasites and the
collection of liver biopsies for histological examination.
Screening for the presence of IBD can be achieved by tak-
ing organ biopsies.

A high number of hepatocytes in liver biopsies from
affected snakes generally contain a large eosinophilic
intracytoplasmic inclusion, characteristic of the disease
(Garner and Raymond, 2004). Alternatively, a biopsy from
oesophageal tonsilar tissue can be used (Garner and Ray-
mond, 2004). Although the inclusions are often present in
cells in the Jacobson’s organ, cytological examination of
stained smears from this organ rarely reveals the presence
of these inclusions. Blood smears can be used in boas pro-
viding a fast and non-invasive tool. Blood smears should be
made twice during the quarantine period. Suspect smears
can be confirmed using a liver biopsy.

7.4. Adenovirus

Adenoviruses were first detected in 1983 (Heldstab and
Bestetti, 1984) and 1984 (Jacobson et al., 1984). Recent
investigations have revealed that those viruses belong to
the group of atadenoviruses (Wellehan et al., 2004).
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Adenovirus infections of lizards have become increasingly
important and especially in young bearded dragons (P. vit-

ticeps) the virus is able to cause illness and sudden death
(Julian and Durham, 1985; Jacobson et al., 1996; Boyer
and Frye, 2000; Kim et al., 2002; Blahak et al., 2005).
Sometimes neurological signs (Kim et al., 2002) or an unu-
sual dark colouring of the skin can be observed (Blahak
et al., 2005). Accompanying viruses such as Dependovi-
ruses, Reoviruses or Iridoviruses or parasitic infections,
for example coccidia, can often be diagnosed (Jacobson
et al., 1996; Kim et al., 2002; Blahak et al., 2005).

All cases of sudden death in collections of Bearded
Dragons should be necropsied and investigated for the
presence of Adenoviruses, using histological or molecular
biological methods. In some cases typically large intranu-
clear inclusions are seen, especially in the bile ducts of
the liver and the epithelium of the intestine. Adenoviral
DNA can be found using PCR (Benkö et al., 2002; Welle-
han et al., 2004). At present, there is no known report on
the usefulness or otherwise of oral or cloacal swabs for
determining the presence of adenoviruses but isolation of
adenovirus from faeces has been successful (S. Blahak,
unpublished data) and could offer a promising way to look
for adenoviruses in collections in the future. There are only
anecdotal data on the transmission of the virus; horizontal
spread can be assumed, but it is not known whether vertical
transmission occurs.

Currently, there is no test available to detect the circu-
lating antibody titre. In contrast to snake adenoviruses,
which show a clearly visible cytopathic effect in cell culture,
lizard adenoviruses cause only minor changes of the cell
layer (in VH2, S. Blahak unpublished data). The cytopathic
effect of snake adenoviruses can be used to determine anti-
bodies in cell culture in a neutralization test. In lizard ade-
noviruses, this is more difficult and additional tests have to
be carried out.
8. Conclusion

Our knowledge concerning reptile and amphibian dis-
eases has improved greatly over the last two decades. Pre-
venting the introduction of known pathogenic agents
should allow the establishment of healthy breeding groups
in captivity. However, some main difficulties will have to be
overcome in the future: (1) the lack of good diagnostic
screening methods (e.g. for IBD); (2) the scarcity of clinical
laboratories in which the correct diagnostic tests can be
performed; (3) the lack of knowledge about the normal
microbiota of most reptilian taxa and (4) the complete lack
of vaccines.
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Göbel, T., 1990. Ein Beitrag zur Zusammensetzung der aeroben und
mikroaeroben Bakterienflora von Rachen und Kloake gesunder
Reptilien in Terrarienhaltung, Diss. Vet. Med. Justus-Liebig-Univer-
sität Gießen, Germany.

Graczyk, T.K., Cranfield, M.R., 1996. Assessment of the conventional
detection of fecal Cryptosporidium serpentis oocysts of subclinically
infected captive snakes. Veterinary Research 27, 185–192.

Graczyk, T.K., Fayer, R., Cranfield, M.R., 1996. Cryptosporidium parvum

is not transmissible to fish, amphibians, or reptiles. Journal of
Parasitology 82, 748–751.

Graczyk, T.K., Cranfield, M.R., Bostwick, E.F., 1999. Hyperimmune
bovine colostrum treatment of moribund Leopard geckos (Eublepharis

macularius) infected with Cryptosporidium sp. Veterinary Research 30,
377–382.

Greer, L., Strandberg, J., Whitaker, B., 2003. Mycobacterium chelonae

osteoarthritis in a Kemp’s Ridley sea turtle (Lepidochelys kempii).
Journal of Wildlife Diseases 39, 736–741.

Grego, K.F., Gardiner, C.H., Catao-Dias, J.L., 2004. Comparative
pathology of parasitic infections in free-ranging and captive pit vipers
(Bothrops jararaca). The Veterinary Record 154, 559–562.

Guner, E.S., Watanabe, M., Hashimoto, N., Kadosaka, T., Kawamura,
Y., Ezaki, T., Kawabata, H., Imai, Y., Kaneda, K., Masuzawa, T.,
2004. Borrelia turcica sp. nov., isolated from the hard tick Hyalomma

aegyptium in Turkey. International Journal of Systematic and Evolu-
tionary Microbiology 54, 1649–1652.

Harper, P.A.W., Hammond, D.C., Heuschele, W.P., 1982. A herpesvirus-
like agent associated with a pharyngeal abscess in a desert tortoise.
Journal of Wildlife Diseases 18, 491–494.

Hassl, A., Benyr, G., Appelt, S., 2000. Freilebende Amöben als
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Vierzehenschildkröten (Agrionemys horsfieldii). Tierärztliche Praxis 17,
319–321.

Lu, Y., Wang, Y., Yu, Q., Aguirre, A.A., Balazs, G.H., Nerurkar, V.R.,
Yanagihara, R., 2000. Detection of herpesviral sequences in tissues of
green turtles with fibropapilloma by polymerase chain reaction.
Archives of Virology 145, 1885–1893.

Marschang, R.E., Gravendyck, M., Kaleta, E.F., 1997. Herpesviruses in
tortoises: Investigations into virus isolation and the treatment of viral
stomatitis in Testudo hermanni and T. graeca. Journal of Veterinary
Medicine B 44, 385–394.

Marschang, R.E., Frost, J.W., Gravendyck, M., Kaleta, E.F., 2001.
Comparison of 16 chelonid herpesviruses by virus neutralization tests
and restriction endonuclease digestion of viral DNA. Journal of
Veterinary Medicine B 48, 393–399.

Marschang, R.E., Gleiser, C.B., Roth, B.N., Pfitzner, A.J.P., Böhm,
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