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In this thesis, the Rhizopus oryzae 1,3-regiospecific lipase (ROL) has been studied, 

improving its operational stability and heterologous production, and it has been tested in 

different reactions of industrial interest.  

Regarding the operational stability, the effect of the immobilization support and 

its functional groups on the performance of mature sequence ROL (rROL) during the 

synthesis of biodiesel in solvent-free reaction with olive pomace oil as a model substrate 

was assessed. Polymethacrylate supports with surface hydrocarbon chains improved the 

operational stability of the formed biocatalyst, allowing a longer half-life. The production 

of second- and third-generation biodiesel from non-edible vegetable oils and from 

microbial and used cooking oils (WCO), respectively, was also evaluated. In addition, the 

synthesis of biodiesel from WCO was inline monitored using a near infrared (NIR) 

spectroscopy probe into a laboratory scale reactor (50 mL), which proved to be a 

successful alternative to gas chromatography —the most commonly employed technique. 

The stability of the biocatalyst was also improved by means of adding the 28 amino acids 

from the C-terminal of the native prosequence of the enzyme —which have been 

described as acting as an intramolecular chaperone— to the N-terminal of rROL, 

obtaining proROL. The stability of proROL both free and immobilized was substantially 

improved compared to rROL against different conditions of pH, temperature and organic 

solvents. In addition, the former obtained 1.25 and 3 times more operational stability 

during the solvent-free synthesis of biodiesel and the esterification of ethyl butyrate 

(natural pineapple flavour), respectively. 

The heterologous production of the enzyme was carried out in the methylotrophic 

yeast Komagataella phaffii (Pichia pastoris) under the methanol-inducible promoter of 

alcohol oxidase 1 (PAOX1). The production of proROL, instead of rROL, enabled the 
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obtention of a bioprocess with increased production and a volumetric productivity, 5.4 

and 4.4 times, respectively, in the most extreme case. Likewise, proROL proved to reduce 

the harmful effects of its production in K. phaffii achieving, unlike with rROL, its 

constitutive expression under the methanol-independent promoter of glyceraldehyde 3-

phosphate dehydrogenase (PGAP). The importance of the 28 amino acids of the 

prosequence in its role as an intramolecular chaperone by improving the stability of the 

biocatalyst and its heterologous production was thus confirmed. Besides, these amino 

acids were proved to alter the substrate specificity of proROL compared to rROL but they 

had no marked effect on the biochemical characterization of the enzyme.  

Hence, a biocatalyst with improved characteristics was obtained which 

satisfactorily catalyzed the isoamyl acetate/butyrate esterification, regardless of the use 

of a branched alcohol and the potential steric hindrances. Isoamyl butyrate production —

whose production exceeded the results obtained for isoamyl acetate— was optimized and 

scaled up to a 150 mL reactor. Fusel oil was also used as a low-cost alternative substrate 

to isoamyl alcohol and the specificity of proROL for the structural isomers 2- and 3-

methylbutanol was assessed. Finally, proROL was also employed and compared with 

Candida rugosa lipase 1 (CRL1) in the production of polylactic acid (PLA) from lactic 

acid (direct condensation) and from lactide (ring-opening polymerization, ROP). proROL 

outperformed CRL1 in both reactions, although regardless of the enzyme, PLA was only 

detectable by nuclear magnetic resonance (NMR) in ROP.  

In summary, the thorough study performed in this thesis, integrating various areas 

of knowledge, has led to an improvement in the enzyme under research, proROL, 

boosting its potential as industrial biocatalyst. 
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En la presente tesis, se ha estudiado la lipasa 1,3-regioespecífica de Rhizopus oryzae 

(ROL), mejorando su estabilidad operacional y su producción heteróloga, y se ha probado 

su capacidad biocatalítica en diferentes reacciones de interés industrial.  

En lo relativo a la estabilidad operacional, se evaluó el efecto del soporte de 

inmovilización y sus grupos funcionales en la actividad de la secuencia madura de ROL 

(rROL) durante la síntesis de biodiesel en un medio de reacción sin solvente (solvent-

free) con aceite de orujo como sustrato modelo. Los soportes de polimetacrilato con 

cadenas hidrocarbonadas mejoraron la estabilidad operacional del biocatalizador 

permitiendo una mayor vida media. Se estudió también la producción de biodiesel de 

segunda y tercera generación a partir de aceites vegetales no comestibles, de aceites 

microbianos y de aceites de fritura usados (WCO), respectivamente. Además, la síntesis 

de biodiesel a partir de WCO se monitoreó en línea mediante el uso de espectroscopia de 

infrarrojo cercano (NIR) en un reactor de escala de laboratorio (50 mL), obteniendo una 

alternativa exitosa a la cromatografía de gases —la técnica más comúnmente empleada. 

La estabilidad del biocatalizador también se mejoró mediante la adición de los 28 

aminoácidos del extremo C-terminal de la prosecuencia nativa del enzima —que han sido 

descritos que actúan como chaperona intramolecular— al extremo N-terminal de rROL 

obteniendo proROL. La estabilidad de proROL mejoró sustancialmente tanto libre como 

inmovilizada en comparación con rROL frente a distintas condiciones de pH, temperatura 

y solventes orgánicos. Además, se obtuvo 1.25 y 3 veces más estabilidad operacional 

durante la síntesis solvent-free de biodiesel y la esterificación de butirato de etilo (aroma 

natural de la piña), respectivamente.  

La producción heteróloga del enzima se realizó en la levadura metilotrófica 

Komagataella phaffii (Pichia pastoris) bajo el promotor inducible por metanol de la 
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alcohol oxidasa 1 (PAOX1). La producción de proROL, en lugar de rROL, permitió 

conseguir un bioproceso con una producción y una productividad volumétrica 5.4 y 4.4 

veces superiores, respectivamente, en el caso más extremo. Asimismo, proROL demostró 

reducir los efectos nocivos de su producción en K. phaffii consiguiendo, a diferencia de 

con rROL, la expresión de dicha lipasa bajo el promotor constitutivo e independiente de 

metanol de la gliceraldehído 3-fosfato deshidrogenasa (PGAP). Se confirmó así la 

importancia de los 28 aminoácidos de la prosecuencia en su papel como chaperona 

intramolecular al mejorar la estabilidad del biocatalizador y su producción heteróloga. 

También se demostró que estos aminoácidos alteraban la especificidad de sustrato pero 

no tenían un efecto marcado en la caracterización bioquímica de proROL frente rROL. 

Este biocatalizador con características mejoradas se probó con éxito en la 

esterificación de acetato/butirato de isoamilo, con independencia del empleo de un 

alcohol ramificado y sus potenciales impedimentos estéricos. La producción de butirato 

de isoamilo —que superó los resultados obtenidos con el acetato de isoamilo— se 

optimizó y se cambió de escala a un reactor de 150 mL. También se empleó aceite de 

fusel como sustrato de bajo coste alternativo al alcohol isoamílico y se estudió la 

especificidad de proROL por los isómeros estructurales 2- y 3-metilbutanol. Finalmente, 

proROL también se empleó y se comparó con la lipasa 1 de Candida rugosa (CRL1) en 

la producción de ácido poliláctico (PLA) a partir de ácido láctico (condensación directa) 

y a partir de lactida (polimerización por apertura de anillo, ROP). proROL superó a CRL1 

en ambas reacciones, aunque con independencia de la enzima, únicamente se obtuvo PLA 

detectable a través de resonancia magnética nuclear (NMR) mediante ROP. 
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En resumen, el detallado estudio realizado en esta tesis, integrando diversas áreas 

de conocimiento, ha llevado a una mejora de la enzima en estudio (proROL) facilitando 

su potencial como biocatalizador en la industria
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1.1. Enzymes: a general overview 

In 1836, Berzelius defined catalysts as chemical compounds that facilitate a reaction 

without undergoing any change themselves [1]. Subsequently, he hypothesized that 

enzymes could act as catalysts but failed to distinguish between chemical and biological 

catalysts; rather, he used the general term “contact substance” [2]. Catalysts operate by 

providing an alternative reaction mechanism involving a different transition state with a 

decreased activation energy. As a result, a greater number of molecular collisions will 

have enough energy to reach the transition state and eventually form the product. In this 

way, catalysts enable reactions that would otherwise be blocked or slowed down by a 

kinetic barrier; however, catalysts are not consumed in the process even though they can 

be altered as a result. 

At the time Berzelius defined catalysts, the term “enzyme” had not yet been 

coined. In fact, the history of this concept is rather complex. Originally, the words 

“diastase” for enzymes involved in starch degradation to maltose, and “ferment” for both 

living yeasts and the action of their cellular content, were used to refer to what we now 

know were sets of reaction-catalyzing enzymes or microorganisms [3]. The subject was 

controversial, however, with some researchers claiming that a “life force” was needed to 

enact complex biotransformations and others that enzymes merely helped develop simple 

hydrolysis reactions [4]. The discussion focused on alcoholic fermentation, with those 

supporting the life force theory —Pasteur included— accepting that living yeasts were 

needed for a process such as this to develop. However, it was not until 1837, when Eduard 

Buchner found that alcoholic fermentation occurred without the need for living yeasts —

but rather that it sufficed to use a substance he called “zymase”— that the term “enzyme” 



 

6 

 

 

was taken to represent biological catalysts and the life force theory was proved 

inaccurate [3]. Progress in the knowledge about enzymes in Buchner’s time was impeded 

because their chemical nature was then completely unknown. It was not until in 1926, 

when James B. Summer crystallized the first enzyme —a urease—, that the protein nature 

of enzymes was confirmed [5]. Somewhat later, John H. Northrop succeded in 

crystallizing several other proteins such as pepsin, trypsin, and chymotrypsin [2]. 

Currently, enzymes are known to essentially consist of a combination of 20 different 

amino acids —by exception, ribozymes consist of RNA [6]. Enzymes are thus 

polypeptides whose amino acid sequence (primary structure) is linked by peptide bonds 

to form the three-dimensional, secondary structure known as “α-helix” or “β-sheet”. 

These 3D networks are established by hydrogen bonding between amino acids that need 

not to be close in the primary structure but are connected through loops and turns in the 

protein structure. Subsequently, this secondary structure rearranges itself through 

hydrophilic, hydrophobic or disulphide bonding interactions, among others, between side 

chains on the polypeptide backbone to form a tertiary structure that dictates the final shape 

of the protein and its catalytic activity. Some proteins additionally exhibit a quaternary 

structure resulting from side-chain interactions between two or more polypeptides [7].  

The Enzyme Commission (EC) has classified enzymes into six large families 

according to activity (Table 1.1) and assigned a specific code (an EC number) to each. 

The first part of the EC number denotes the type of reaction the enzyme catalyzes (see 

Table 1.1) and the remaining digits represent the nature of the specific reaction. For 

instance, in the oxidoreductase category, the second digit in the EC number denotes the 

hydrogen donor, the third the acceptor and the fourth the number of categorized enzyme 

in its group. 
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Table 1.1. Enzyme families established by the Enzyme Commission. 

Class Name Reactions catalyzed Example 

EC1 Oxidoreductases Oxidation/reduction Oxidase 

EC2 Transferases Transfer of functional groups between 

substances 

Transaminase 

EC3 Hydrolases Formation of two products from one 

substrate 

Lipase 

EC4 Lyases Nonhydrolytic addition or removal of 

groups from substrates 

Decarboxylase 

EC5 Isomerases Intramolecular rearrangement Isomerase 

EC6 Ligases Combination of two molecules by 

formation of new C–O, C–S, C–N or C–

C bonds 

Synthetase 

 

Hence, lactate dehydrogenase has EC number 1.1.1.27 because it is an 

oxidoreductase (first digit), has the alcohol group of the lactate molecule as hydrogen 

donor (second digit) and NAD+ as acceptor (third digit), and is the 27th enzyme in its 

group (fourth digit) [8]. The number of reactions catalyzed by enzymes has grown in an 

exponential manner thanks to the development of increasingly powerful genetic 

modification tools allowing their aminoacid sequences to be altered. In fact, modifying 

the 3D structure or active site of enzymes has enabled catalytic reactions involving 

nonnatural substrates. Also, simply adjusting the reaction conditions has allowed such 

substrates to be catalyzed without the need to modify the enzymes, for instance, 

hydrolases have been widely used for this purpose [9–11]. 

1.2. Enzymes in industry 

The wide variety of reactions enzymes can catalyze, and their high efficiency as 

biocatalysts, have made them suitable for a large number of current and future industrial 

uses. The process has been facilitated by their well-known advantages over chemical 

catalysts including outstanding selectivity and specificity, reduced environmental and 
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physiological toxicity, and the ability to operate under milder conditions [12–15]. Also, 

social concerns and public policies are forcing industries to increasingly shift from 

polluting manufacturing processes to more ecofriendly approaches where biocatalysis can 

play a major role [16–20]. As a result, the market value for industrially relevant enzymes 

is expected to reach $16.9 billion by 2024 from $8.2 billion in 2015 (Figure 1.1) at a 

remarkable compound annual growth rate (CAGR) of 6.6% for the period 2016–

2024 [21].  

 
Figure 1.1. Global enzyme market value for the period 2015–2024 [21]. 

 

Hydrolytic enzymes currently dominate the market of industrial enzymes with 

more than 70% of all sales [22], and lipases (triacylglycerol hydrolases, E.C. 3.1.1.3) are 

the third largest group in this respect after proteases and amylases [23–25]. The main 

reason of the industrial importance of lipases is the wide variety of industrially relevant 

reactions they can enact (Figure 1.2). Thus, in aqueous media lipases catalyze the 

hydrolysis of fats at the water/lipid interface by cleaving ester bonds and concomitantly 

using water molecules to give the corresponding fatty acids and glycerol or a different 

alcohol. In addition, because they fulfill the principle of microreversibility, lipases can 
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catalyze the reverse process (i.e., a synthesis reaction) in nonaqueous media. These 

reactions can be of different types including esterification, which involves a double 

displacement between alcohols and carboxylic acids to give esters and water; 

transesterification, where an acyl group in an ester is exchanged with an alkyl group in 

an alcohol, acid or another ester to give an alcoholysis, acidolysis or interesterification 

product, respectively; and rarely, aminolysis, by which carboxylic esters are converted 

into amides [26–31]. Such a high flexibility makes lipases suitable for a number of uses 

including the production of flavors, detergents, pharmaceuticals, biopolymers, bioenergy 

and fine chemicals [25,32]. 

 

Figure 1.2. Wireframe of the lipase-catalyzed reaction domain. Es, Al and Ac denote 

esters, alcohols and acids respectively. Reactants are depicted in front of arrow starts 

and products behind arrow ends [30]. 
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As can be seen in Figure 1.3, lipases are broadly classified according to two traits, 

namely: specificity and source [26,33]. As regards specificity, lipases can be 

(a) substrate-specific if they act selectively on a given substrate in a mixture of crude raw 

materials [34–37]; (b) enantioselective if they hydrolyze one isomer of a racemate 

preferentially over the other [38–41]; or (c) regioselective if their activity depends on 

their positional specificity [42–44]. 

 
Figure 1.3. Classification of lipases according to specificity and source. 

 

Regioselective lipases can in turn be of three different types. Nonspecific lipases 

catalyze the hydrolysis of triacylglycerols (TAG) into free fatty acids and glycerol with 

mono- and diglycerides as intermediates. These enzymes can act over all fatty acids from 

any position in the substrate. Candida antarctica lipase is one of the most widely used 

and researched nonspecific lipases [45,46]. Fatty acid-specific lipases are selective for 
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fatty acids and tend to hydrolyze esters containing long-chain fatty acids with double C9–

C10 bonds. Such is the case with the lipases from Geotrichum candidum [47] and 

Penicillium citrinum [48]. 1,3-Specific lipases such as those from Rhizopus oryzae 

[49,50] and Yarrowia lipolytica [51] hydrolyze acylglycerols at positions sn-1 and sn-3 

in TAG to give free fatty acids, 2-monoacylglycerols and 1,2- or 2,3-diacylglycerols, 

thereby avoiding the formation of glycerol. In this reaction, diacylglycerols form faster 

than monoacylglycerols [44]. In this process acyl migration migh ocurr, which is a 

nonenzymatic process involving a spontaneous shift of an acyl group from a hydroxyl 

group to a neighboring one. As a result, acyl migration might cause 1,3-diacylglycerols 

and 1-monoacylglycerols to form from 1,2- or 2,3-diacylglycerols and 2-

monoacylglycerols, respectively, thereby leading to glycerol formation with 1,3-specific 

lipases after an extended reaction time [43]. 

Lipase sources include animals, plants, insects and microbes [26,52]. Microbial 

lipases (Table 1.2) have been deemed desirable relative to animal and plant lipases; thus, 

microbial lipases tend to be more stable, chemoselective, enantioselective; also, they need 

no cofactor [27,33,42,53,54]. Specifically, fungal lipases have been broadly researched 

on the grounds of their being produced by native microorganisms in high amounts and 

possessing unique catalytic properties. The most widely used lipase-producing fungi 

belong to the genera of Rhizopus sp., Aspergillus sp., Penicillium sp., Geotrichum sp. and 

Mucor sp. [33,55,56].  
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Table 1.2. Most common lipases and their specificity. 

Source Organism Specificity 

Bacteria Burkholderia cepacia Nonspecific 

Pseudomonas fluorescens Nonspecific 

Chromobacterium viscosum Nonspecific 

Pseudomonas stutzeri Nonspecific 

Fungi Candida antarctica Nonspecific 

Thermomyces lanuginosus 1,3-Specific 

Candida cylindracea Nonspecific 

Candida rugosa Nonspecific 

Mucor javanicus 1,3-Specific 

Rhizopus oryzae 1,3-Specific 

Aspergillus niger 1,3-Specific 

Penicillium cyclopium Nonspecific 

Mucor miehei 1,3-Specific 

Candida deformans 1,3-Specific 

Geotrichum candidum 
Nonspecific or 

1,3-specific 

Yarrowia lipolytica 1,3-Specific 
Adapted from [57] 

 

1.3. Rhizopus oryzae fungus 

The industrial significance of the genus Rhizopus has led to careful classification of the 

species it encompasses and to examination of their essential differences. However, 

classification schemes have changed over time, which may have had an adverse impact 

on the accuracy of their enzymes notations. Traditionally, Rhizopus species have been 

distinguished according to morphological and physiological features [58]. For instance, 

Schipper [59] originally established three Rhizopus groups, namely: R. microsporus, R. 

stolonifer, and R. arrhizus (= oryzae). Lately, Abe et al. [60] conducted the first molecular 

phylogenetic study on Rhizopus and concurred with Schipper’s classification. Subsequent 

studies, however, led to the genus being classified into ten [61] or eight [62] species until 

Abe et al. [63] finally confirmed the latter classification by using rDNA ITS, actin-1 and 

translation elongation factor 1α sequences as differential traits. Notwithstanding these 
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classifications, most Rhizopus species in culture collections belong to only four species 

or complexes thereof, namely: R. microsporus, R. stolonifer, R. arrhizus (or R. oryzae, 

Figure 1.4) and R. delemar (or R. arrhizus var. delemar). According to GenBank records, 

R. oryzae or arrhizus (including R. arrhizus var. delemar) is the most significant, with 

more than 7000 identified isolates [58]; also, it is the most widely described specie of 

Rhizopus genus [64]. 

 
Figure 1.4. Micrographs of Rhizopus oryzae from Bioresource Collection and Research 

Center (BCRC 33888). (A) Rhizoid and sporangiophore (Bar = 55 μm). (B) 

Sporangium (Bar = 50 μm). (C) Sporangiospores (Bar = 20 μm). Reproduced from 

[65]. 

 

Rhizopus oryzae (Figure 1.4) is broadly used industrially to synthesize a great 

variety of products including organic acids (lactic and fumaric), volatile compounds and 

enzymes (cellulases, proteases, tannases, xylanases, pyruvate descarboxylases, lipases) 

[66–69]. Based on Web of Knowledge data, R. oryzae lipase (ROL) is one of the most 

broadly studied enzymes produced by this fungal species. In fact, ROL is commercially 
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available in five major formulations (Table 1.3); also, it has been the subject of more than 

200 scientific papers in the last 5 years, which testifies to its great importance. 

Consequently, this Introduction provides a comprehensive overview of ROL in terms of 

biochemical properties, enzyme native and heterologous production, and industrial uses. 

Table 1.3. Major commercial suppliers of Rhizopus oryzae lipase and selected lipase 

properties [27]. 

Supplier Name Use Properties 

Amano Lipase DF “Amano” 15 Oil and fats Optimum pH 6–7 

Stable pH 4–7 

Optimum T 35–40 °C 

Sigma Lipase from R. oryzae 

(no. 62305) 

Oil and fats Optimum pH 8 

Optimum temperature 40 °C 

 

Sigma Lipase, immobilized on 

Immobead 150 from R. 

oryzae (no. 89445) 

Pharmaceuticals 

and bioenergy 

Optimum pH 7.5 

Optimum temperature 40 °C 

Creative 

Enzymes 

NATE-0404 Resolution of 

chiral mixtures 

and bioenergy 

Optimum pH 7.2 

Highly active at pH 6.5–7.5 

BIOCON Lipase from R. oryzae Baking, food 

processing and 

flavors 

Optimum pH 3–9 

Temperatures up to 50 °C 

 

1.4. Rhizopus oryzae lipase: biochemical properties 

Rhizopus oryzae lipase (ROL) is a protein obtained as a precursor form that 

contains a presequence of 26 amino acids followed by a prosequence of 97 attached to 

the N-terminal of a mature sequence comprising 269 amino acids (Figure 1.5) [70]. All 

known lipases from the genus Rhizopus possess the same structure even though their 

primary sequences may differ in amino acid composition not only between species, but 

also between strain isolates of the same species (Figure 1.6). For instance, Ben Salah et 

al. [71] confirmed the presence of several substitutions in the sequences of Rhizopus 
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lipases reported by his group, Sayari et al. [72], Beer et al. [70], Derewenda et al. [73] 

and Khono et al. [74]. 

 

 
Figure 1.5. Schematic depiction of ROL. Arrows denote potential N-glycosylation 

points. 

 

ROL has four potential N-glycosylation sites (Figure 1.5) that follow the 

consensus sequence Asn-X-Ser/Thr, where X can be any amino acid except proline. One 

of these putative sites occurs in the prosequence, where changes in glycosylation patterns 

have been found to affect protein secretion [75]. For instance, Yu et al. [76] included two 

additional N-glycosylation sites in ROL prosequence and expressed this mutant in 

Komagataella phaffii (Pichia pastoris). The resulting extracellular activity and total 

amount of protein were 218 and 6.25 times greater, respectively, in the strain harboring 

the additional sites than in the original strain, which tesitifies to the significance of 

glycosylation. 

ROL presequence has been reported to act as a signal peptide promoting enzyme 

secretion, and ROL prosequence to exhibit diverse functions that are still under research. 

Beer et al. [77] demonstrated the significance of the prosequence in reducing lipase 

toxicity during its synthesis and in acting as an intramolecular chaperone enabling 

appropriate folding of the enzyme. In fact, genetically modified E.coli strains producing 

heterologous ROL without the prosequence have been found to result in cell lysis. A large 

number of prosequences in various enzymes have also been found to function as 
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intramolecular chaperones and to assist in the folding of their respective proteins [78]. In 

addition, some authors have related ROL prosequence with protein translocation across 

the endoplasmic reticulum membrane, enhancement of free lipase stability and changes 

in substrate specificity. However, the underlying mechanisms remain unknown despite 

strong endeavors to establish them [79–84].  

 
Figure 1.6. Multi-alignment of sequences reported by (1) Beer et al. (ROL) [70], (2) 

Ben Salah et al. (ROL) [71], (3) Sayari et al. (ROL) [72], (4) Khono et al. (Rhizopus 

niveus lipase) [74] and (5) Derewenda et al. (Rhizopus delemar lipase) [73]. Matching 

amino acids are highlighted in yellow and nonmatching amino acids are not. Data were 

obtained with the aid of BLAST (US National Library of Medicine) and Snapgene has 

been used for the creation of this figure. 

 

In any case, both the presequence and the prosequence are expected to be 

proteolytically removed for mature lipase to form. In spite of which, the native 

microorganism secretes a lipase (native Rhizopus oryzae lipase “nROL”, also referred to 

as “proROL” in this thesis when heterologously produced, see Nomenclature Section) 
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which contains the 28 C-terminal amino acids of the prosequence attached to the N-

terminal of the mature sequence that are subsequently cleaved by limited proteolysis in a 

process catalyzed by extracellular proteases [70,74,85]. However, some studies have 

shown that the presence of the 28 amino acids of the prosequence alongside the mature 

sequence suffices for some of the presumed features of the whole prosequence to occur. 

For instance, expression of the 28 amino acids of the prosequence together with the 

mature sequence in K. phaffii was found to increase free lipase stability and alter enzyme 

specificity (Section 5.1). Also, it reduced the toxicity of ROL production in Eschericchia 

coli [77] and is believed to direct proteins to a secretory pathway in Aspergillus 

oryzae [86].  

The mature sequence of R. oryzae lipase (rROL) consists of 269 amino acids 

forming a protein of molecular weight (MW) of 29.542 kDa and an isoelectric point (pI) 

of 8 as calculated on Expasy Proteomics Server [71]. These results are consistent with 

reported experimental data (Table 1.4), namely MW about 29 kDa and pI around 8 

[72,74,87,88]. However, the presence of the 28 amino acids of the prosequence has been 

found to increase MW to around 32 kDa and to decrease pI roughly to 7, thus highlighting 

the average acid nature of these amino acids [50,74,84,89,90]. Besides, production of a 

lipase including the whole prosequence (entire-proROL) and having MW close to 40 kDa 

has also been reported  [70,79]
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Table 1.4. Biochemical properties and substrate specificity of ROL used in various studies. 

Lipase name1 
MW 

(kDa) 

Isoelectric 

point (pI) 

Optimum 

pH 

Optimum 

T (°C) 
Substrate specificity Ref. 

rROL 29  8/7.252 30/402 C12 > C10 > C8 > C44 [50] 

proROL 32  7.25 40 C8 > C12 > C10 > C44 [50] 

rROL 30  8.5   [70] 

Entire-proROL 40  8   [70] 

Pre-entire-proROL3 42  8   [70] 

rROL 29  8 37  [71] 

rROL 29     [72] 

proROL 32     [72] 

proROL 34  6–6.5 35  [74] 

rROL 30  6 40  [74] 

proROL 35  9 40 
C16 > C18 > C12 > C8 > C45 

C16 > C12 > C8 > C18 > C46 
[82] 

proROL 32 6.9    [84] 

rROL 30 9.3 8.25 30 C8 > C10 > C6 > C4 > C12 > C16,C14 > C26 [87] 

proROL 35  5.2 30 C12 > C10 > C8 > C6 > C16 > C5 > C4 > C3 > C24 [88] 

proROL 32 7.6 7.5 35 C8 > C6 > C4 > C26 [89] 

rROL 29    
C12 > C10 > C8 > C6 > C4 > C3 > C24 

C8 > C10 > C18 > C4 > C66 
[91] 

proROL 34    
C2 > C3 > C8 > C6 > C12 > C10 > C44 

C8 > C10 > C4 > C6 > C186 
[91] 

proROL   8 40  [92] 

rROL 30.3 8.6 8–8.5 30  [93] 

proROL   8.5 30  [94] 

proROL 37  8.5 40  [95] 

rROL 29  8   [96] 
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Table 1.4. Biochemical properties and substrate specificity of ROL used in various studies. 

Lipase name1 
MW 

(kDa) 

Isoelectric 

point (pI) 

Optimum 

pH 

Optimum 

T (°C) 
Substrate specificity Ref. 

ROL 17 4.2 7 40  [97] 

ROL   7 40  [98] 

ROL   6 45 

C8 > C4 > C6 > C26 

C8 > C12 > C14 > C16 > C185 

 

[99] 

proROL 32  7 35  [100] 

ROL   6 30 C7,C8,C12,C16 > C2,C3,C4,C185 [101] 

ROL   7.5 50  [102] 

proROL 32  7.5 30–40  [103] 

ROL 14.45 6.5 9 30–40 C16 > C18 > C12 > C8 > C4 > C24 [104] 

   8.3 35–37  [105] 

proROL 35    C10 > C14 > C12 > C8 > C6 > C4 > C166 [79] 

Entire-proROL 46     [79] 
1 Names are based on the nomenclature used in this thesis, ROL indicating that the lipase cannot be exactly classified according to the criteria used here 

2 Differences resulting from the use of 200 or 400 mM Tris-HCl buffer 

3 Pre-entire-proROL includes the presequence and entire-proROL, in turn, includes the whole prosequence 

4 Sspecificity was assessed with p-nitrophenol esters 

5 Specificity was assessed with methyl esters of variable chain length. 

6 Specificity was assessed with homotriacylglycerols 
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Crystallographic resolution of the 3D structure of lipase from R. oryzae [73,74] 

(Figure 1.7) and various other microorganisms such as Geotrichum candidum [106], 

Candida rugosa [107], Pseudomonas glumae [108] and Penicillium camemberti [109] 

revealed that all lipases share an α/β hydrolase fold structure also present in other 

hydrolases [56]. ROL contains nine α-helices and eight β-strands forming a molecule that 

it is stabilized by three disulphide bonds between residues 29–269, 40–43 and 235–244 

[74]. In addition, this protein structure contains three key components that can also be 

found in most lipases besides ROL, namely: the lid, the active site and the oxyanion 

hole [26].  

  

Figure 1.7. Three-dimensional structure of R. delemar (= oryzae) lipase from two 

different perspectives. PDB ID: 1TIC. Image obtained from iCn3D web-based 3D 

structure viewer. 

 

The lid is an amphiphilic loop (a “flap”) that covers the active site to prevent 

access by the substrate while the enzyme is in aqueous medium [110]. The active site in 

turn enacts enzyme catalysis; in all α/β hydrolases, the site consists of a highly conserved 

catalytic triad formed by a nucleophilic, a catalytic acidic and a histidine residue. In 

lipases, this triad consists of a nucleophilic serine residue and an aspartic or glutamic acid 

residue that it is bonded to a histidine residue; hence, lipases are classified as serine 
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hydrolases. In ROL, the lid domain is a short α-helix structure comprising six amino acids 

(FRSAIT) and the active site consists of the following three: Ser145, Asp204 and His257 

[73,74,111,112]. These two elements play a crucial role during catalysis; thus, the lipase 

binds to the water/lipid interface and lid opening occurs by a concomitant structural 

change that allows the substrate to bind to the active site —Derewenda et al. [73] 

described lid-closed and partially opened 3D structures in lipase from Rhizopus delemar 

(= oryzae). The resulting structural change, known as “interfacial activation”, is a unique 

trait of lipases that allows them to hydrolyze insoluble esters and be distinguished from 

esterases, which carry out the hydrolysis of water-soluble esters [26,113–115]. It should 

be noted that the 28 amino acids of the prosequence introduced above are believed to 

interfere with the catalytic process by effect of their being located next to the lid region 

and 50% of its residues being hydrophobic. Therefore, this sequence extends the 

hydrophobic patch created by the open lid in the lipase and the catalytic crevice, 

influencing interactions with the lipid substrate [72]. Although this role might explain 

some of the assumed properties of the 28 amino acids, the underlying mechanism remains 

unknown. Additionally, together with the catalytic triad and the lid, the oxyanion hole 

plays a major role; also, it is a highly conserved sequence which largely influences the 

catalytic efficiency of the enzyme. During hydrolysis, a negatively charged tetrahedral 

intermediate is produced that is stabilized by hydrogen bonding with the oxyanion hole 

[26,116,117]. This role has been ascribed to the hydroxyl and main-chain amide groups 

of Thr83 in ROL [73,74,118]. 

Due to the relevance of the lipolytic activity of this enzyme, it has been widely 

researched in how it is affected by the reaction medium. Guillen et al. [91] found ionic 

strength to have a considerable impact. Thus, the relative activity of ROL in 200 mM 
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Tris-HCl buffer was twice that in 400 mM. Also, as with all enzymes, ROL activity is 

strongly influenced by pH and temperature. Although an optimum pH of 8 for ROL 

activity has been principally proposed [70,71,87,89,91–96,119], some authors have 

suggested more acid [88,97–103] and more basic values [82,104,105]. Similarly, the 

optimum temperature is believed to be between 30–45 °C, with 40 °C as the most widely 

agreed optimum [50,74,82,91,92,95,97,98,103,104] but lower 

[71,74,88,89,91,93,94,100,101] and higher levels [99,102] being also proposed (Table 

1.4.). However, as can be seen in Table 1.4, the optimum pH and temperature depend on 

whether the 28 amino acids of the prosequence are present. Kohno et al. [74] encountered 

such differences and, later, other authors [50,77,91] reported similar results highlighting 

the significance of these amino acids to catalytic performance in ROL. 

The influence of the presence of metal ions in the reaction medium has been 

extensively examined as it can affect enzymes structure and activity. In fact, metal ions 

can bind to some amino acid side chains in lipases and take part in the catalytic process, 

interfere with bonding in amino acid side chains and denature active sites or alter the 

activity of the enzymes by stabilizing or destabilising their conformation [100,120–122]. 

Although there have been contradictory reports in this respect, some metal ions have been 

found to enhance or worsen catalytic performance in ROL and other lipases. Thus, Wang 

et al. [82] and several other authors [97,100,104] found Ca2+ to increase ROL activity, 

possibly through electrostatic interactions masking repulsions either between the enzyme 

and its emulsified substrate or between the enzyme and produced free fatty acids [93]. On 

the other hand, Hg2+ has been reported to act as a ROL activity inhibitor, which suggests 

that thiol groups are required for the enzyme to perform its function [88]. Similar results 

have been reported for other lipases from Pseudomonas aeruginosa AAU2 [123], 
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Galactomyces geotrichum Y05 [124], Yarrowia lipolytica [125] and Candida rugosa 

[126]. By contrast, no substantial effects of the chelating agent EDTA have been 

observed, which confirms that ROL activity is metal-independent —and hence, that ROL 

is not a metalloprotein [88,104]. 

ROL activity has also been examined in the presence of amino acid-modifying 

agents in order to assess the significance of amino acids to catalytic performance. Thus, 

N-bromosuccinimide (NBS), which acts over tryptophan residues, has been reported to 

strongly inhibit enzyme activity. This suggests that the action of the protein might involve 

a tryptophan residue [88,97]. No conclusive results, however, were obtained with 

phenylmethylsulfonyl fluoride (PMSF), a serine protease inhibitor whose activity is 

related to changes in serine residues. Thus, Kantak et al. [97] found PMSF to have a 

substantial effect, whereas Hiol et al. [89] observed exactly the opposite. The discrepancy 

may have arisen from differences in the way the lipase lid was arranged during the assay 

(specifically, whether or not it was open, which would have enabled or prevented the 

interaction of PMSF with serine residue at the active site) [127]. 

As most lipases from the genus Rhizopus, ROL exhibits a strong 1,3-

regiospecificity that makes it appealing for various industrial processes such as fat and 

oil modification for the production of structured lipids [27,69,89,99]. However, Li et al. 

[128] examined methanolysis performance in ROL and found it not to be regiospecific 

even though the enzyme exhibited a preference for 1,3-positions. These results were lately 

confirmed with Rhizopus arrhizus (= oryzae) lipase [129]. However, Okumura et al. and 

Song et al. [101,130] found lipase from Rhizopus delemar (= oryzae) not to hydrolyze 

the ester bond at position 2. Subsequently, Canet et al. and Cao et al. [131,132] showed 

mature ROL to have negligible activity on 2-monoolein, and hence that the lipase was 
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strongly 1,3-regioespecific. The previous discrepancies may have arisen from differences 

in reaction conditions—some favoring spontaneous acyl migration— or the presence of 

the 28 amino acids of the prosequence, which is known to affect lipase specificity [50,77].  

Substrate specificity in ROL has also been widely studied (Table 1.4), largely by 

using p-nitrophenol esters of variable carbon chain length. For instance, ROL isolated 

and characterized by Adak et al. [104] was proved especially specific to p-nitrophenol 

esters of long carbon-chain such as p-nitrophenol palmitate (C16). Guillen et al. [91] 

reported a similar trend in rROL produced by K. phaffii and, although they found 

commercial proROL to be more specific to p-nitrophenol esters of short carbon chain, 

they ascribed their results to the presence of esterases in the commercial product they 

used. Tako et al. [88] found that the longer the carbon chain was, the higher was ROL 

specificity; however, specificity peaked with p-nitrophenol dodecanoate (C12) rather than 

with the palmitate (C16). ROL substrate specificity has been also assessed with 

homotriacylglycerols. ROL preferably hydrolyzes C8 and C10 homotriacylglycerols but 

barely acts over their C2 and C4 counterparts. In contrast to some studies, others have 

found no appreciable differences in the response of rROL and proROL to such substrates 

[79,87,89,91].  

Lipases are widely known for their ability to enable syntheses in nonaqueous 

media. As noted earlier, this ability has fostered their use in a number of industrial 

processes involving synthetic reactions where the reactants or products are only soluble 

in organic solvents. Therefore, the higher the stability of the lipase in these solvents is, 

the more suitable the enzyme will be for industrial use [54]. ROL has been extensively 

reported to tolerate nonaqueous solvents (particularly alkanes and long-chain alcohols 

such as hexane and dodecanol) [82,89,94]. Its stability, however, is severely 
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compromised by polar solvents such as acetone and short-chain alcohols, which can strip 

off crucial bound water from the enzyme’s surface [11]. In some cases, the enzyme can 

be rather differently stable in some alcohols such as methanol and ethanol when used as 

a solvent or as a substrate. Methanol has proved more detrimental than ethanol during 

biodiesel synthesis, but stability assays have shown exactly the opposite [50]. Thus, the 

operational stability of the enzyme when interacting with the solvent (as a substrate) at 

the open active site is more deleterious than when the solvent does not interact with the 

active site (lipase closed form). 

1.5. Production and bioprocess engineering of Rhizopus oryzae lipase 

The earliest attempts at ROL production were made with the original fungi isolated from 

palm fruit [89,94,133]. As noted earlier, R. oryzae secretes a lipase form with MW close 

to 32 kDa whose mature sequence includes the 28 C-terminal amino acids of the 

prosequence. However, a second ROL form with MW around 29 kDa (viz., one 

containing the mature sequence alone by effect of the enzyme losing the 28 amino acids 

of its prosequence) was also detected after keeping the supernatant at 6 °C for a few days 

[72]. Consequently, reported R. oryzae lipase forms result from proteolysis rather than 

from the presence of different genes [70].  

Although R. oryzae can be used as source of lipase, obtaining industrially useful 

ROL amounts requires heterologous expression in cell factories to maximize production, 

ease downstream work and bioprocess engineering, and consequently, minimize 

production costs [27]. ROL has so far been successfully produced in the three main cell 

factories, namely: Escherichia coli, Saccharomyces cerevisiae and Komagataella phaffii 

—the last is also known by its obsolete name Pichia pastoris. 
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In E. coli, the presence of disulphide bonds in ROL, and the absence of the 

enzymes needed to process fungal maturation signals, were found to lead to an 

enzymatically inactive protein in the form of insoluble aggregates [70]. However, active 

lipase was successfully produced on a laboratory scale by causing the aggregates to refold 

—no large-scale production was attempted, owing to the high cost of the procedure [77]. 

In any case, Di Lorenzo et al. [134] succeed in producing active, soluble rROL and 

proROL by using the E. coli Origami (DE3) strain and pET-11d expression system. 

Although the final specific activities of both enzymes were quite similar, the yield in 

proROL was higher than that in rROL as the likely result of proROL being less deleterious 

to host cells than was rROL because of the prosequence. 

The eukaryotic cell factories S. cerevisiae and K. phaffii have been used to 

produce ROL extracellularly in order to circumvent the problems of prokaryotic cell 

factories in producing eukaryotic proteins (particularly those related to post-translational 

processing). Three different genes were used for this purpose, namely: one encoding the 

prosequence of 97 amino acids fused to the N-terminal of the mature lipase sequence of 

269 amino acids (proROL-gene); another encoding a truncated prosequence of its 28 C-

terminal amino acids fused to the N-terminal of the mature lipase region (28proROL-

gene); and a third encoding mature lipase (rROL-gene). Whether proROL-gene or 

28proROL-gene was expressed, a protein with only 28 amino acids of the prosequence in 

addition to mature lipase (proROL) was detected. Exceptionally, the whole prosequence 

and the mature lipase region (entire-proROL) were also observed with proROL-gene 

construction —on the contrary, only mature lipase (rROL) was obtained with rROL-gene 

construction.   
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ROL was first produced on eukaryotic platforms with the widely used 

S. cerevisiae cell factory. Takahasi et al. [79] found S. cerevisiae to secrete two active 

lipases upon transformation with the proROL-gene fused to the pre-α-factor, the entire-

proROL and proROL, derived from the former by Kex2-like protease cleavage of the 

corresponding part of the prosequence. Almost no activity, however, was detected when 

S. cerevisiae strains were transformed with rROL-gene fused to the pre-α or prepro-α 

factor encoding gene, a result that highlights the above-mentioned significance of ROL 

prosequence to lipase production [80,83,85]. Consequently, although several works can 

be found in the literature regarding ROL heterologous production in S. cerevisiae, K. 

phaffii has emerged as successful alternative for this lipase production, obtaining 

promising results that will be specifically treated in the following Section. 

1.5.1. Komagataella phaffii as a cell factory: ROL production 

Because it is a methylotrophic yeast, K. phaffii can metabolize methanol as its sole source 

of carbon and energy. The first and main enzyme involved in this metabolic pathway is 

the alcohol oxidase, which is encoded by two genes in K. phaffii, namely: AOX1 and 

AOX2 [135]. The methanol inducible promoter of the former gene is very strong, which 

further increases the importance of K. phaffii as an expression host for producing 

recombinant proteins under that promoter. In addition, AOX1 knockouts (MutS strains) 

result in strains with slow growth on methanol (in comparison to Mut+ strains, harbouring 

both AOX genes), but which have directed the force of the AOX1 promoter mainly towards 

recombinant protein production. The high productivity of K. phaffii (no matter the Mut 

strain employed) has made it a major asset for the pharmaceutical and biotechnological 

industries. In addition, this cell factory has some salient advantages such as great thermo- 
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and osmotolerance, the ability to grow at high cell densities (ca. 100 g L–1) in defined 

media and to efficiently secrete proteins [136,137] 

Unlike S. cerevisiae, proROL-gene expressed in K. phaffii only yielded proROL 

free lipase. This clearly indicates that Kex2-like protease activity is markedly higher in 

K. phaffii than it is in S. cerevisiae [81]. Moreover, rROL-gene was adequately expressed 

and the supernatant was found to contain the corresponding lipase [87]. Efficiently 

secreting proROL and rROL and the above-described outstanding properties of K. phaffii 

have made it the most suitable cell factory for heterologous production of ROL [138–

141]. In addition, K. phaffii produces no endogenous extracellular lipases or esterases 

[142], which makes ROL downstream work less complex and expensive. On the other 

hand, using K. phaffii as a cell factory requires screening transformed clones and 

optimizing the operating conditions in order to maximize production, all of which is 

feasible with facilities like microbioreactors [143].  

The inducible alcohol oxidase 1 promoter (PAOX1) remains the most widely used 

in its class for heterologous production of ROL in K. phaffii [27]. Ever since the functional 

expression of rROL under PAOX1 was first reported [87], there have been great endeavors 

at elucidating the effects of strain phenotypes (MutS or Mut+), gene dosage, coexpression 

of chaperones to reduce burden stress and certain operational bioprocess strategies [144]. 

Alternative promoters such as formaldehyde dehydrogenase 1 promoter (PFLD1), which 

can be induced by both methanol as sole carbon and energy source, and methylamine as 

nitrogen source, have also been used. The primary aim of using promoters other than 

PAOX1 (e.g., PFLD1) is avoiding or minimizing the need for methanol in the bioprocess for 

greater safety —methylamine is less volatile and flammable than methanol [145,146]. In 

addition, though not extensively, the constitutive promoter of glyceraldehyde-3-
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phosphate dehydrogenase (PGAP) has also been used in ROL production to completely 

dispense with methanol and methylamine. For instance, Yu et al. [76] obtained substantial 

proROL production levels after engineering the N-glycosylation pattern of the 

prosequence and produce the lipase under the constitutive PGAP. In fact, production with 

modified proROL was 218 times greater than with the parent proROL, which 

demonstrates the ability of rational design of N-glycosylation sites to enhance proROL 

production under the constitutive promoter. The fact that no study appears to have focused 

on the constitutive expression of rROL (viz., lipase mature sequence)  highlights the 

importance of the ROL prosequence to alleviate the adverse effects of producing ROL 

mature sequence under PGAP [76] —the resulting lipase form is harmful to the host cell 

[77]. In fact, rROL-gene expression has only been accomplished under the inducible 

PAOX1 [50,147] —inducible promoters are less troublesome than constitutive promoters as 

regards production of noxious proteins [148]. 

1.6. Industrial uses of Rhizopus oryzae lipase 

The 1,3-regiospecificity and catalytic flexibility of ROL make it a suitable choice for 

improving sustainability in the food, pharmaceutical, biopolymer and energy industries 

[27,32,149]. Therefore, in the following sections, some successful studies in which ROL 

has been employed for the synthesis of several industrially relevant products will be 

treated.  
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1.6.1. Biodiesel production 

Petroleum depletion and increasing environmental concerns over the last decade have led 

biodiesel, which essentially consists of monoalkyl esters of long-chain fatty acids, to gain 

importance as an alternative to fossil fuels by virtue of its being renewable, biodegradable, 

nontoxic, usable by existing engines, locally producible and carbon-neutral —carbon in 

biodiesel exhaust is recently fixed from the atmosphere [150,151]. Together with other 

alternative renewable energy sources, biodiesel can help limit the use of fossil fuels in 

order to alleviate the adverse impacts of combustion and meet the emission reduction plan 

established in the Paris Agreement of 2015. In fact, approximately 28% of all energy 

produced in the world is used for transportation (29% between the 27 countries of the 

European Union in 2018; Figure 1.8). Therefore, using biodiesel, which can be produced 

with existing technology, could undoubtedly help mitigate pollutant emissions in this 

sector [152]. 

 
Figure 1.8. Greenhouse gas emissions in the EU-27 in 2018. Adapted from [153]. 

 

Biodiesel can be classified into three different generations according to source. 

First-generation biodiesel is produced from edible oils such as soybean or sunflower oils, 
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use of which may raise the food versus fuel debate (i.e., whether using agricultural 

land/food for nonnourishing purposes is ethical) [154]. Because first-generation biodiesel 

is currently the most widely produced and used one, alternative substrates have been 

sought which have led to the development of second- and third-generation biodiesel. 

These two are collectively designated “advanced biodiesel” in European Directive 

2015/1513 and fostered by public institutions. Second-generation biodiesel is produced 

from nonedible oils, such as jatropha and makauba, obtained from crops typically grown 

on agriculturally useless land. Third-generation biodiesel completely avoids ethical issues 

because it is obtained by using microbial lipids and oily wastes such as oils from 

microalgae or oleaginous yeasts and waste cooking oils (WCO), respectively [155–158]. 

There is also fourth-generation biodiesel based on man-made biological tools (viz., 

genetically modified microorganisms), development of which is still at an incipient 

research stage [159,160]. Typically, the substrates yielding second- and third-generation 

biodiesel have increased contents in free fatty acids (FFA) which can make biodiesel 

production through chemical basic catalysis (i.e. the most commonly employed process 

at industrial scale) challenging by the need for pretreatments for FFA neutralization to 

avoid soap formation —the most frequent side-reaction [150,156,161]. In this sense, 

lipases have emerged as useful alternative catalysts for using milder reaction conditions 

and less water, simplifying downstream work and, especially, avoiding side reactions like 

soap formation —which enables the use of substrates with a high FFA content [162,163]. 

In fact, substrates containing large amounts of FFA are known to expedit enzymatic 

biodiesel production and to enhance operational stability of the biocatalyst [162,164,165]. 

A number of lipases from microorganisms such as Candida rugosa [166,167], Aspergillus 

oryzae [168,169] and Burkholderia cepacia [170,171] have been used for this purpose. 



 

32 

 

 

Regiospecificity is crucial trait with a view to making industrial enzyme-based 

biodiesel production feasible. Nonspecific enzymes produce monoalkyl esters and 

glycerol —which is an unwanted byproduct of the transesterification reaction that can 

hinder it or even detract from enzyme stability and complicate downstream work [172]. 

Conversely, 1,3-regioespecific lipases produce 2-monoacylglycerol —which has 

lubricating properties and enhances some characteristics of biodiesel— instead of 

glycerol [173–175]. In addition, monoacylglycerols can increase the cost-effectiveness of 

potential biodiesel biorefineries as they are more valuable products than is glycerol by 

virtue of their utility as emulsifiers in the pharmaceutical and food industries [176–178]. 

The 1,3-regioespecificity of ROL has promoted its exploration as a biocatalyst for 

biodiesel production. 

Even if several studies have employed ROL with edible oils, boosting the ethical 

issue “food vs fuel”, such as olive [179], rapeseed [180,181], soybean [182–185] and 

sunflower [186,187] oils —commonly used as model substrates for research— most of 

the published works have focused on the use of alternative substrates (Table 1.5). 

Regarding second-generation biodiesel production, Jatropha curcas oil is one of the non-

edible oils with high potential for the biofuel production, probably due to its easy 

cultivation process and because it can be found worldwide [188]. Rodrigues et al. [151] 

reported yields close to the theoretical 100% —a real yield of 66% considering ROL 1,3-

regioespecificity— and high operational stability of the biocatalysts. In Table 1.5, other 

studies with promising results using this substrate as well as other non-edible oils yielding 

second-generation biodiesel like Pistacia chinensis bge oil [189], Tung oil [95], 

Calophyllum inophyllum oil [190] and alperujo oil (olive pomace oil) [175] can be found. 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Olive oil + MeOH rROL IA onto ReliZymeTM OD 

403M 

PBR Yes First Y: PBR 49.1% OS: second batch 

44.8% 

[179] 

Olive oil + MeOH rROL IA onto ReliZymeTM OD 

403M 

STR Yes First Y: STR 33.56% OS: second batch 

7.7% 

[179] 

Rapeseed oil + 

MeOH 

proROL WCB over agar plate SLLB No First No biodiesel production [180] 

Rapeseed oil + 

EtOH 

proROL WCB over agar plate SLLB No First No biodiesel production [180] 

Rapeseed oil + 

MeOH 

proROL WCB over agar plate SGLB No First Y: 58% [180] 

Rapeseed oil + 

EtOH 

proROL WCB over agar plate SGLB No First Y: 72% [180] 

Crude canola oil + 

MeOH 

proROL 

 

Free enzymes BR Yes First Y: 68.56% [181] 

Crude canola oil + 

MeOH 

proROL-

CRL 

Free enzymes BR Yes First Y: 84.25% [181] 

Crude canola oil + 

MeOH 

proROL-

CRL 

CI onto functionalized 

silica gel 

BR Yes First Y: 88.9% [181] 

Soybean oil + 

MeOH 

proROL WCB immobilized into 

BSPs 

BR Yes First Y: 82.2% OS: nearly all activity 

lost after 6 cycles 

[182] 

Soybean oil + 

MeOH 

proROL CI WCB immobilized 

onto BSPs 

BR Yes First Y: 92.2% OS: no loss of activity 

after 6 cycles 

[182] 

Soybean oil + 

EtOH 

proROL IA onto microporous 

resin NKA (polystyrene) 

BR Yes First Y: 58.5% [183] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Soybean oil + 

EtOH 

proROL-

CRL 

IA onto microporous 

resin NKA (polystyrene) 

BR Yes First Y: 80.8% [183] 

Soybean oil + 

EtOH 

proROL-

Novozyme 

435 

proROL: IA onto 

microporous resin NKA 

(polystyrene). Novozyme 

435: IA onto Lewatit VP 

OC 1600 

BR Yes First Y: 98.5% 

OS: Y decreased to 78.3% after 20 

cycles 

[183] 

Soybean oil + 

EtOH 

proROL-

PFL 

IA onto microporous 

resin NKA (polystyrene) 

BR Yes First Y: 55.8% [183] 

Soybean oil + 

MeOH 

proROL CI onto magnetic 

chitosan microspheres 

MSFBR Yes First Y: 91.3% 

OS: Y decreased to about 80% 

after 6 reaction cycles 

[184] 

Soybean oil + 

MeoH 

proROL WCB immobilized into 

BSPs 

BR Yes First Y: over 90% 

OS: Y decreased to 10% after 10 

reaction cycles 

[185] 

Soybean oil + 

MeoH 

proROL WCB immobilized into 

BSPs 

PBR Yes First Y: over 90% 

OS: Y decreased to 80% after 10 

reaction cycles 

[185] 

Sunflower oil + 

EtOH 

proROL CI onto modified 

sepiolite with p-

hydroxybenzaldehyde 

linker 

BR No First C: 84.3% OS: C decreased to 

21.4% after 9 cycles 

 

[186] 

Sunflower oil + 

EtOH 

proROL CI onto modified 

sepiolite with 

benzylamine–

terephthalic aldehyde 

linker 

BR No First  [186] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Sunflower oil + 

EtOH 

proROL IA onto demineralized 

sepiolite 

BR No First Y: 90.2% OS: proROL IA C 

decreased to 18.1% after 9 cycles 

[186] 

Pistacia chinensis 

bge seed oil + 

MeOH 

rROL CI onto Amberlite IRA-

93 

BR Yes Second Y: 92% OS: Y decreased to 60% 

after 8 cycles 

[189] 

Pistacia chinensis 

bge seed oil + 

MeOH 

rROL IA microporous resin 

HPD-400 

BR Yes Second Y: 94% OS: Y decreased to 50% 

after 8 cycles 

[189] 

Calophyllum 

inophyllum linn 

oil + MeOH 

proROL WCB immobilized into 

BSPs 

PBR Yes Second Y: 92% OS: Y decreased a 4.9% 

after 6 cycles 

[190] 

Oil extracted from 

Nannochloropsis 

gaditana + MeOH 

proROL WCB BR Yes Third Y: 83% OS: Y decreased to 71% 

after 3 cycles 

[191] 

Oil extracted from 

Nannochloropsis 

gaditana + MeOH 

proROL WCB immobilized into 

BSPs 

BR Yes Third Y: 70% OS: Y decreased to 43% 

in the scond cycle 

[191] 

Oil extracted from 

Nannochloropsis 

gaditana + MeOH 

proROL WCB immobilized into 

BSPs 

BR Yes Third Y: 83% OS: Y decreased to 71% 

after 3 cycles 

. [192] 

Oil extracted from 

Nannochloropsis 

gaditana + MeOH 

proROL WCB  TPB No Third Y: 58% [193] 

Oil extracted from 

Nannochloropsis 

gaditana + EtOH 

proROL WCB  TPB No Third Y: 92% [193] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Oil extracted from 

Botryococcus 

braunii + MeOH 

proROL WCB  TPB No Third Y: 58% [193] 

Oil extracted from 

Botryococcus 

braunii + EtOH 

proROL WCB  TPB No Third Y: 68% [193] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL Free enzyme BR Yes Third C: 75% [194] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL IA onto MNP BR Yes Third C: 46% OS: decreased to 10% 

after 5 cycles 

[194] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL CI onto AP modified 

MNP 

BR Yes Third C: 53% OS: C decreased to 25% 

after 5 cycles 

[194] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL CI onto AP-GA modified 

MNP 

BR Yes Third C: 69.8% OS: C decreased to 45% 

after 5 cycles 

[194] 

Sludge palm oil + 

MeOH 

proROL IE into alginate-polyvinyl 

alcohol beads 

BR No Third Y: 91.30% OS: no activity loss 

after 15 cycles 

[195] 

Oil extracted from 

spent coffee 

ground + MeOH 

R. delemar 

(= oryzae) 

lipase 

Free enzyme BR No Third Y: 18% [196] 

WCO + MeOH proROL Free enzyme BR  Third Y: 93% [197] 

WCO + iso-

propanol 

proROL Free enzyme BR  Third Y: 86.8% [197] 



 

37 

 

Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

WCO + iso-

butanol 

proROL Free enzyme BR  Third Y: 80.2% [197] 

WCO + iso-amyl 

alcohol 

proROL Free enzyme BR  Third Y: 64% [197] 

WCO + MeOH proROL WCB IE into calcium 

alginate beads 

BR  Third Y: 84% [197] 

WCO + iso-

propanol 

proROL WCB IE into calcium 

alginate beads 

BR  Third Y: 71% [197] 

WCO + iso-

butanol 

proROL WCB IE into calcium 

alginate beads 

BR  Third Y: 62% [197] 

WCO+ iso-amyl 

alcohol 

proROL WCB IE into calcium 

alginate beads 

BR  Third Y: 43% [197] 

Jatropha oil + 

MeOH 

proROL WCB IE into sodium 

alginate beads 

BR No Second Y: 80.5% OS: Y decreased to 

61.5% after 6 cycles 

[198] 

Karanja oil + 

MeOH 

proROL WCB IE into sodium 

alginate beads 

BR No Second Y: 78.3% OS: Y decreased to 

63.4% after 6 cycles 

[198] 

Soybean oil + 

MeOH 

proROL WCB BR Yes First Y: 80% OS: Y decreased to 18% 

after 3 cycles 

[199] 

Soybean oil + 

MeOH 

proROL WCB immobilized into 

BSPs 

BR Yes First Y: 82% OS: Y decreased to 10% 

after 10 cycles 

[199] 

Soybean oil + 

MeOH 

proROL CI WCB immobilized 

into BSPs 

BR Yes First Y: 74% OS: Y decreased to 65% 

after 35 cycles 

[199] 

Soybean oil + 

MeOH 

proROL WCB immobilized into 

BSPs 

BR Yes First Y: 82% OS: Y decreased to 48% 

after 6 cycles 

[200] 

Soybean oil + 

MeOH 

proROL CI WCB immobilized 

into BSPs 

BR Yes First Y: 80% OS: Y decreased to 70% 

after 6 cycles 

[200] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Alperujo oil + 

MeOH 

rROL IA onto rice husk BR Yes Second  [201] 

Alperujo oil + 

MeOH 

rROL IA onto ReliZymeTM 

OD403 

BR Yes Second Y: 64.5% OS: Y decreased to 

41.3% after 7 cycles 

[201] 

Crude microbial 

oil from Candida 

sp. LEB-M3 + 

MeOH 

rROL IA onto ReliZymeTM 

OD403 

BR Yes Third Y: 38% OS: Y decreased to 

26.6% after 7 cycles 

[202] 

Neutralized 

microbial oil from 

Candida sp. LEB-

M3 + MeOH 

rROL IA onto ReliZymeTM 

OD403 

BR Yes Third Y: 38% [202] 

Olive oil + MeOH rROL IA onto ReliZymeTM 

OD403 

BR Yes First Y: 54.3% OS: Y decreased to 

40% after 7 cycles 

[202] 

Oleic fatty acid + 

MeOH 

rROL IA onto ReliZymeTM 

OD403 

BR Yes First Y: 68% [202] 

Rapeseed oil + 

EtOH 

proROL IA onto microporous 

resin NKA 

BR No First Y: above 98% OS:  Y decreased 

to 60% after 10 cycles 

[203] 

Jatropha oil + 

MeOH 

proROL-

CRL 

WCB (proROL) and free 

enzyme (CRL) IE into 

sodium alginate beads 

PBR No Second Y: 84.2% [204] 

Karanja oil + 

MeOH 

proROL-

CRL 

WCB (proROL) and free 

enzyme (CRL) IE into 

sodium alginate beads 

PBR No Second Y: 81% [204] 

WCO + MeOH proROL WCB IE into sodium 

alginate beads 

BR No Third Y: 94.01% [205] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

WCO + Methyl 

acetate 

proROL WCB IE into sodium 

alginate beads 

BR No Third Y: 91.11% [205] 

WCO + Ethyl 

acetate 

proROL WCB IE into sodium 

alginate beads 

BR No Third Y: 90.06 [205] 

WCO + MeOH proROL IE into sodium alginate 

beads 

BR No Third Y: 83% [205] 

WCO + Methyl 

acetate 

proROL IE into sodium alginate 

beads 

BR No Third Y: 80% [205] 

WCO + Ethyl 

acetate 

proROL IE into sodium alginate 

beads 

BR No Third Y: 78% [205] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL IA into MNP 

 

BR Yes Third Y: 45% OS: Y decreased to 10% 

after 5 cycles 

[206] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL IA into MGO 

 

BR Yes Third Y: 51% OS: Ydecreased to 16% 

after 5 cycles 

[206] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL IA into MGO-AP 

 

BR Yes Third Y: 54% OS: Y decreased to 25% 

after 5 cycles 

[206] 

Oil extracted from 

Chlorella vulgaris 

+ MeOH 

proROL CI into MGO-AP-GA BR Yes Third Y: 68% OS: Y decreased to 

58.77% after 5 cycles 

[206] 

Cottonseed oil + 

MeOH 

proROL WCB immobilized into 

BSPs 

BR Yes First Y: 27.9% [207] 

Rubber seed oil + 

MeOHe 

proROL Free enzyme BR Yes Second Y: 31% [208] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Rubber seed oil + 

Ethyl acetate 

proROL Free enzyme BR No Second Y: 33.3% [208] 

Soybean oil + 

MeOH 

proROL-

CRL 

CI onto silica gel 

pretreated with AP and 

GA 

BR Yes First Y: 99.99% OS: Y decreased to 

85% after 20 cycles 

[209] 

Rapeseed oil 

deodorizer 

distillate + MeOH 

proROL Free enzyme BR Yes First Y: 93.07% [210] 

Rapeseed oil 

deodorizer 

distillate + MeOH 

proROL-

CRL 

Free enzyme BR Yes First Y: 98.16% [210] 

Alperujo oil + 

MeOH 

rROL CI onto ET, AP and GA 

pretreated ReliZymeTM 

HFA403 

BR Yes Second Yield: 57.16% OS: Y decreased a 

12.31% after 5 cycles 

[175] 

Alperujo oil + 

EtOH 

rROL CI onto ET, AP and GA 

pretreated ReliZymeTM 

HFA403 

BR Yes Second Y: 60.25% OS: Y decreased a 

11.89% after 7 cycles 

[175] 

Triolein + MeOH rROL Free enzyme BR No First Y: 71.2% [131] 

Triolein + EtOH rROL Free enzyme BR No First Y: 64.2% [131] 

Triolein + MeOH rROL IA onto RelyZymeTM 

OD403S 

BR No First Y: 82.6% [131] 

Triolein + EtOH rROL IA onto RelyZymeTM 

OD403S 

BR No First Y:100.7% [131] 

Jatropha oil + 

MeOH 

rROL IA onto Lewatit VP OC 

1600 

BR Yes Second Y: 61% OS: Y decreased a 40% 

after 10 cycles 

[211] 

Jatropha oil + 

MeOH 

rROL IA onto LifetechTM 

ECR1030M 

BR Yes Second Y: 63% OS: Y decreased a 40% 

after 10 cycles 

[211] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Jatropha oil + 

MeOH 

rROL IA onto LifetechTM 

AP1090M 

BR Yes Second Y: 55% OS: Y decreased a 25% 

after 10 cycles 

[211] 

Jatropha oil + 

MeOH 

rROL CI onto LifetechTM 

ECR8285M 

BR Yes Second Y: 63% OS: Y decreased a 60% 

after 10 cycles 

[211] 

Jatropha oil + 

MeOH 

rROL CI onto Amberlita IRA 96 BR Yes Second Y: 68% OS: Y decreased a 20% 

after 10 cycles 

[211] 

Olive oil + MeOH prorROL IA onto Amberlite XAD 

761 

BR No First Y: 77% [212] 

Olive oil + EtOH prorROL IA onto Amberlite XAD 

761 

BR No First Y: 62% [212] 

Olive oil + 

Propanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 46% [212] 

Olive oil + 

Butanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 18% [212] 

Soybean oil + 

MeOH 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 50% [212] 

Soybean oil + 

EtOH 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 46% [212] 

Soybean oil + 

Propanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 35% [212] 

Soybean oil + 

Butanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 10% [212] 

Canola oil + 

MeOH 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 70% [212] 

Canola oil + EtOH prorROL IA onto Amberlite XAD 

761 

BR No First Y: 56% [212] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Canola oil + 

Propanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 43% [212] 

Canola oil + 

Butanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 16% [212] 

Sunflower oil + 

MeOH 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 32% [212] 

Sunflower oil + 

EtOH 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 28% [212] 

Sunflower oil + 

Propanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 17% [212] 

Sunflower oil + 

Butanol 

prorROL IA onto Amberlite XAD 

761 

BR No First Y: 7% [212] 

Algal oil + MeOH prorROL IA onto Amberlite XAD 

761 

BR No Third Y: 63% [212] 

Algal oil + EtOH prorROL IA onto Amberlite XAD 

761 

BR No Third Y: 55% [212] 

Algal oil + 

Propanol 

prorROL IA onto Amberlite XAD 

761 

BR No Third Y: 40% [212] 

Algal oil + 

Butanol 

prorROL IA onto Amberlite XAD 

761 

BR No Third Y: 13% [212] 

Alperujo oil + 

MeOH 

rROL CI onto AP and GA 

treated ReliZymeTM 

HFA403 

BR Yes Second Yield: 28.62% Op. stability: Y 

decreased a 43% after 9 cycles 

[164] 

Jatropha oil + 

MeOH 

proROL WCB immobilized into 

BSPs 

BR Yes Second Y: 88.6% OS: Y decreased a 21% 

after 6 cycles 

[213] 

Oleic acid + 

MeOH 

proROL WCB immobilized into 

BSPs 

BR No First Y: 80% OS: nearly no activity 

loss after 8 cycles 

[214] 
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Table 1.5. Summary of biodiesel production methods using Rhizopus oryzae lipase as main biocatalyst. 

Substrate Lipase Immobilization method 
Reactor 

type 

Stepwise 

addition 

Biodiesel 

generation 

Yield–Conversion/ 

Operational stability 
Ref. 

Rice bran oil + 

MeOH 

proROL IA onto rod-like 

mesoporous silica 

BR No First Y: 81.7% OS: Y decreased to 

67.7% after 3 cycles 

[215] 

Jatropha oil + 

MeOH 

proROL IE into polyvinyl alcohol 

– alginate matrix 

BR No Second Yield: 87.1% [216] 

Alperujo oil + 

MeOH 

rROL IA Octadecyl-Sepabeads BR Yes Second Yield: 58.31% OS: Y decreased to 

54.67% after 2 cycles 

[217] 

Tung oil + MeOH proROL CI onto Amberlite IRA 93 BR Yes Second Yield: 91.9% OS: Y decreased to 

85.1% after 6 cycles 

[95] 

Babassu oil + 

EtOH 

proROL WCB immobilized into 

BSPs 

BR No First Yield: 74.15% [218] 
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Third-generation biodiesel has so far been obtained from microalgal and waste 

oils mostly (Figure 1.9). The former makes biodiesel production more environmentally 

friendly as microalgaes fixate atmospheric CO2 during oil production and also, they can 

use domestic wastewater like growth substrate facilitating its posterior treatment. By 

contrast, using microalgal oil requires scaling-up photobioreactors and challenging 

processes of fat extraction [219,220]. In any case, ROL has been successfully used with 

this type of substrate, for instance, with oils extracted from Nannochloropsis gaditana 

[191–193], Botryococcus braunii [193] and Chlorella vulgaris [194]. In fact, with the 

latter ROL afforded conversions of fatty acid methyl esters (FAME) exceeding 70%, 

which testifies to its suitability for biodiesel production from microalgal oils. Additionaly, 

oils extracted from oleaginous yeasts such as Candida sp. LEB-M3 have also been used 

for this purpose. Yeasts can in fact be highly useful for biodiesel refineries as they can 

sucessfully grow in glycerol formed in the biofuel production process (Figure 1.9) [202].  

 
Figure 1.9. Flow chart for the use of waste oils to obtain third-generation biodiesel 

under the principles of circular economy. 
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Waste oils hold considerable potential for the biodiesel industry on account of 

their relevance to circular economy strategies, which aim at avoiding waste or finding 

new uses for it [221,222]. Also, tight economic competition between biodiesel and fossil 

fuels has raised the need for new, inexpensive raw materials. In fact, feedstocks account 

for more than the 70% of the total cost of producing biodiesel. Oily wastes can help reduce 

this proportion and make enzymatic biodiesel production feasible [223]. Sludge from 

palm oil [195] and spent coffee grounds [196] are amongst the oily wastes explored for 

biodiesel production with ROL. However, waste cooking oil (WCO) is the foremost 

substrate in this category, not only because it is inexpensive, but also because it dispenses 

with the need for costly disposal to public institutions [224,225]. In fact, WCO has 

provided revealing results in this context. Thus, Bharathiraja et al. [197] achieved 

triglyceride conversions up to 94%. However, few studies have so far examined the 

processing of WCO with ROL despite the high potential of the former as a substrate for 

the biodiesel industry —a likely research target for future projects. 

The operational stability, reusability and cost of biocatalysts are mutually related; 

also, they are crucial traits to be considered for enzymatic biodiesel production owing to 

the typically high cost of enzymes and the tight economic competition of biodiesel with 

conventional diesel. Enzyme production costs can be reduced by using heterologous 

expression, as described in the previous section, but also by immobilization onto an 

appropriate support. This method allows enzymes to be reused and usually enhances their 

stability [17,226,227]. Below are described existing approaches to immobilizing ROL for 

biodiesel production.  

Early attempts at using ROL in biodiesel syntheses involved whole-cell 

biocatalysts (WCB) mainly. Thus, the enzyme was confined in its natural cellular 
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environment to protect lipase from inactivation and degradation. This lowered costs 

considerably as no downstream work on the biocatalyst was needed [228]. Syed et al. 

[198] immobilized lipase-producing R. oryzae cells in alginate beads and used them to 

obtain biodiesel from jatropha and karanja oils. They used a response surface-based 

optimization strategy and obtained a biodiesel yield of 73.5% from jatropha oil, and one 

of 72.5% from karanja oil, under optimal conditions. Also, they assessed the biocatalyst 

for operational stability and found it to lose only 20% after 6 cycles. Even though they 

could have used free, unimmobilized cells, for biodiesel production, Sun et al. [199] used 

immobilization of cells to avoid enzyme leakage and denaturation. They immobilized R. 

oryzae fungal cells onto biomass support particles (BSP) and achieved a higher 

operational stability than with free cells. In order to further reduce enzyme leakage and 

deactivation, they used the crosslinking agent glutaraldehyde to treat previously 

immobilized cells. The crosslinked biocatalyst resulted in higher FAME yields and 

operational stability. Similarly, Ban et al. [200] succeeded in stabilizing WCB by 

treatment with glutaraldehyde —the so-called WCB stabilization. He et al. [182] 

followed the same approach to obtain a ROL based biocatalyst with increased operational 

stability capable of retaining more than 90% of its initial activity after 6 reaction cycles. 

However, WCB were more complicated to reuse and resulted in lower conversion rates 

than did free lipases immobilized onto acrylic resins [228]. For instance, Bharathiraja et 

al. [197] found WCB to exhibit poorer reaction rates than immobilized purified proROL 

owing to diffusional problems. The previous drawbacks, and progress in heterologous 

ROL production, have fostered the use of free and immobilized ROL for biodiesel 

synthesis.  
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Lipases have usually been immobilized by adsorption, especially onto 

hydrophobic supports (typically an acrylic resin with hydrophobic surface groups such 

octadecyl or divinylbenzene) on the grounds of the presence of a large hydrophobic patch 

around the catalytic triad facilitating immobilization and hyperactivation of lipases 

[229,230]. However, the highly nonpolar reaction media used in enzyme-based biodiesel 

production can result in desorption or leakage of the enzyme, and hence in poor 

operational stability of the biocatalyst [113]. Nevertheless, some authors have obtained 

outstanding stability results by using this ROL immobilization method. For instance, 

Bonet-Ragel et al. [201] found biocatalysts to retain more than the 60% of their initial 

activity after 6 consecutive reaction cycles, and Duarte et al. [202] and Su et al. [203] 

subsequently obtained similar results. Some authors avoid enzyme leakage when using 

an adsorption technique by treating the biocatalyst with a crosslinking agent, such as 

glutaraldehyde, as previously described for WCB [189,231].  

Notwithstanding the previous studies and others listed in Table 1.5, entrapment 

and covalent immobilization continue to be the most common methods for anchoring 

ROL to a support. As noted earlier, entrapment has been used not only with free ROL but 

also with WCB by virtue of the simplicity, expeditiousness and economy of the method 

[232]. The most common ROL entrapment methods use polyvinyl alcohol (PVA) and 

alginate [204,205,216,233]. Muanruksa et al. [195] obtained outstanding results with free 

proROL immobilized in alginate–PVA beads. Thus, esterification exceeded 90% and the 

biocatalyst lost virtually no activity after 15 reaction cycles.  

Because the binding forces of lipase covalently immobilized onto a support are 

strong, the enzyme tends to exhibit a high stability in addition to high tolerance of extreme 

pH values and temperatures, and almost no leakage. However, the strong links between 
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enzyme and support, and the harsh conditions typically used for immobilization, can have 

an adverse impact on enzymatic activity [234–236]. In any case, some authors have 

successfully used this method to immobilize lipases for biodiesel production. Thus, 

Nematian et al. [206] immobilized proROL onto a superparamagnetic nanostructure to 

obtain three different biocatalysts. Two were based on lipase–support electrostatic 

interactions and the third on covalent bonding. Covalently immobilized proROL 

exhibited the highest conversions and operational stability. Bonet-Ragel et al. [175] 

immobilized rROL covalently onto glutaraldehyde pretreated epoxide polymethacrylate 

resins, and examined its performance and operational stability in biodiesel syntheses with 

methanol and ethanol as acyl acceptors. The optimum operational conditions provided 

yields close to the theoretical 100% after 360 min with methanol and 260 min with 

ethanol. Also, no significant loss of activity was observed after 5 consecutive reaction 

cycles with either alcohol. Luna et al. [186] obtained similar operational stability results 

with ethanol and sunflower oil as substrate. Covalent immobilization is therefore an 

effective choise for biodiesel synthesis with ROL. 

Although ROL has proved an industrially suitable, solvent-tolerant enzyme, some 

biodiesel synthesis operational strategies have provided especially increased reaction 

yields and enzyme stability or allowed easier scaling-up of the bioprocess. One of the 

most commonly used approaches adds the alcohol stepwise to prevent it from deactivating 

the enzyme, as the interaction between the lipase and the alcohol is the main enzyme 

deactivating factor [237,238]. The alcohol stepwise addition strategy has been 

successfully used by some authors with ROL [175,207]; others, have sought the best acyl 

acceptor (viz., that with the least adverse effects on the enzyme) from among different 

alcohols [197,233] —or even short esters of the alcohols performing in these cases 
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interesterification reaction [205,208]. In this sense, solvent-free systems have recently 

emerged as interesting operational choices to minimize biodiesel downstream work while 

avoiding the need for hazardous solvents, thus making the overall biotransformations 

more cost-effective and environmentally friendly [164,201,208,211]. 

Lately, 1,3-regiospecific and nonspecific lipases have been jointly used to increase 

biodiesel reaction rates and yields [181]. Thus, Lee et al. [209] obtained near-quantitative 

yields after 2 h reaction and very high operational stability by using proROL and Candida 

rugosa lipase (CRL) in combination. In fact, the conversion yield was still as high as 85% 

after 20 reaction cycles. In line with these results, Zeng et al. [210] obtained higher 

biodiesel yields and production rates with the proROL–CRL combination than with the 

two lipases separately.  

Another important point to carry out an efficient and cost-effective production of 

biodiesel is the scle-up of the process. Canet et al. [179] compared the performance of a 

packed bed reactor (PBR) with that of a stirred tank reactor (STR) with a view to scaling-

up biodiesel production with rROL immobilized by hydrophobic adsorption. Reaction 

rates were higher with the STR, but the enzyme operational stability was greater with the 

PBR. Other authors have used PBR [185,190,204] or even more genuine alternatives such 

as magnetically stabilized fluidized bed reactors [184] or three-phase bioreactors [180]. 

There have, however, been few attempts at scaling up biodiesel production with ROL for 

such a vast amount of research conducted on this biocatalyst. 
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1.6.2. Production of structured lipids 

As major sources of energy, essential fatty acids, fats and oils are usual ingredients of 

daily diets. Their functional, nutritional and sensory properties depend on their 

composition in saturated and polyunsaturated fatty acids, the chain length of the acids and 

their distribution into the triacylglycerols (TAG) (position sn-1, sn-3 or sn-2). Therefore, 

modifying the composition of fatty acids or their profile can be useful to obtain lipids 

with improved properties (so-called “structured lipids”, SL). There are various types of 

commercially available SL, all with well-known properties (Table 1.6.), namely: (a) low-

calorie and dietetic triacylglycerols including TAG with medium chains (MMM) and 

others with short- and medium-chain fatty acids in sn-1 and sn-3 positions and long-chain 

fatty acids in sn-2 (SLS and MLM, respectively); (b) human milk fat substitutes (HMFS); 

(c) cocoa butter equivalents (CBE); (d) trans-free plastic fats; (e) triacylglycerols rich in 

specific long-chain and polyunsaturated fatty acids (PUFA); and, more recently, (f) 

diacylglycerols (DAG) and monoacylglycerols (MAG) have been also considered as SLs 

[239,240].
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Table 1.6. Definition and properties of the main commercially relevant structured lipids. 

SL type Definition Properties Ref. 

Low-calorie and 

dietetic TAG 

TAG with a lower caloric value than conventional oils 

and fats 

Include SLS, MLM and MMM type TAG 

M and S fatty acids have lower caloric values than do 

their L counterparts 

M fatty acids are less prone to accumulate 

Released M fatty acids can be directly absorbed and 

provide ready energy in the liver 

[239–

242] 

Human milk fat 

substitutes (HMFS) 

Mimic the fatty acid profile of human milk 

Contain oleic (30–35%), palmitic (20–30%), linoleic 

(7–14%) and stearic acids (5.7–8%) 

Palmitic acid mainly at sn-2 position 

Promote palmitic acid absorption as 2-

monoacylpalmitate 

Promote calcium absorption 

[239,240,

243–245] 

Cocoa butter 

equivalents (CBE) 

Mimic the scarce natural cocoa butter 

Mainly formed by saturated fatty acids at sn-1,3 (stearic 

and palmitic) and monounsaturated fatty acids (oleic) at 

sn-2 

The desirable polymorph is the β form 

Similar to cocoa butter in sensory properties  

[239,240,

246,247] 

Trans-free plastic fats 
Mimic trans fatty acids contained in hydrogenated 

vegetable oils 

Avoid potential cardiovascular diseases caused by 

trans fatty acids 

[240,248,

249] 

TAG rich in specific 

long-chain and 

polyunsaturated fatty 

acids (PUFA) 

Modified TAG containing a combination of n-3 and n-

6 PUFA to enhance nutritional values 

Eicosapentaenoic (EPA) and docosahexaenoic acid 

(DHA) mainly 

EPA reduces blood viscosity and platelet 

aggregation, and promotes vasodilation. 

DHA promotes sensorial and neural maturation in 

infants 

[239,250] 

MAG and DAG 
Modified lipids containing one or two fatty acids linked 

to a glycerol 

Nonionic surfactants useful as emulsifiers for the 

food industry 

1,3-DAG reduces serum TAG levels and supresses 

accumulation of body fat 

[176,178,

240,251] 
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Although structured lipids can be obtained under chemical or enzymatic catalysis, 

the latter choice has some advantages [252]. Thus, similarly to biodiesel syntheses, 

enzyme-catalyzed SL syntheses can be conducted under milder reaction conditions to 

reduce energy consumption; also, and specifically important in this case, they allow the 

original attributes of substrates and products, which are mainly temperature‐sensitive, to 

be better preserved, and avoid the use of deleterious solvents, thereby enabling a more 

environmentally friendly and safer food production. In any case, the most salient 

advantage of using lipases to synthesize SL is their high specificity and selectivity 

[253,254]. Thus, 1,3-regiospecific lipases such as ROL, have aroused keen interest as 

they regiospecifically modify the sn-1 and sn-3 positions of TAG —even though 

non-enzymatic acyl migration phenomena might occur depending on reaction conditions. 

Table 1.7 compiles recent reports of SL syntheses using ROL. As can be seen, 

Nunes et al. [255] obtained MLM-type SL by acidolysis of olive oil with capric and 

caprylic acids. They used rROL produced in K. phaffii and commercially available native 

ROL (proROL), both covalently immobilized onto either Eupergit© C or modified 

Sepiolite. Interestingly, rROL performed better than the native lipase as regards 

incorporation of capric or caprylic acid, and of operational stability. In spite of using pure 

or commercial substrates, oily wastes or even unprofitable oils are also useful to obtain 

MLM-type SL with ROL. For instance, Mota et al. [256] obtained low-calorie SL of the 

MLM-type by using oil extracted from spent coffee grounds and olive pomace in 

combination with proROL immobilized onto magnetic nanoparticles. Similarly, Costa et 

al. [257] synthesized MLM-type SL with oil from Vitis vinifera L. grapeseeds —a 

byproduct of the wine industry. Instead of oil waste, Nagao et al. [258] used oil from the 

oleaginous microorganism Mortierella alpina to obtain MLM rich in arachidonic acid, 

which is a precursor of various hormones.
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Table 1.7. Summary of structured lipid production methods using Rhizopus oryzae lipase as main biotcatalyst. 

Product Substrates Reaction type Lipase Immobilization method ID/OS Ref. 

MLM OO + CRA Acidolysis 
proROL/

rROL 

CI onto Eupergit®C/Sepiolite 

(AlPO4-sepiolite) 
ID: 21.6%. OS: half-life 159 h [255] 

MLM OO + CA Acidolysis 
proROL/

rROL 

CI onto Eupergit®C/Sepiolite 

(AlPO4-sepiolite) 
ID: 34.82%. OS: half-life 136 h [255] 

MLM SCG + CA Acidolysis proROL CI onto GA treated MNP ID: 50% [256] 

MLM SCG + ethyl caprate Interesterification proROL CI onto GA treated MNP ID: 26% [256] 

MLM OP + CA Acidolysis proROL CI onto GA treated MNP ID: 51% OS: 6.8 batches [256] 

MLM OP + ethyl caprate Interesterification proROL CI onto GA treated MNP ID: 46%. OS: 9.1 batches [256] 

MLM Grapeseed oil + CRA Acidolysis rROL CI onto Amberlite IRA 96 ID: 54%. OS: half-life 166 h [257] 

MLM Grapeseed oil + CA Acidolysis rROL CI onto Amberlite IRA 96 ID: 69% OS: half-life 118 h [257] 

MLM TGA58F + CA Acidolysis proROL IA onto Dowex WBA ID: 64.6% [258] 

MLM TGA40 + CA Acidolysis proROL IA onto Dowex WBA ID: 62.8% [258] 

MLM TGA55E + CA Acidolysis proROL IA onto Dowex WBA 
ID: 64.8% OS: 90 days in PBR1 

dropped 10% 
[258] 

MLM OO + CRA Acidolysis rROL 
CI onto Eupergit®/Lewatit VP OC 

1600 

OS: half time 2.4 batches (54.3 h) 

with Eupergit®C 
[259] 

MLM OO + CA Acidolysis rROL 
CI onto Eupergit® C/Lewatit VP OC 

1600 

OS: half time 10.2 batches (234 h) 

with Lewatit VP OC 1600 
[259] 

MLM OO + CRA Acidolysis rROL CI onto Eupergit® C ID: 15.5% [260] 

MLM OO + CA Acidolysis rROL CI onto Eupergit® C ID: 33.3% [260] 

MLM OO + CRA Acidolysis rROL CI onto Amberlite IRA 96 ID: 76.9 [261] 

MLM OO + CA Acidolysis rROL CI onto Amberlite IRA 96 ID: 85.6% [261] 

HMFS 
PA enriched TAG + 

OA enriched mixtures 
Acidolysis proROL IA onto Accurel® MP-1000 

ID: OA in sn-1,3 67.2% – PA in 

sn-2 67.8%. OS: no activity loss 

after 10 uses (190 h) 

[262] 

HMFS 
Lard + FFA from 

EPAX 1050TG 
Acidolysis rROL CI onto Accurel® MP-1000 

ID: 24 mol%. OS: 55% of initial 

activity after 4 batches 
[263] 

       



 

54 

 

 

 

Table 1.7. Summary of structured lipid production methods using Rhizopus oryzae lipase as main biotcatalyst. 

Product Substrates Reaction type Lipase Immobilization method ID/OS Ref. 

HMFS 
Tripalmitin + FFA 

from camelina oil 
Acidolysis rROL 

IA onto RelizymeTM OD403 

CI onto Lewatit VP OC 1600 
ID: 52% [264] 

HMFS Tripalmitin + OA Acidolysis rROL 
CI onto Accurel® MP-1000 / Lewatit 

VP OC 1600 / Eupergit® C 

ID: 30% OS: 60% of initial activity 

after 8 cycles 
[265] 

TAG rich 

in PUFA 

Cod liver + tuna oil + 

ethanol 
Alcoholysis proROL IA onto Accurel® MP-1000 

Alcoholysis ID: 72% OS: 

complete deactivation after 6 

cycles 

[266] 

2-MAG from 

alcoholysis + CRA 
Esterification proROL IA onto Accurel® MP-1000 

ID: 95%. OS: no activity loss after 

5 cycles 
[266] 

TAG rich 

in PUFA 
Tuna oil + CRA Acidolysis proROL IA onto Accurel® MP-1000 OS: over one week [267] 

TAG rich 

in PUFA 

Cod liver oil + 96% 

ethanol 
Alcoholysis proROL IA onto Accurel® MP-1000 

Alcoholysis Y: 78%. OS: 57% 

decrease after 3 cycles 
[268] 

Cod liver oil + 1-

butanol 
Alcoholysis proROL IA onto Accurel® MP-1000 

Alcoholysis Y: 78%. OS: no 

activity decrease after 3 cycles 
[268] 

Esterification: 2-

MAG from 

alcoholysis + CRA 

Esterification proROL IA onto Accurel® MP-1000 Esterification Y: 71%. [268] 

TAG rich 

in PUFA 
Fish oil + CRA Acidolysis proROL Nonimmobilized ID: 2.5% [269] 

HMFS Milk fat + soybean oil Interesterification proROL EI into polysiloxane-PVA 
ID: 8.14%. OS: no activity loss 

after 10 batches 
[270] 

CBE 
SO + SA–PA 

mixtures 
Acidolysis proROL IA onto Accurel® MP-1000  [271] 
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Regarding HMFS, Esteban et al. [262] used various commercial lipases including 

proROL immobilized onto Accurel® MP-1000 to obtain a TAG rich in palmitic acid in 

sn-2 and oleic acid in sn-1,3; (viz., so-called “OPO”, which is the main TAG component 

of human milk). proROL proved the best choice as regards oleic acid incorporation and 

operational stability —it lost almost no activity after 10 reaction cycles. Simões et al. 

[263] also used various lipases for HMFS production and found rROL immobilized onto 

Accurel® MP-1000 to perform similarly to Novozymes 435 and Lipozyme RM IM in the 

acidolytic reaction between lard and an FFA mixture from fish oil rich in 

docosahexaenoic acid. Faustino et al. [264] used rROL from K. phaffii immobilized onto 

two different supports (Lewatit VP OC 1600 and Relizyme OD403/S) to obtain HMFS 

rich in polyunsaturated fatty acids (PUFA). The acidolysis reaction was performed in a 

solvent-free system consisting of tripalmitin and FFA (linoleic and linolenic acid, mainly) 

from camelina oil, which proved a good source of PUFA. The results obtained with rROL 

immobilized onto Lewatit VP OC 1600 were comparable with those provided by the 

widely used commercial lipase Lipozyme RM IM. 

Triacylglycerols rich in long-chain and polyunsaturated fatty acids have also been 

produced with ROL, mostly in two steps in order to minimize acyl migration [272]. In 

the first step, an alcoholysis reaction is used to obtain 2-monoacylglycerols (2-MAG) 

from oils containing TAG rich in PUFA or long-chain fatty acids in the mentioned sn-2 

position, usually fish oils. Then, the resulting 2-MAG are esterified with other relevant 

FFA to obtain nutritionally interesting PUFA-rich TAG. For instance, Muñio et al. [266] 

assessed the performance of various commercial lipases including proROL immobilized 

onto Accurel® MP-1000 in the alcoholysis of tuna and cod oils to obtain 2-MAG for 

subsequent esterification with capric acid. The commercial lipase Novozyme 435 
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exhibited better operational stability than Lipase D (commercial proROL) in the 

alcoholysis reaction; however, the latter enzyme provided a higher reaction yield. In the 

esterification reaction, Lipase D led to the highest proportion of SL in the mixture (over 

90%); also, there was no loss in proROL activity after 5 reaction cycles. Similarly, Hita 

et al. [267] and Rodriguez et al. [268] followed the previous two-step procedure and used 

immobilized proROL in the process. 

ROL has scarcely been used to prepare cocoa butter equivalents (CBE). However, 

Ray et al. [271] examined the kinetics of acidolysis of high oleic sunflower oil with 

stearic–palmitic acid mixtures with a view to producing CBE formulations by further 

fractionating the ensuing product. Consequently, this subject might be a great research 

target for future projects with ROL, as well as DAG and MAG synthesis, which have so 

far been researched only tangentially in connection with the synthesis of other products 

such as biodiesel. 

1.6.3. Production of flavor esters 

Flavor and aroma esters, which have pleasant sensory attributes including fruity, floral, 

spicy, creamy and nutty aromas, occur widely in nature. These traits make them suitable 

ingredients for foods, beverages, cosmetics, pharmaceuticals, chemicals and personal 

care products including perfumes, body lotions, shampoos and other toiletries [273,274]. 

Most flavor and fragrance substances are obtained by extraction from their natural sources 

(usually fruits, plants or flowers). However, the fact that they occur at low concentrations 

naturally makes their extraction a costly process and one that cannot meet the growing 

demand for these substances. The increasing shortage of flavor esters has been met by 

devising effective chemical and enzymatic syntheses [275,276]. In addition to the above-
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described advantages of enzymatic catalysis over chemical catalysis, the former allows 

the resulting products to be labeled as natural in accordance with European Legislation 

(EC 1334/2008, EC 32/2009) if the reactants used are also natural. In this way, enzymes 

help meet consumers’ increasing demand for natural products and increase the value of 

the resulting flavor esters [273]. In fact, flavor esters have so far been obtained not only 

with ROL but also with other enzymes including commercial Novozym® 435 (Candida 

antarctica lipase B) [275,276], and lipase from Candida rugosa [277,278] and 

Burkholderia cepacia [279]. 

Ethyl butyrate is a major component of many fruit flavors including pineapple, 

passion fruit and strawberry [280]. This compound can be obtained by esterifying butyric 

acid with ethanol. Guillen et al. [281] used rROL immobilized onto three different 

supports (EP100, Eupergit®CM and Octadecyl-Sepabeads) for this esterification reaction. 

EP100-immobilized rROL proved the best performer in terms of reaction rate and yield, 

but rROL immobilized onto Octadecyl-Sepabeads exhibited the highest operational 

stability. As a result, the latter biocatalyst was chosen to examine the influence of the 

butyric acid and ethanol concentrations with a view to maximizing the reaction rate and 

final yield through a Design of Experiments (DoE) [282]. The best results were obtained 

with an acid:alcohol ratio of 1.45 and the reaction rate increased with increasing butyric 

acid concentration. However, as previously found by Grosso et al. [283], too high 

concentrations of butyric acid deactivated the enzyme.  

Butyl acetate, which is one other ester with resembling organoleptic properties to 

pineapple, was successfully synthesized by Ben Salah et al. [284], who sterified acetic 

acid with butanol in the presence of proROL immobilized onto Celite 545 —preliminary 

tests with the enzyme in free form gave poor yields and they were clearly exceeded by 
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the immobilized lipase. A solvent-free reaction was used for easier product purification 

and lower reaction toxicity and inflammability. In these conditions, the maximum yield 

was 60% and the biocatalyst remained stable for three consecutive runs with no loss of 

activity. 

Flavor esters have also been obtained by ROL-catalyzed transesterification 

instead of esterification. Thus, Kumari et al. [285] succeeded in synthesizing isoamyl 

acetate —an ester with a pleasant banana flavor— by transesterifying isoamyl alcohol 

with vinyl acetate in the presence of immobilized proROL. This way, the inhibitory effect 

of the acid on the esterification reaction [286] was avoided by using transesterification 

instead of esterification. Under optimal conditions, conversion peaked at 95% after 8 h 

reaction; also, the enzyme exhibited a high operational stability and no loss of activity 

after 3 reaction cycles. Garlapati et al. [287] used proROL covalently immobilized onto 

activated silica to obtain methyl butyrate and octyl acetate —two esters with a pineapple 

and orange flavors, respectively— by transesterification. After an optimization process, 

the solvent-free system used afforded high reaction yields (viz., 70.42% methyl butyrate 

in 14 h and 92.35% octyl acetate in 12 h). Also, the biocatalyst retained more than 95% 

of its initial relative activity after 5 reaction cycles. A transesterification reaction was also 

used to obtain citronellol esters with proROL immobilized onto a copolymer of 

hydroxypropyl methyl cellulose (HPMC) and polyvinyl alcohol (PVA) in a supercritical 

carbon dioxide reaction medium [288]. The yields in the three target flavor esters 

(citronellol acetate, citronellol butyrate and citronellol laurate) exceeded 90%, which 

testifies to the suitability of the biocatalyst and the operational approaches followed in 

the biotransformations.  
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As per legislation currently in force in Europe, the substrates for esterification or 

transesterification reactions giving flavor esters must be natural if the products are to be 

labelled “natural” as well. Because most of the esters used in transesterification reactions 

are in general nonnatural, the resulting products cannot be legally deemed natural, so 

esterification reactions are to be preferred (especially when the natural flavor market is 

targeted). Further research is therefore needed to improve ROL activity and operational 

stability in esterification reactions yielding natural flavors. 

1.6.4. Resolution of racemic mixtures 

Enantiomerically pure compounds are very attractive for preparing a wide range of 

products. This is particularly so in the food and pharmaceutical industries, where the 

desired organoleptic properties or medical effects might be present in only one isomer. 

As a result, racemic resolution has become increasingly important and made lipases even 

more interesting by virtue of their enantioselectivity and specificity [289,290]. 

Palomo et al. [291] used proROL to resolve (R)-glycidyl butyrate isomers. This 

compound is an essential substrate for obtaining linezolid, a product currently used to 

treat multidrug-resistant Gram-positive infections. A “conformational engineering” 

approach was used to prepare proROL in various immobilized forms in order to alter the 

rigidity of the enzyme structure and its microenvironment so as to change the shape of 

the open form of the lipase and its catalytic performance as a result. Of the three different 

biocatalysts tested, proROL immobilized by adsorption onto dextran sulfate-coated 

Sepabeads provided 55% conversion and the highest enantiomeric excess (ee = 99%). 
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Benzoin is an important α-hydroxy ketone and a potential building block for some 

organic syntheses. Songür et al. [292] achieved its enantioselective production from 

benzoin acetate in the presence of R. oryzae cell homogenates (Figure 1.10) to combine 

enantioselective hydrolysis by proROL with the racemization by native racemase from R. 

oryzae for increased ee and conversion levels. The resulting (S)-benzoin conversion was 

close to 100% and ee = 96%. 

 
Figure 1.10. Schematic representation of enantioselective benzoin acetate hydrolysis 

and deracemization of benzoin using R. oryzae cells [292]. 

 

proROL covalently immobilized onto a Lewatit-aldehyde support proved an 

effective biocatalyst for asymmetric hydrolysis of dimethyl 3-phenylglutarate [293]. 

Under the best conditions, (R)-methyl-3-phenylglutarate was obtained with ee = 92% and 

a monoester yield of 97%. 
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The (S)-enantiomer of ibuprofen is 160 times more active than its (R)-counterpart 

—also, the latter can have unwanted side effects on the gastrointestinal tract. Using the 

right enantiomer of each drug is in fact crucial. Yousefi et al. [294] succeeded in resolving 

racemic ibuprofen esters by using proROL immobilized onto octadecyl sepharose (Figure 

1.11). 

 
Figure 1.11. Lipase-catalyzed enantioselective hydrolysis of racemic ibuprofen esters 

[294]. 

 

 A proROL-displaying yeast whole-cell biocatalyst (viz., one obtained by 

genetically modifying a S. cerevisiae strain to exbibit proROL on its cell surfaces) 

allowed the racemic resolution of (R,S)-1-phenylethanol to obtain (S)-1-phenylethanol, a 

chiral building block. A yield of 97.3% and ee = 93.3% were obtained after 36 h of 

reaction [295]. The same biocatalyst was used to accomplish the optical resolution of the 

pharmaceutical precursor (R,S)-1-benzyloxy-3-chloro-2-propyl monosuccinate. The 

enzyme remained operationally stable over at least 8 reaction cycles [296]. 

1.6.5. Polymerization reactions 

Current consumption patterns in developed countries are heavily reliant on plastics, 

whose excellent properties have led to their becoming essential for all of the products we 

use in daily life [297]. Because they are most often derived from fossil fuels, however, 

their overuse has worsened some problems such as petroleum depletion, the dependence 

on oil-producing countries, and the worldwide environmental crisis sparked by the 
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massive use of nonbiodegradable plastics and careless disposal of plastic wastes. In fact, 

tonnes of plastics are buried in landfills, burnt in incinerators or simply thrown into rivers 

and seas each year, thereby polluting all land, air and water [298,299]. All of this has 

turned the environmental crisis into a health emergency also, as the ubiquity of plastics 

in nature is leading to their reaching the food chain with still largely unknown effects on 

fauna and human health [300]. 

 In this context, bio-based and biodegradable biopolymers (so-called “bioplastics”) 

are emerging as a much needed transition to plastics with less advese impacts [301]. The 

European Commission has lately established some policies in this direction including the 

Plastic Strategy (COM/2018/028). However, the new terms used in connection with the 

polymers can raise confusion. For example, the word “biopolymer” encompasses all 

plastics that are bio-based and/or biodegradable but “bio-based” does not equal 

“biodegradable”. In fact, the former term refers to origin (renewable resources) whereas 

the latter is connected with degradability upon exposure to certain conditions or 

microorganisms [301–303]. Thus, biopolyethylene is a bio-based but not biodegradable 

biopolymer, whereas polycaprolactone is a biodegradable but not bio-based biopolymer, 

and polylactic acid (PLA) is both bio-based and biodegradable [304]. In fact PLA is 

arousing increasing interest by virtue of the technological advances focused on improving 

its productivity and functionality, its being an effective alternative to polystyrene and 

polypropylene for packaging, and its affording other challenging uses such as biomedical 

products —PLA is a biocompatible and bioabsorbable polyester [301,305,306]. 
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Figure 1.12 – Polylactic acid (PLA) synthesis by direct lactic acid condensation or 

ring-opening polymerization. Image adapted from [307]. 

 

 There are two main ways of synthesizing polyesters (PLA included) with lipases 

(Figure 1.12), namely: by ring-opening polymerization (ROP) of lactones and by 

polycondensation or direct condensation [308,309]. The latter process involves 

esterification of a carboxyl group with a hydroxyl group to form an ester bond. On the 

other hand, ROP is a chain-growth polymerization process where one end of the polymer 

chain carries a reactive site for addition of cyclic monomers [310,311]. ROP allows 

polyesters with an increased molecular weight relative to direct condensation but requires 

using a lactone —and hence a preliminary step to synthesize it [309,311]. ROL has 

scarcely been used in polymerization reactions of this type [312]. Among the few relevant 

reports is one by Uyama et al. [313], who back in 1995 used Rhizopus japonicus and 

Rhizopus delemar lipases (currently deemed ROL) for ROP of macrolides (macrocyclic 

esters) consisting of 11-membered lactones. However, no conversion was obtained with 

lipases from Rhizopus sp. Nevertheless, many other microbial lipases have obtained 



 

64 

 

 

significant results in these reactions. For instance, Kondabagil et al. [314] obtained a PLA 

of 1423 Da by using porcine pancreatic lipase (PPL) through direct lactic acid 

condensation while Chuensangjun et al. [306], by utilizing the commercial Lipozyme TL 

IM, a PLA of 4515 Da. Regarding ROP, various lipases have been also employed, such 

as PPL, Pseudomonas cepacia lipase, CALB and CRL. The former has been successfully 

employed reporting values over 10000 Da [315] while the latter have also exhibited 

extraordinary results forming a PLA around 5500 Da [316]. Consequently, there is still 

room for improvement for the use of ROL in ROP and direct lactic acid condensation 

reactions. 
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The main objective pursued by the elaboration of this thesis consists of improving 

Rhizopus oryzae lipase (ROL) heterologous production in Komagataella phaffii (Pichia 

pastoris) cell factory to obtain a cheaper and more stable biocatalyst capable of being 

employed in biotransformation of industrial interest. In summary, this objective can be 

broken down into the following sections: 

• Employ immobilized mature sequence ROL (rROL) for biodiesel production:  

o Assess the effect of immobilization support surface groups. 

o Evaluate biodiesel synthesis for second- and third-generation biofuel production. 

o Scale-up biodiesel production to lab-scale reactor (50 mL). 

o In-line monitoring biodiesel synthesis with near infrared spectroscopy (NIR). 

• Add the 28 C-terminal amino acids from the native prosequence to mature sequence 

lipase (proROL) to enhance heterologous production of the enzyme, lower 

heterologous production bioprocess complexity and, increase enzyme stability:  

o Test proROL heterologous expression in K. phaffii under PAOX1 and PGAP. 

o Biochemically characterize free proROL and evaluate its stability (free and 

immobilized). 

• Assess the synthesis of flavours esters through lipase-based esterification of isoamyl 

alcohol with butyric acid and acetic acid and scale-up (250 mL reactor) the best 

performing reaction conditions. 

• Use of proROL in polylactic acid biopolymer synthesis through direct lactic acid 

condensation and ring-opening polymerization of lactides and compare the results 

with Candida rugosa lipase 1.
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3.1. Materials 

Olive pomace oil (alperujo oil) was a gift from Professor Eulogio Castro (University of 

Jaen, Spain); microbial oil from a modified strain of Rhodosporidium toruloides was 

supplied by Neol Biosolutions (Granada, Spain); jatropha and makauba oils were kindly 

donated by Professor Denise Freire (Universidade Federal do Rio de Janeiro, Brazil); and 

WCO was obtained from a local public waste management company. All oils were 

centrifuged prior to use.  

Polymethacrylate matrix supports D6307 (containing epoxide and butyl surface 

groups, EB), D6308 (containing epoxide and octadecyl surface groups, EO) and D6309 

(containing epoxide and divinylbenzene surface groups, EDVB) were kindly supplied by 

Purolite® (King of Prussia, PA, USA).  

The colorimetric kit for enzymatic assay 11821729 was obtained from Roche 

(Mannheim, Deutschland) and bovine serum albumin standard (Ref. 11811345) was 

supplied by Thermo Fisher Scientific (Waltham, MA, USA). Butyric acid, isoamyl 

alcohol, acetic acid, fusel oil and isoamyl butyrate were kindly provided by Hausmann, 

S.L. (Barcelona, Spain). KOH, heptane, ethanol and methanol were purchased from 

Panreac (Barcelona, Spain). Cyclohexane, hexane, isooctane, toluene, limonene, anisole, 

p-cymene, pyridine, 2-methylpyridine, chloroform (CDCl3), n-Butylamine solution, 3-

aminopropyltriethoxysilane (APTS), ammonium sulphate, NaBH4, FeCl2, FeCl3, 

molecular sieves 3Å, L-lactic acid (80% liquid solution), lactide (3,6-Dimethyl-1,4-

dioxane-2,5-dione), standards of isoamyl acetate, ethyl butyrate, methyl/ethyl palmitate, 

methyl/ethyl stearate, methyl/ethyl oleate, methyl/ethyl linoleate, methyl linoleate, 

4-Methylumbelliferyl butyrate (MUF-butyrate), p-nitrophenyl esters, 
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phenylmethylsulfonyl fluoride (PMSF), culture media reagents, and all unstated reagents 

were obtained from Sigma–Aldrich (St. Louis, MO, USA).  

3.2. Lipase heterologous expression 

3.2.1. Plasmids and strains 

Four different plasmids were used, namely: two pPICZαA plasmids containing the mature 

sequence of Rhizopus oryzae lipase (rROL PAOX1-plasmid), and a derivative thereof 

containing the 28 C-terminal amino acids of the prosequence of the native lipase in the 

N-terminal of rROL (proROL PAOX1-plasmid), the pair expressed under the inducible 

promoter of alcohol oxidase 1 (PAOX1). The region corresponding to the 28 amino acids 

was codon-optimized, as it was also done with mature sequence, for P. pastoris 

(GenScript, Piscataway, NJ, USA) and flanked with XhoI and BtsαI restriction sites for 

subsequent digestion-ligation and cloning. The rROL PAOX1-plasmid natively contained 

both restriction sites, so cloning left no unwanted sequences in it. In both rROL and 

proROL PAOX1-plasmids, PAOX1 was replaced with the constitutive glyceraldehyde-3-

phosphate dehydrogenase promoter (PGAP) from pGAPZαA plasmid. Because exchanged 

fragments natively contained flanking sequences of BglII and XhoI restrictions sites, no 

unwanted nucleotides remained in the anew formed plasmids (rROL PGAP-plasmid and 

proROL PGAP-plasmid). 

Pichia pastoris X33 strains were transformed by electroporing 100 ng of the 

previously linearized corresponding plasmids (e.g. proROL PAOX1-plasmid, proROL 

PGAP-plasmid and rROL PGAP-plasmid). In PGAP-plasmid transformations, a blank 

consisting of empty pPICZαA plasmid with the exchanged promoters was additionally 
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used as a control. In all the cases, the resulting colonies were re-streaked twice on YPD-

Zeo plates to avoid population mixing, and five to eight isolated colonies screened as 

described elsewhere [1], the most representative colony in each run being selected for 

further study. Single-gene copies were confirmed by digital droplet PCR with the primers 

5′-CCCTGTCGTCCAAGAACAAC-3′ and 5′- GAGGACCACCAACAGTGAAG-3′ for 

rROL and proROL, and 5′-CCTGAGGCTTTGTTCCACCCATCT-3′ and 5′-

GGAACATAGTAGTACCACCGGACATAACGA-3′ for actin [2]. 

3.2.2. Batch cultures 

The inoculum culture was grown for 24 h in a 1 L baffled shake flask at 30 °C and 150 

rpm. The flask was filled with 100 mL YPG medium containing 10 g L−1 yeast extract, 

20 g L−1 peptone, and 20 g L−1 glycerol and zeocin to a final concentration 100 µg mL−1 

[3]. Then, a sample was centrifuged and resuspended in 100 mL of sterile water. This was 

followed by the addition of the inoculum to the bioreactor at OD600 = 2 (for strains 

transformed with PAOX1-plasmid) or OD600 = 0.1 (for strains transformed with PGAP-

plasmid) in a culture volume of 1 L. Cells were cultivated in a 2 L bioreactor (Applikon 

Biotechnology, Delft, Netherlands). 

Invitrogen culture medium [26.7 mL 85% H3PO4, 0.93 g CaSO4, 18.2 g K2SO4, 

14.9 g MgSO4·7H2O, 4.13 g KOH, and 2 mL 200 mg L−1 biotin], 10 g methanol L−1, 5 

mL of a trace salts stock solution, and a 0.15 mL L−1 concentration of antifoaming agent 

(A6426, Sigma–Aldrich Co.) were used for strains harboring PAOX1-plasmid while strains 

harboring PGAP-plasmid were cultured in a medium containing 2.0 g citric acid, 12.4 g 

(NH4)2HPO4, 0.022 g CaCl2·2H2O, 0.9 g KCl, 0.5 g MgSO4·7H2O, 40 g glycerol, 4.6 ml 

trace salts stock solution and 2 mL 200 mg L−1 biotin, both of them in a final volume of 
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1 L culture. The trace salt solution (PTM) contained the following amounts per liter: 6 g 

CuSO4·5H2O, 0.08 g NaI, 3 g MnSO4·H2O, 0.2 g Na2MoO4·2H2O, 0.02 g H3BO3, 0.5 g 

CoCl2, 20 g ZnCl2, 65 g FeSO4·7H2O and 5 mL concentrated H2SO4. The biotin and the 

trace salt solution were sterilized separately by filtration (SLGV013SL 0.22 mm, 

Millipore Corporation, Billerica, MA, USA). The growing conditions were adapted from 

reported recommendations [4]. Cells were grown at 30 °C and at constant pH of 5.5 with 

rROL harboring strain and pH of 5 with proROL harboring strain by adding 15% (v/v) 

NH4OH as required. The oxygen concentration was set at 25% and controlled by cascade 

stirring between 500 rpm and 1200 rpm with constant aeration at 1 vvm.  

Samples were withdrawn at different times from the reactor and analyzed for 

lipolytic activity, biomass, glycerol and methanol concentration. The end of each batch 

run was detected by a sudden increase of dissolved oxygen (DO) concentration in the 

culture broth [4]. All tests were performed in duplicate. 

3.2.3. Fed-batch cultures 

The inoculum was grown as described in the previous section and added to the bioreactor 

at a final OD600 of 1.5 in 2 L of the same culture medium used in the batch tests for each 

strain, although methanol was replaced with 40 g L-1 glycerol in the corresponding strain. 

Fed-batch cultures were run in a 5 L Biostat B bioreactor from Sartorius (Guxhagen, 

Germany) and as described for batch cultures, samples were withdrawn at different times 

and analyzed for lipolytic activity, biomass, glycerol and methanol concentration. 
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3.2.3.1. Fed-batch cultures: methanol inducible promoter 

Following to the first stage of batch culture, strains harboring PAOX1-plasmids were 

submitted to transition stage to assure a proper shift from growing conditions with 

glycerol, in which the inducible promoter is repressed, to the final stage, the induction 

stage, with methanol as substrate and inductor. Thus, in the last stage promoter is required 

to be derepressed. 

Transition stage entails the use of glycerol (50% w/w) and methanol as feeding to 

gradually, during 5 h, decrease the feeding rates of glycerol while maintaining a constant 

feeding rate of methanol to ensure a methanol concentration that favors promotor 

derepression [5]. 

Induction stage was performed with methanol as the sole carbon source to 

facilitate protein induction. Two already described strategies were followed for methanol 

addition, methanol-limited fed-batch cultures (MLFB) and methanol non-limited fed-

batch cultures (MNLFB) [6]. Under MLFB strategy, pre-fixed 0.015 and 0.045 h−1 

specific growth rates were employed, while for MNLFB, methanol concentration was set 

at 3 g L−1, the already published optimum concentration for rROL-strain [6]. Methanol 

concentration was monitored and controlled with a Raven Biotech (Vancouver, BC, 

Canada) probe immersed in the culture broth. Oxygen concentration was fixed at 25% 

and controlled by a cascade stirring first (between 500 to 1200 rpm) and, second, in case 

of necessity, by enriching gas inlet flow composition with pure oxygen maintaining a 

constant aeration of 1.5 vvm.  

During transition and induction stage, pH set-point was controlled using KOH 5 

M due to the interferences that NH4OH could provoke in the methanol probe signal. 
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Consequently, nitrogen supplementation was performed with NH4Cl solution (200 g 

NH4Cl, 5 mL of trace salts stock and 2 mL of biotin per L of distilled water) with a feeding 

rate subordinated to methanol one through an estimated ammonium chloride/methanol 

yield of 0.12 g g-1. Further information about the fed-batch bioprocess can be found 

elsewhere [6,7]. 

3.2.3.2. Fed-batch cultures: constitutive promoter 

Batch stage of PGAP-plasmid harboring strain was directly followed by the fed-batch stage 

which was conducted with glucose as sole carbon source, using a carbon-limited feeding 

strategy and a preset exponential feeding rate intended to maintain a constant specific 

growth rate of 0.045 h–1. The feeding was supplemented by the following composition 

per liter: 400 g of glucose, 10 g KCl, 6.45 g MgSO4·7H2O, 0.35 g CaCl2·2H2O, biotin 

0.02% (6 mL), trace salts stock solution (15 mL) and antifoam (0.2 mL). 

3.2.3.3. Biomass determination by dry cell weight (DCW) 

Biomass concentration of the samples was determined as DCW by withdrawing 8 mL 

samples of the bioreactor; these were then filtered through dried at 105 °C and pre-

weighted glass microfibre filters (Whatman GF/F, Maidstone, UK), which were 

subsequently washed with two volumes of distilled water and dried again at 105 °C to a 

constant weight. Determinations were performed by triplicate and the relative standard 

deviation (RSD) was about 4%. 
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3.2.3.4. Glycerol and methanol determination by high-performance liquid 

chromatography (HPLC) 

The concentration of glycerol and methanol was measured by means of HPLC (Dionex 

Ultimate 3000, from ThermoFisher) analysis using an anionic exchange column 

(ICSepICE-COR-EGEL87H3, Transgenomic, NE, USA) as previously described [8]. 

The mobile phase was 6 mM sulfuric acid, and the sample injection volume was 20 µL. 

Chromeleon software (Dionex) was used for data treatment. Determinations were 

performed by triplicate and RSD was always less than 2%. 

3.2.3.5. Fermentation process calculations 

Equations for feeding strategies and fermentation parameters were stablished following 

the corresponding balances and already published works [6,9]. Pre-programmed 

exponential feeding rate for carbon-limited fed-batches (both methanol and glucose) with 

the objective to control the specific growth rate of the culture at time (t) can be obtained 

from fed-batch substrate balance: 

µ(𝑡) =  
𝑌𝑋/𝑆𝐹(𝑡)𝑆0

𝑉(𝑡)𝑋(𝑡)
  (3.1) 

By integrating the fed-batch cell mass balance (Eq 3.2) and combining it with the 

previous equation, the feeding rate F(t) for a fixed specific growth rate can be expressed 

by the following equation: 

𝑋(𝑡)𝑉(𝑡) = 𝑋(𝑡0)𝑉(𝑡0)exp [µ(𝑡 − 𝑡0)] (3.2) 

𝐹(𝑡) =  
µ[𝑋(𝑡0)𝑉(𝑡0)]

𝑌𝑋/𝑆𝑆0
exp [µ(𝑡 − 𝑡0)]  (3.3) 
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This feeding rate equation can be applied if V and X are known at the beginning 

of the fermentation and if YX/S is assumed as constant along the process. Then, feeding 

can be calculated depending on the value of the first addition with the following equation: 

𝐹(𝑡 + 𝛥𝑡) = 𝐹(𝑡)exp (µ𝛥𝑡)  (3.4) 

For MNLFB feeding strategy, a predictive-PI control was stablished to maintain 

the desired concentration of methanol in the culture medium. 

𝐹(𝑡 + 𝛥𝑡) = 𝐹(𝑡) −
𝑉

(𝑆𝑓𝑒𝑒𝑑−𝑆𝑡
·

𝑑𝑆

𝑑𝑡
+ 𝐾𝑝 (𝜀𝑡 +

1

𝜏𝑖
∫ 𝜀𝑡𝑑𝑡

𝑡

0
) (3.5) 

Fermentation procedure rates (µ and qp) were obtained by performing mass 

balances inside the bioreactor for fed-batch operation: 

µ =
1

(𝑋𝑉)

𝑑(𝑋𝑉)

𝑑𝑡
  (3.6) 

𝑞𝑝 = (
𝑑𝑃

𝑑𝑡
+

𝐹𝑃

𝑉
)

1

𝑋
 (3.7) 

3.2.4. Lipase downstream 

rROL and proROL production fed-batch runs were followed by supernatant 

centrifugation and microfiltration, firstly with 0.7 µm glass fiber prefilters (Merck 

Millipore Ltd. Tullagreen, Carrigtwohill Co., Cork, Ireland) and secondly with 0.45 µm 

aqueous nylon membranes (Merck Millipore Ltd.). Then, ultrafiltration and subsequently, 

diafiltration and concentration in a Tris-HCl 10 mM pH 7 buffer were performed 

employing a 10 kDa cut-off Centrasette membrane (Pall Filtron, New York, USA). Thus 

obtained concentrate was lyophilized and stored at -20 °C. 
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proROL derived lipase (proROLm) was obtained by action of proteases over 

dissolved proROL [10]. Then, centrifugation and passage through 0.2 µm filters was 

performed to remove unwanted contaminants. 

Candida rugosa lipase 1 (CRL1) fed-batch supernatants, kindly donated by the 

Bioprocess and Applied Biocatalysis group members, were submitted to the same 

procedure like rROL and proROL so as to obtain lyophilized powder of CRL1. Identical 

buffer (Tris-HCl 10 mM pH 7) and membrane (10 kDa cut-off Centrasette) were 

employed. 

3.3. Lipolytic activity analysis 

Lipase activity was determined on a Cary 300 spectrophotometer from Varian (Mulgrave, 

VIC, Australia), using the 11821792 lipase colorimetric kit from Roche (Mannheim, 

Germany) in 200 mM Tris-HCl buffer at pH 7.25 at 30 °C. Measurements were made in 

triplicate with an estimated RSD of 5% following a published procedure [11,12]. Briefly, 

300 µL substrate (1,2-O-dilauryl-rac-glycero-3-glutaric-(methylresoru-fin)-ester) was 

mixed with 500 µL of Tris-HCl buffer and 500 µL of diluted sample in a thermostatically 

controlled cuvette. The absorbance increase at 580 nm was followed for 7 min and the 

slope correlated to the lipolytic assay using pH-stat analysis. One unit of lipolytic activity 

was defined as the amount of lipase required to hydrolyze 1 µmol of ester bond per minute 

under assay conditions. 

As Roche discontinued the colorimetric kit employed for lipolytic activity 

analysis, a correlation was performed on a Specord 200 Plus spectrophotometer from 

Analytic Jena (Jena, Germany) using p-nitrophenyl butyrate (pNPB) by adapting a 
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procedure described elsewhere [13]. 500 µL of the diluted sample was mixed with 800 

µL of reaction buffer (phosphate buffer, 50 mM pH 7.25) and the activity was monitored 

at 348 nm and at 30 °C during 7 minutes. Activity units were correlated to those obtained 

with the Roche colorimetric kit. 

3.4. Substrate specificity to p-nitrophenols esters 

Substrate specificity was assessed by monitoring the hydrolysis of C-4 to C-12 p-

nitrophenol esters with a Cary Varian 300 spectrophotometer at 30 °C in 50 mM 

phosphate buffer at pH 7, 0.32% (w/v) Triton X-100, 4% (v/v) acetone and 1mM p-

nitrophenol ester concentration (for the C12 and C10 2.5% w/v Triton X-100 was used 

due to the low solubility of these compounds). Activity assay was performed following 

an already described procedure [14]. 

3.5. Total protein analysis 

Extracellular protein concentration was determined by using the Bradford method with 

bovine serum albumin as standard and Pierce Coomassie (Bradford) Protein Assay Kit 

from Thermo Fisher Scientific [15]. Assays were performed in triplicate with an RSD 

lower than 5%. 

 

 

 

 



 

131 

 

3.6. Electrophoresis techniques 

3.6.1. SDS-PAGE 

Sodium dodecyl sulphate-polyacrylamide gel electrophoresis (SDS-PAGE) was carried 

out in a Mini-PROTEAN II apparatus from BioRad (Hercules, CA, USA) with 12% Mini-

PROTEAN® TGX™ Precast Protein Gels (Ref. 4561043) and following the 

recommendations given by the manufacturer and already described procedures [14]. 

Prestained all blue and unstained Precision Plus Protein™ standards from BioRad were 

used for molecular weight determination and band quantification, respectively. Colloidal 

solution of Coomassie G250 (34% v/v ethanol, 2% v/v H3PO4, 17% w/v NH4SO4 and 

0.066% Coomassie G250) was employed for staining gels. 

Gel DocTM EZ Imager and ImageLab v.5.2 software from BioRad were used for 

image analysis and quantification. 

3.6.2. Zymogram 

Zymograms were performed as previously described [14,16]. Briefly, before staining the 

SDS-PAGE gel, the SDS was removed by submerging the gel into a 2.5% Triton X-100 

solution during 2 h at room temperature. Then, Tris-HCl 20 mM pH 7 buffer was 

employed for washing the gel twice for 15 mins each time and, afterwards, it was 

incubated during 30 seconds in a 100 µM MUF-butyrate solution in the same buffer. 

Finally, the gel was exposed to UV illumination to detect fluorescent bands and stained 

using G250 colloidal solution to determine the molecular weight of each active protein. 
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Gel DocTM EZ Imager and ImageLab v.5.2 software from BioRad were used for 

image analysis. 

3.6.3. Western blot 

Western blot tests were done after SDS-PAGE and prior to staining. Proteins were 

transferred from the gel to a nitrocellulose membrane (Trans-Blot Turbo Midi 

Nitrocellulose Transfer Pack, BioRad) by using the Trans-Blot® Turbo™ Transfer System 

(10 min, 2.5 A, 25 V) from BioRad. Then, the membrane was blocked by incubation 

during 1 h in a solution 5% skim milk and 1 mL Tween 20 and afterwards, incubated with 

mouse anti-ROL antiserum obtained from the Servei de Cultius Cel·lulars, Producció 

d’Anticossos i Citometria (Universitat Autònoma de Barcelona, Bellaterra, Spain) for 

lipase immunorecognition. After washing, the HRP-conjugated polyclonal anti-mouse 

IgG from Sigma Aldrich was employed as secondary antibody. Finally, detection was 

performed by incubating with ClarifyTM Western ECL substrate for 5 minutes [17]. 

Image analysis and quantification were done with a Molecular Imager® 

ChemiDoc™ XRS System (BioRad) and the software ImageLab v.5.2. rROL purified 

samples of known concentration were used for 2-point calibration and sample 

quantification in western blot. 

3.7. Proteolytic activity inhibition 

Proteolytic activity inhibition was assessed by using the PMSF inhibitor at a 1.5 mg mL−1 

concentration in ethanol mixed with lipase solution in 5 mM phosphate buffer at pH 7 

[18]. Blanks containing no PMSF (C1), or neither alcohol nor PMSF (C2), were also used. 
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An additional blank (C3) was prepared by sterilizing a sample of lipase solution by 

filtration with 0.22 µm pore size from Millipore Corporation (Billerica, MA, USA). All 

samples were kept in a roller at room temperature for 24 h. 

3.8. N-terminal analysis 

The N-terminal sequences of proROL, proROLm (see Section 3.2.4) and rROL were 

determined by automated Edman’s degradation thanks to the group of professor María 

Jesús Martínez and Alicia Prieto from the Centro de investigaciones Biológicas (CSIC), 

where the analyses were performed [19]. The resulting sequences were further examined 

by using the Protein BLAST tool from the National Centre for Biotechnology Information 

(NCBI). 

3.9. Free enzyme stability analysis 

Temperature and pH stability were examined by dissolving lyophilized lipase powder in 

200 mM Tris-HCl buffer under suitable pH and temperature conditions. Samples were 

withdrawn for analysis after 1 h and 24 h. 

Alcohol tolerance of lipases was assessed in 200 mM Tris-HCl buffer at pH 8.12 

and 25 °C, containing 0%–30% (v/v) alcohol. Samples were withdrawn for analysis over 

the first 24 h. 

Enzymatic activity was determined by the previously described method (Section 

3.3., Roche colorimetric kit), diluting the sample not to alter lipolytic activity assay 

conditions. 
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Stability studies were done under sterile conditions by previously passing the 

samples through a filter of 0.2 µm pore size to avoid unwanted proteases coming from 

microbial contaminants. 

3.10. Synthesis of magnetic nanoparticles (MNPs) and functionalization 

with amino groups 

Nanoparticles of magnetite (Fe3O4) were synthesized and functionalized with amino 

groups (MNPs-NH2) following an already described protocol [20]. Briefly, magnetite 

nanoparticles were produced through coprecipitation of an aqueous solution of 0.36 M 

FeCl2 and 0.72 M FeCl3 into a 1 M solution of NH4OH. Thus, obtained black precipitate 

was separated from the liquid phase using a magnetic field and washed thrice with 

ultrapure water (MilliQ, Millipore Co.) and twice with PBS (phosphate buffered saline). 

Obtained nanoparticles contained superficial –OH, so an incubation with 2% v/v APTS 

at 70 °C under orbital shaking during 24 h was performed. Then, amino functionalized 

nanoparticles were washed thrice with PBS and kept in the same buffer at 4 °C until use. 

All solutions used for MNPs synthesis and functionalization were prepared in 

nitrogen-bubbled ultrapure water. The dry weight and concentration of MNPs were 

determined by using a VR-1/120/240 vacuum concentrator from Heto Lab Equipment 

(Zealand, Denmark). 

3.11. Functionalization of supports with aldehyde groups 

Two types of immobilization supports based on polymethacrylate and magnetite were 

used. The polymethacrylate-based supports (Purolite®) included the support with 
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epoxide and butyl functional groups (EB); with epoxide and octadecyl groups (EO) and 

with epoxide and divinylbenzene groups (EDVB). All were conditioned as described 

elsewhere [21]. Succinctly, epoxide groups were converted firstly into amino groups by 

incubating 1 g of dried support with 1 M ethylenediamine solution pH 10 at 60 °C during 

4 h. Afterwards, solution was vacuum filtered and rinsed with distilled water. Secondly, 

amino groups were transformed to aldehyde groups by incubating the support with a 2.5% 

w/v glutaraldehyde solution in phosphate buffer 0.1 M at pH 8 on a roller during 2 h at 

room temperature. Finally, support was vacuum filtered and rinsed with distilled water. 

Previously functionalized MNPs-NH2 were simply pretreated with glutaraldehyde 

following the same protocol described for polymethacrylate supports. The resulting 

aldehyde-functionalized MNPs (MNP-CHO) were further modified by incubation in a 0–

1 M butylamine solution in 100 mM phosphate buffer pH 8 at room temperature for 2 h 

to obtain MNP-But-CHO. MNPs were washed three times with PBS after each step and 

stored at 4°C until use. 

3.12. Lipase immobilization 

Lipase was immobilized onto the above-described polymethacrylate- and magnetite-

based supports by using a modified version of a previously reported method [21]. Unless 

otherwise stated, 1 g of glutaraldehyde-treated support (dry weight for MNPs) was mixed 

with a 3500 AU lipase mL–1 solution at 4°C for 42 h. The polymethacrylate biocatalysts 

thus obtained (EB-rROL/proROL, EO-rROL/proROL, EDVB-rROL) were vacuum-

filtered and dried on silica gel, whereas the magnetite-based biocatalysts were recovered 

by application of a magnetic field, washed three times with PBS and concentrated to 2 

mg mL–1. 
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When indicated, Schiff bases and unreacted aldehyde groups were reduced by 

incubating the supports with a 1 mg mL–1 NaBH4 solution in 100 mM phosphate buffer 

at pH 8 at room temperature for 2 h [20]. 

The specific activity of the biocatalysts (immobilized AU mg support–1) was 

calculated as the difference between those of the blank and supernatant solutions divided 

by the final weight (MNP dry weight) of biocatalyst. The immobilization yield (IY) for 

the polymethacrylate supports was estimated by exposing them to lipase solutions at 

concentrations from 55 to 1000 AU mg support–1: 

𝐼𝑌 (%) =
𝐵𝑖𝑜𝑐𝑎𝑡𝑎𝑙𝑦𝑠𝑡 𝑠𝑝𝑒𝑐𝑖𝑓𝑖𝑐 𝑎𝑐𝑡𝑖𝑣𝑖𝑡𝑦

𝑜𝑓𝑓𝑒𝑟𝑒𝑑 𝑎𝑐𝑡𝑖𝑣𝑖𝑡𝑦 𝑢𝑛𝑖𝑡𝑠
 𝑥 100 (3.8) 

3.13. Immobilized rROL and proROL stability against organic solvents 

The stability of EB-proROL and EB-rROL against organic solvents was assessed by using 

closed vials of 10 mL. Thus, a total amount of 5000 AU of each biocatalyst was incubated 

with 5 mL of the corresponding solvent at 25 °C under stirring at 350 rpm in the IKA KS 

400 incubator (IKA, Staufen, Germany) for 24 h. Then, the biocatalysts were washed with 

heptane twice and the initial rate of ethyl butyrate production was determined as described 

in Section 3.15.1. All data given are relative to the initial reaction rate of the same amount 

of non-incubated biocatalyst for each lipase. 

3.14. Transesterification reactions: biodiesel production 

Reaction runs were conducted in 10 mL closed vials containing 8 g of the corresponding 

oil and a total amount of biocatalyst of 32000 AU at 30 °C that were placed in the IKA 

KS 400 incubator under orbital stirring at 350 rpm. Ethanol or methanol was added in 1, 
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5 or 10 pulses by splitting the stoichiometric volume of alcohol (2:1 alcohol/oil) into 1, 5 

or 10 portions, respectively, that were added during the reaction to reach the theoretical 

maximum yield (66% considering the 1,3-regiospecificity of ROL) following an already 

described procedure [22].  

Olive pomace oil was used as model to investigate diffusional restrictions, the 

initial reaction rate and the operational stability when assessing different biocatalysts 

performance. The best performing biocatalyst (amongst the biocatalysts obtained by 

employing different immobilization supports) was used for further evaluation of the 

initial reaction rate and operational stability with alternative substrates including jatropha 

oil, WCO, makauba oil and microbial oil. All reactions components were pre-equilibrated 

for water activity, using saturated KOH (aw = 0.093) overnight (a minimum of 16 h) [22]. 

In general, the initial transesterification rate was calculated by adding 0.16 mL of 

methanol to 8 g of oil (viz., the stoichiometric amount needed to obtain a yield of ca. 

14%) and a total amount of biocatalyst of 32000 AU [23]. An identical procedure was 

followed to assess diffusional restrictions but using an identical mass of biocatalyst (200 

mg) with variable immobilized lipase activity. 

Operational stability was assessed by causing the biocatalyst to deposit in the vial 

bottom by decantation (Purolite®) or application of a magnetic field (magnetite) and 

removing the medium after each reaction run [22].  

The optimum butylamine concentration for MNP-CHO functionalization was 

established by assessing the operational stability of the modified biocatalysts (MNP-But-

CHO). Test were conducted as described above but in triplicate, using a scaled-down 

reaction volume (1.5 mL vials) and only 1 pulse of ethanol. 
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3.14.1. Diffusional restriction assessment: transesterification reaction 

The Weisz–Prater criterion, which is a dimensionless number used to assess internal 

diffusional restrictions [24,25] was calculated by substituting experimental data from the 

biodiesel reactions into Eq. 3.9:  

Φ =
𝑟𝑜𝑏𝑠 𝜌𝑝

𝐷𝑒𝑓𝑓 𝐶𝑚,0
(

𝑉𝑝

𝐴𝑝
)

2

  (3.9) 

where robs denotes transesterification rate (mol gparticle
–1 s–1), ρp particle density (g cm–3), 

VP particle volume (cm3), Ap particle area (cm2), Cm,0 bulk concentration of methanol (mol 

cm−3) and Deff (cm2 s–1) the effective diffusivity coefficient as calculated from Eq. 3.10: 

𝐷𝑒𝑓𝑓 =
𝐷𝑚,𝑎 𝜀𝑝 𝜎 

𝜏
 (3.10) 

Dm,a (cm2 s–1) being the molecular diffusivity of methanol in the reaction medium (olive 

pomace oil) as estimated from the Nakanishi correlation [26], εp particle porosity, σ the 

constriction factor and τ particle tortuoity. Φ values under 0.3 ensure the absence of 

internal diffusional restrictions since the resulting effectiveness factor is close to 

unity [25]. 

3.14.2. Transesterification reaction scale up 

Transesterification reaction was scaled up to a 50 mL Scharlau HME-R mini-reactor from 

Scharlab (Sentmenat, Barcelona, Spain) with mechanical stirring. The described 

procedures in Section 3.14. were proportionally scaled up to a final WCO mass of 40 g 

and mechanical stirring at 700 rpm. 
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The minireactor lid and tank were specially designed in collaboration with 

Scharlab. Thus, the lid was custom-made to include an inlet that allowed the NIR probe 

to be inserted in the reaction medium, and a second slightly curved inlet for the stirrer, so 

that both could reach the reaction medium without colliding. Besides, the stirrer was 

modified by using an additional propeller —the two were “marine propellers”— to 

facilitate generation of a turbulent regime in the reactor. 

 Operational stability was assessed as with vials, by allowing the biocatalyst to 

settle in the bottom of the reactor. 

3.14.2.1. Acquisition and processing of near infrared (NIR) spectra 

The transesterification reactions were monitored by recording NIR spectra at 5 min 

intervals in each reaction cycle  [27]. Spectra were acquired in the transflectance mode, 

using a Model 5000 spectrophotometer from FOSS NIRSystems (Silver Spring, MD, 

USA) equipped with an immersive optical probe. The spectrophotometer employed was 

kindly borrowed by Manel Alcalà from Department of Chemistry, Faculty of Sciences, 

Universitat Autònoma de Barcelona who also performed the chemometrics described 

below. 

A reference spectrum for air was obtained before the reaction. The wavelength 

range scanned was 1100–2498 nm, the spectral resolution was 2 nm and the optical path 

length was 1 mm. Raw absorbance spectra were exported to NSAS file format by using 

the software Vision 2.51, then transformed to Matlab file format with The Unscrambler 

10.3 (Camo Analytics, Norway) and finally processed for viewing, exploration and 

multivariate modeling with the software Solo (Eigenvector Research Inc., Wenatchee, 

WA, USA). 
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 First- and second-derivative spectra were obtained by using the Savitzky–Golay 

algorithm with a 15-point moving window and a second-order polynomial. Mean-

centered data (X-block for spectra) were subjected to principal component analysis 

(PCA). Partial least-squares (PLS) calibration models for mean-centered data (X-block 

for spectra and Y-block for reaction yield) were constructed by cross-validation, using the 

leave-one-out method. Samples for inclusion in the calibration and prediction sets were 

selected by using the Kennard–Stone method [28]. The quality of the PLS models and 

their predictive ability were assessed in terms of the root mean square error of calibration 

(RMSEC) and prediction (RMSEP), defined as: 

RMSE = √∑ (Y
i
pred

−Yi
ref)2n

i=1

n
  (Eq. 3.11) 

where n is the number of samples used, Yref the reaction yield provided by the reference 

method and Ypred that estimated by the NIR model. 

The number of PLS factors required to define each model was chosen from the 

minimum of a plot of RMSEP vs number of factors. The predictive ability was also 

assessed by statistical evaluation of the least-squares regression line between the 

reference GC reaction yield and the NIR-predicted value. 

The aim of quantitative multivariate modeling is reducing prediction errors by 

using the simplest possible model (i.e., that with the fewest factors). PLS models were 

evaluated over wide or narrow spectral intervals selected from different calculations, 

namely: regression coefficients, X-loadings, XY correlation vector, variable importance 

in projection and selectivity ratio. These tools allow simple numerical assessment of the 

usefulness of each X-variable in a regression model. The higher were the results obtained 

with these calculations over the significant threshold, the greater was the usefulness of 
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the variables for regression and prediction. Selection of the spectral interval was 

combined with different spectral processing methods, first in the absorbance mode, and 

then as their first and second derivatives, and also upon  standard normal variate SNV-

based scaling. The combination of SNV followed by derivatization was also tested. 

3.15. Esterification reactions 

3.15.1. Ethyl butyrate production 

Ethyl butyrate production reactions were conducted in 10 mL closed vials that were 

placed in the IKA KS 400 incubator at 30 °C under orbital stirring at 350 rpm. Samples 

were periodically taken for reaction performance assessment by gas chromatography. 

100 mM butyric acid and an acid:alcohol mole ratio of 1.25:1 were used to a final heptane 

volume of 8 mL. All substrates and solvents were dried with UOP type 3 molecular sieves 

from Sigma-Aldrich prior to use. The biocatalysts were also dried, albeit by placing the 

amounts corresponding to 10000 AU in a dryer containing silica gel. Operational stability 

tests were performed by removing used reaction medium and rinsing the biocatalysts with 

heptane twice. Then, immobilized derivatives were allowed to stand in the dryer for 24 h 

before the next reaction run [29]. Initial esterification rates were determined by 

withdrawing samples regularly over the first 90 min of reaction.  

3.15.2. Isoamyl esters production 

The acids studied (butyric and acetic) were esterified with isoamyl alcohol in the presence 

of 2000 AU of EO-proROL in 15 mL tubes at 30 °C under orbital stirring at 1200 rpm in 

a Digital Heating Shaking Drybath from Thermo Fisher Scientific. All solvents and 



 

142 

 

substrates were dried with UOP type 3 molecular sieves, and biocatalysts in a drier 

containing silica gel for 24 h prior to use. 

The solvents initially used were cyclohexane and hexane. An acid:alcohol mole 

ratio of 1:1, a butyric acid concentration of 100 mM and a reaction time of 5 h were used 

for isoamyl butyrate synthesis, and a ratio of 1:8, an acetic concentration of 50 mM and 

a reaction time of 24 h for isoamyl acetate synthesis. The final reaction volume was 

always 1.6 mL and commercial isoamyl alcohol used as alcoholic substrate. 

The operational stability of the biocatalyst was evaluated by allowing it to deposit 

in the tube bottom and removing depleted medium after the reaction. Then, the biocatalyst 

was washed three times with solvent and prepared for subsequent esterification. 

3.15.2.1. Effect of acid concentration and acid:alcohol molar ratio on 

reaction parameters during isoamyl esters production 

The influence of the initial acid concentration and acid:alcohol mole ratio on isoamyl 

butyrate biosynthesis was assessed by using Response Surface Methodology (RSM) with 

production in the first reaction batch and cumulative production after 5 cycles, both in 

micromoles, as Design of Experiment (DoE) responses. An experimental design of the 

Box-Hunter type was used with α = 1.41 and 3 central points for replication.  Single-batch 

and cumulative production of isoamyl butyrate were examined at butyric acid 

concentrations from 10 to 750 mM and acid:alcohol mole ratios from 0.5 to 2 [29,30]. All 

other reaction conditions were set as described in Section 3.15.2. 
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 The results obtained for each response were fitted to the following second-order 

polynomial equation by least-squares regression: 

𝑌 =  𝛽0 + 𝛽1𝑋1 + 𝛽2𝑋2 + 𝛽12𝑋1𝑋2 + 𝛽11𝑋1
2 + 𝛽22𝑋2

2   (Eq. 3.12) 

where Y is the dependent variable (single-batch or cumulative ester production); X1 and 

X2 are independent variables (initial acid concentration and acid:alcohol mole ratio); β0 is 

an intercept term; β1 and β2 are linear coefficients; β12 is the interaction coefficient; and 

β11, β22 are quadratic coefficients [30–32]. 

 Experimental data were processed with the software Design Expert v. 6.0.8 (Stat-

Ease, Inc., Minneapolis, MN, USA) and analyzed statistically with SigmaPlot v. 14 

(Systat Software, Inc., Chicago, IL, USA). 

The goodness of fit of the response surfaces to Eq. 3.12 was assessed in terms of 

R2, adjusted-R2 and predicted-R2. An analysis of variance (ANOVA) F-test was used to 

assess the significance of the obtained equations, their individual coefficients being 

evaluated with a t-test. The lack of fit (LOF) test was used to assess differences between 

experimental and pure error in the fitted equations. p-values < 0.05 were taken to be 

statistically significant. 

3.15.2.2. Isoamyl ester esterification reaction scale up 

The previously stablished optimum experimental conditions (viz., initial acid 

concentration and acid:alcohol mole ratio) were used to scale up the esterification reaction 

to a laboratory reactor using a final working volume of 150 mL and mechanical stirring 

at 500 rpm. The temperature was kept at 30 °C by means of an external jacket. Also, fusel 

oil was employed as alcoholic substrate, instead of isoamyl alcohol. The same optimum 
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concentration conditions were employed, after determining the concentration of isoamyl 

alcohol present in fusel oil by following the procedure described in Section 3.18.3. 

 The initial reaction rate was determined by withdrawing samples at regular 

intervals during the first 2 h of reaction. Enzyme operational stability was assessed 

identically as in 15 mL tubes (see Section 3.15.2). Biocatalyst performance was compared 

using both commercial isoamyl alcohol and fusel oil as alcoholic substrates. 

3.16. Operational stability: half-lives calculation of transesterification 

and esterification reactions 

The relative yields of consecutive transesterification and esterification cycles as 

calculated relative to the final yield of the first reaction cycle were fitted by using a first-

order exponential decay model (Eq. 3.13) and/or two-component first-order exponential 

decay model (Eq. 3.14): 

 

Y(%)t = 100e-kt, (3.13) 

 

Y(%)t = 100e-k
1

t + ce-k
2
t (3.14) 

where k, k1 and k2 are deactivation coefficients. All computations were done with the 

software Sigma Plot v. 14 [33,34]. 
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3.17. Polymerization reactions 

3.17.1. Direct lactic acid condensation 

Direct polymerization runs were conducted by adapting a previously reported method 

[35]. Thus, 20 mL closed vials containing 5 mmol of LA and 8 mL of solvent were 

incubated with 15000 AU of enzyme unless otherwise stated, using the IKA KS 400 

incubator at 30 °C under orbital stirring at 350 rpm. Reactions were allowed to develop 

for 96 h unless otherwise stated. All runs were done in duplicate, using a blank solution 

containing no enzyme and a control solution without LA under each set of operating 

conditions. 

3.17.2. Ring-opening polymerization 

The ROP procedure was a modified version of an existing one [36]. The reaction was 

performed using 10 mL closed vials containing 5 mmol of lactide and 15000 AU of 

enzyme in addition to 8 mL of toluene or anisole as solvent. Vials were incubated at 30 °C 

in the IKA KS 400 incubator that was shaken at 350 rpm. The reaction time was 96 h, 

and a blank without enzyme and a control solution without lactide were used under the 

different operating conditions. 

3.17.3. Effect of initial lactic acid concentration and total added activity 

units on lactic acid conversion and total converted amount 

Following the optimization and statistical analyses described in Section 3.15.2.1 for 

isoamyl ester production, the influence of initial LA concentration and total added AU on 
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direct condensation of LA were assessed by using Response Surface Methodology with 

LA conversion (%) and converted LA amount (mmol) as Design of Experiments (DoE) 

responses. The effect of these variables was studied by means of a Box-Hunter design 

with α =1.41 and 3 central points for replication were performed. All the other conditions 

were fixed as described in Section 3.17.1. 

Initial LA concentration was varied in a range from 1000 to 6000 mM. Total AU 

added to the reaction were stablished between 1000 and 50000 AU calculated according 

to Section 3.3, Roche colorimetric kit analysis. 

The results obtained for each response were fitted to the equation 3.12 where Y is 

the dependent variable (LA conversion or converted LA); X1 and X2 are independent 

variables (initial LA concentration and enzymatic AU, respectively) [30–32]. 

3.18. Gas chromatography analysis of synthesized esters 

3.18.1. FAMEs and FAEEs analysis 

Samples mass – 10 mg per sample approximately – was measured to avoid error during 

sampling in biodiesel reactions. Samples were lately diluted in HPLC grade n-heptane 

and mixed 50 µL of thus obtained dilution with same volume of internal standard – methyl 

heptadecanoate in n-heptane 1.928 mg mL-1 [21]. 

Fatty acid methyl esters (FAMEs) and fatty acid ethyl esters (FAEEs) were 

quantified on a model 7890A gas chromatograph from Agilent (Santa Clara, CA, USA) 

equipped with a 19095 N-123 capillary column (30 m x 0.53 mm x 1 µm) and an 

autosampler. Inlet conditions were set at 300 °C and 6.5 psi. Initial oven temperature was 
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set at 150 °C and then, with no hold time, a ramp of 24 °C min-1 until 240 °C with a hold 

time of 17 min was stablished. Detector temperature was maintained at 320 °C with H2 

and airflow of 40 mL min-1 and 400 mL min-1, respectively. The RSD for the FAMEs and 

FAEEs never exceeded 3%. 

3.18.2. Ethyl butyrate analysis 

An equal volume of reaction sample was mixed with internal standard – 0.4 M 

acetophenone – and analyzed in the above described model 7890A gas chromatograph 

from Agilent. Inlet temperature was set at 250 °C and 15 psi. Initial oven temperature was 

set at 60 °C for 6 min and then a ramp of 30 °C min-1 until 180 °C with a final hold time 

of 2 min. Detector temperature was maintained at 370 °C with He employed as a carrier 

gas [29]. 

3.18.3. Isoamyl esters analysis 

Isoamyl alcohol, isoamyl acetate and isoamyl butyrate were quantified in a 

GC8860/MS5977E gas chromatograph/mass spectrometer from Agilent equipped with a 

HP-5MS capillary column (30 m × 250 µm, 0.25 µm film thickness). The column 

temperature was raised from 60 to 112 °C at 3 °C min–1 and then further raised to 246 °C 

at 12 °C min–1, the final level being held for 5 min. The injected sample volume was 1 

µL and the split ratio 50:1. Helium at a constant flow-rate of 1 mL min–1 was used as 

carrier gas. The inlet and mass transfer line temperatures were 230 and 250 °C, 

respectively, and the ion source and quadrupole temperatures were set at 230 and 150 °C, 

respectively. Mass spectra were acquired over the m/z range 35–350 after 1.6 min of 
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solvent delay. Because most reported chromatographic methods fail to fully resolve the 

structural isomers of isoamyl alcohol and active amyl alcohol, they were referred to as 

“(iso)amyl alcohol” and “(iso)amyl esters” for comparison unless stated otherwise [37]. 

3.19. Oleaginous substrates acidity determination 

Total acidity was determined in accordance with the protocols in Commission Regulation 

(EEC) No 2568/91 Annex II, amended by Commission Regulation (EC) No 702/2007. 

3.20. Fatty acid composition determination in WCO 

Fatty acid composition of WCO was assessed by adapting an already published procedure 

of chemically catalyzed transesterification [38]. Briefly, 40 g of oil were heated in the 

commercial standard design of HME-R mini reactor from Scharlab – non-modified tank 

and lid – at 65 °C under mechanical stirring at 350 rpm. KOH (1% w/w) and methanol 

(6:1 alcohol/oil) were added and the reaction was extended for 6 h. Samples were taken 

for gas chromatography analysis and relative fatty acid composition calculation. 

3.21. Lactic acid conversion assessment 

A volume of 10 mL of tetrahydrofuran was added to the medium in the direct LA 

condensation reaction and the mixture centrifuged at 4 °C at 3000 rpm for 20 min. Then, 

the enzyme —which remained as an amorphous mass in the pellet— was discarded and 

the supernatant used to assess LA conversion [39] by titration with a KOH solution. For 

this purpose, a fixed volume of supernatant was added to 5 mL of (50:50 v/v) 

ethanol/acetone mixture under stirring and titrated in triplicate with KOH in the presence 
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of phenolphthalein as end point indicator. The resulting relative standard deviations 

(RSD) in conversion never exceeded 5 %. Percent conversion was calculated as: 

𝐶𝑜𝑛𝑣𝑒𝑟𝑠𝑖𝑜𝑛 ( %) =
𝑚𝑏𝑙𝑎𝑛𝑘−𝑚𝑎𝑛𝑎𝑙𝑦𝑧𝑒𝑑

𝑚𝑏𝑙𝑎𝑛𝑘
× 100  (3.15) 

where mblank denotes the number of milliequivalents of LA relative to the blank (no 

enzyme) and manalyzed that in the supernatant, which was calculated from: 

𝑚𝑎𝑛𝑎𝑙𝑦𝑧𝑒𝑑 = 𝑀(𝑉 − 𝑉∗) (3.16) 

where M is the molarity of KOH solution, V is the volume consumed in the sample 

titration and V* is the volume consumed in corresponding control titration without LA. 

Thus, calculated conversion values were used for converted LA amount calculation 

(Section 3.17.3) considering the initial LA concentration and reaction volume. 

3.22. NMR spectroscopy 

For the NMR analysis, samples were analyzed in collaboration with the Servei de 

Ressonància Magnètica Nuclear (Universitat Autònoma de Barcelona) using a Bruker 

AVANCE 600 spectrometer (600.13 MHz frequency for 1H) equipped with a 5 mm TBI 

probehead, an autosampler and a control temperature unit (Bruker BioSpin, Rheinstetten, 

Germany). The probe temperature was maintained at 298 K for all experiments. Dry 

samples (dried with a VR-1/120/240 vacuum concentrator from Heto Lab Equipment) 

were dissolved in a CDCl3 stock solution containing an internal standard 

(tetramethylsilane,TMS, 6.0 mM) and transferred to the NMR tube. All samples were 

analyzed conducting standard quantitative 1D 1H NMR experiments. Data were collected 

into 32k data points during an acquisition time of 1.7 s using a recycle delay of 15 s. 
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Spectra were recorded in the time domain as interferograms (FID) across a spectral width 

of 9615 Hz and as the sum of 64 transients. FIDs were automatically Fourier transformed 

(FT) and the spectra were phased, and baseline corrected. TMS was used as internal 

reference ((H) at 0.00 ppm). 
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4.1.1. Introduction 

Global warming is an unavoidable process that requires a change of paradigm to enable 

a climate-neutral society and avoid environmental collapse. In this scenario, a wide 

variety of clean energy sources have the potential to jointly replace polluting fossil fuels. 

One such source is biodiesel, which is likely to play a major role in the process [1–3]. 

Biodiesel, as described in Section 1.6.1, is a mixture of mono-alkyl esters of long-chain 

fatty acids obtained by transesterification of a wide range of oily substrates and classified 

as first-, second- or third-generation biodiesel depending on the source of such oils. 

Production of the last two generation biofuels, as they avoid severe ethical problems of 

using food for fuels, is being boosted by public institutions (European Union, 2015/1513) 

as they are obtained from non-edible oils (e.g., waste cooking oil, WCO), oils from plants 

growing in agriculturally unsuitable land (e.g., jatropha, makauba) [4] or microbial oils 

respectively [5,6]. Nevertheless, as stated in the Introduction, the high content in free fatty 

acids (FFA) of second- and third-generation biodiesel substrates makes basic 

transesterification a more complex approach and promotes enzymatic transesterification 

with lipases as an effective choice for biodiesel production. However, lipases for use as 

biocatalysts by the biodiesel industry are expensive and unstable (especially in the 

presence of alcohols such as methanol, which diminishes enzyme reusability and 

compromises economic feasibility of enzymatic biodiesel production) [7]. Immobilizing 

enzymes provides an effective way of circumventing the shortcomings of biocatalysts by 

improving their stability against deactivation and enabling their reuse [8,9]. In addition, 

depending on the surface groups of the immobilization support, they might have an effect 

on enzyme performance or on the microenvironment of the immobilized enzyme, which 

might have an impact in enzyme activity and stability as well. The enzyme activity is 
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influenced by enzyme orientation during immobilization, depending on the involved 

amino acids in the process, and by the number of binding points of the protein to the 

support. In fact, it has been reported that the highest enzymatic activity level is achieved 

when the active center amino acids are not involved in the linkage with the support and 

the increased stability when unlimited covalent binding between the enzyme and the 

support are achieved. However, in some cases, having several binding points between the 

enzyme and the support can become counterproductive as it increases the rigidity of the 

enzyme and might provoke negative steric effects. Regarding the microenvironment of 

the biocatalysts, the presence of functional groups of different nature in the support 

surface might provoke alterations in the substrate/product concentration, pH, etc. in the 

liquid milieu in which immobilized enzyme operate [10–14]. For instance, the presence 

of hydrophobic surface groups on the support of a biocatalysts used for biodiesel synthesis 

might lower the alcohol (hydrophilic molecule) concentration in the microenvironment 

around the enzyme and, this way, favor enzyme stability. 

In this chapter, mature sequence of Rhizopus oryzae lipase (rROL) expressed in 

the methylotrophic yeast Komagataella phaffii, which has been claimed as the most 

suitable cell factory for rROL expression (see Introduction, section 1.5.1.), was used for 

enzymatic second- and third-generation biodiesel production. Transesterification reaction 

catalyzed by rROL gives the corresponding mono-alkyl esters and, provided acyl-

migration is controlled [15], 2-monoacylglyceride as well, thereby avoiding glycerol 

formation and giving a product with a high added value for the cosmetics and food 

industries [16]. The lipase was covalently immobilized onto three glutaraldehyde-treated 

polymethacrylate-based supports containing both epoxide and hydrophobic functional 

groups. The effects of functional groups on lipase immobilization and diffusional 
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restrictions, and also on the initial reaction rate and operational stability of the catalyst, 

were assessed. Glutaraldehyde-treated superparamagnetic nanoparticles containing 

hydrophobic functional groups at variable densities were also used for covalent 

immobilization of lipase and evaluation of biodiesel production. Tests were conducted by 

using alperujo oil (non-edible olive pomace oil with a high FFA content obtained in the 

olive extraction process [17]) as a model substrate for transesterification. Subsequently, 

the best biocatalyst was used for production of second- and third-generation biodiesel 

from alternative substrates of potential industrial use, including jatropha, makauba, WCO, 

and microbial oils. Finally, transesterification with WCO was scaled-up to a 50 mL mini-

laboratory reactor. 

4.1.2. Results and discussion 

4.1.2.1. Lipase immobilization onto polymethacrylate-based supports and diffusional 

restrictions 

Recombinant Rhizopus oryzae lipase was covalently immobilized following the 

procedure described in Section 3.12 onto three glutaraldehyde-treated polymethacrylate-

based Purolite® supports containing both epoxide and hydrophobic functional groups, 

namely: EB-rROL (epoxide and butyl), EO-rROL (epoxide and octadecyl) and EDVB-

rROL (epoxide and divinylbenzene). Lipase solutions with an activity ranging from 55 to 

1000 AU per mg support were used to evaluate the immobilization yield and maximum 

lipase activity loading. All supports studied were identical in these parameters 

irrespective of their characteristics (Figure 4.1.1A). Considering lipase immobilization 

trend, offered activity values lower than 55 AU mg–1 support resulted in immobilization 
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yields (Eq. 3.8, Section 3.12) of 100% and less than 90 AU mg–1 support in greater than 

80%. As expected, increasing offered lipase activity decreased the immobilization yield. 

Also, biocatalysts activity increased in proportion to a maximum lipase activity loading 

of approximately 200 immobilized AU mg–1 support with all supports. Immobilized 

activity was maximal with lipase solutions of 400 AU mg–1 support, above which no 

further improvement was observed.  

 

Figure 4.1.1. (A) Biocatalyst activity (black symbols) and immobilization yield (white 

symbols) at a variable offered activity. (B) Initial transesterification rate for each 

biocatalyst: EB-rROL (circles), EO-rROL (squares) and EDVB-rROL (triangles). 

 

Mass transfer limitations in immobilized enzymes usually reflect in diffusional 

restrictions, whether external or internal. The latter are usually more severe with enzymes 

embedded in a solid porous matrix such as Purolite® supports [18]. Diffusional 

restrictions were experimentally evaluated following the procedure described in Sections 

3.14 and 3.14.1 by examining the initial transesterification rate with methanol of 

biocatalysts containing variable amounts of immobilized enzyme (Figure 4.1.1B). The 

proportional relationship observed suggested the absence of internal diffusional 

restrictions under the conditions studied. However, because mass transfer limitations may 

be an artefact on enzyme stability assessment [19,20], the absence of restrictions was 
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confirmed by calculating the Weisz–Prater Criterion (Φ). Table 4.1.1 shows the results 

for the three Purolite® biocatalysts with the highest immobilized activity (further 

calculations can be found in Annexes). Φ was < 0.3 in all cases, which supports the 

previous conclusion. 

Table 4.1.1. Weisz–Prater criterion for pomace oil transesterification with methanol in 

the presence of various biocatalysts immobilized onto a polymethacrylate matrix. Φ 

and Deff were calculated from Eq. 3.9 and 3.10, respectively, using σ = 1 and τ = 1.41 

in the latter. Porosity (εp) and specific volume of the supports were 0.6 and 1.4 cm3 g–

1 support. 

Parameters 
Biocatalyst 

EB-rROL EO-rROL EDVB-rROL 

robs (mol s–1 cm–3) × 107 6.44 ± 0.05 6.57 ± 0.02 5.20 ± 0.1 

Biocatalyst weight (g) 0.2 ± 0.05 0.2 ± 0.03 0.2 ± 0.01 

ρp (g cm–3)1 0.72 0.72 0.72 

Specific area (m2 g–1) 1 152 139 59 

robs (mol gparticle
–1 s–1) × 105 2.89 ± 0.02 2.95 ± 0.01 2.33 ± 0.07 

Cm,0 (mol cm–3) × 104 4.41 4.41 4.41 

Dm,a (cm2 s–1) × 106 1.18 1.18 1.18 

Deff (cm2 s–1) × 107 5.04 5.04 5.04 

Φ × 107 0.78 ± 0.05 0.95 ± 0.03 4.19 ± 0.08 
1 Data kindly provided by Purolite®   

 

4.1.2.2. Polymethacrylate supports. Initial transesterification rate and operational stability 

The catalytic performance of immobilized enzymes and the physico–chemical conditions 

of their microenvironment are strongly influenced by functional groups in the supports 

[11]. This led us to compare the initial reaction rate with methanol and operational 

stability, with both ethanol and methanol as acyl-acceptors, of the biocatalysts obtained 

by covalently immobilizing rROL onto Purolite® supports containing both epoxide and 

hydrophobic functional groups (viz., EB-rROL, EO-rROL and EDVB-rROL) with those 

of rROL covalently immobilized onto a polymethacrylate-based support containing 

epoxide groups only (EX-rROL) [21]. The methods employed for initial 
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transesterification and operational stability assessment are thoroughly described in 

Section 3.14. 

The initial transesterification rate was similar with all polymethacrylate-based 

biocatalysts irrespective of the particular functional group —EB-rROL 24.9 ± 0.9, EO-

rROL 25.1 ± 0.51, EDVB-rROL 24.4 ± 0.33 and EX-rROL 24.6 ± 0.78 µmol 

FAME min-1 cm-3. Contrary to the expectations, these results showed that chemical 

differences in surface composition among supports had no effect on the initial reaction 

rate under the conditions studied. 

On the other hand, the operational stability of the biocatalysts was dramatically 

influenced by the functional groups of the supports. Figures 4.1.2A–2C shows the relative 

yield obtained by exposing each biocatalyst to 1 and 5 pulses of the different alcohols in 

consecutive reaction cycles. Operational stability with 1 pulse of methanol was not 

assessed owing to the low yield of the first reaction cycle by effect of deactivation of the 

enzyme (Figure 4.1.2D) [21]. Because rROL is a 1,3-regiospecific enzyme, the maximum 

expected yield was 66%. Using a stoichiometric amount of alcohol (viz., a 2:1 alcohol-

to-oil mole ratio) avoided the presence of too high alcohol concentration in the reaction 

medium —and hence potentially adverse effects on the operational stability of the 

biocatalysts. 
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Figure 4.1.2. Relative yield (%) in consecutive transesterification runs with biocatalysts 

immobilized on polymethacrylate-based supports upon exposure to (A) 1 pulse of 

ethanol, (B) 5 pulses of ethanol and (C) 5 pulses of methanol. The respective first 

reactions yields were taken to represent 100% yield. EB-rROL (black), EO-rROL (up-

striped grey), EDVB-rROL (dark grey) and EX-rROL (down-striped white) [21]. (D) 

First transesterification run with 1 pulse of methanol. The solid line represents the average 

FAME yield for the biocatalysts as a whole. EB-rROL (circles), EO-rROL (squares) and 

EDVB-rROL (triangles)  

 

The joint presence of epoxide/butyl and epoxide/octadecyl groups in supports EB 

and EO, respectively, substantially increased the operational stability of the biocatalysts 

relative to EX-rROL upon exposure to 1 pulse of ethanol and 5 of methanol addition 

strategies. By way of example, Figure 4.1.2C shows the most extreme case, in which EB-

rROL and EO-rROL were roughly 9 times more stable than EX-rROL after 5 reaction 
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cycles with 5 pulses of methanol. In contrast to EB-rROL and EO-rROL, EDVB-rROL 

exhibited no increase in stability —which was similar to that of EX-rROL. These results 

suggested that the increased stability of EB-rROL and EO-rROL was not a consequence 

of microenvironmental changes due the presence of hydrophobic functional groups —in 

fact, EDVB-rROL did not follow this trend—, but rather to that of surface hydrocarbon 

chains in the support possibly enhancing catalytic performance of the enzyme [22]. In 

addition, EO-rROL was 20% more stable than EB-rROL against 1 pulse of ethanol 

(Figure 4.1.2A), which testified to the positive effect of the hydrocarbon chain length on 

the operational stability of the biocatalysts. 

The increased operational stability of EO-rROL and EB-rROL additionally made 

them resistant to 5 pulses of methanol. In fact, unlike EX-rROL and EDVB-rROL, both 

biocatalysts exhibited an identical relative yield close to 100% after 5 reaction cycles 

irrespective of the alcohol used (Figures 4.1.2B and 4.1.2C) —being methanol a more 

powerful lipase inactivator than ethanol in this reaction [21]. However, neither EO-rROL 

nor EB-rROL resisted deactivation by 1 pulse of methanol, the final FAME yield being 

around 15% rather than the expected theoretical maximum: 66% (Figure 4.1.2D). 

Covalent lipase immobilization causes the formation of Schiff bases through 

condensation of amino groups in lysines with aldehyde groups in the supports [23]. 

Unless they have been properly reduced, formation of these bases is reversible in presence 

of water and might provoke enzyme leakage. However, EB-rROL performed identically 

in terms of initial reaction rate and operational stability with ethanol with reduced and 

unreduced Schiff bases (Figure 4.1.3). Consequently, there was no enzyme leakage, i.e., 

formation of Schiff bases was not reversed owing to the low water concentration in the 

transesterification medium and the well-known high complexity of the interaction 
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between aldehyde groups in glutaraldehyde-treated supports and immobilized 

enzymes [23]. 

 
Figure 4.1.3. Relative yield (%) of EB-rROL in consecutive transesterification runs with 

non-reduced (black) and reduced (stranded white) Schiff bases upon exposure to 1 pulse 

of ethanol. The respective initial reactions yields were taken to be 100%. 

 

4.1.2.3. Lipase immobilization onto magnetite-based supports 

Superparamagnetic nanoparticles (MNPs) have been widely used as supports for 

immobilized enzymes by virtue of their easy recovery by application of a magnetic field. 

The MNP matrix is non-porous, spherical-like solid magnetite (Fe3O4) that can be 

functionalized with a broad variety of chemicals for immobilization purposes [24]. In this 

work, MNPs containing aldehyde groups (MNP-CHO) were synthesized and further 

functionalized with butylamine to obtain particles with both aldehyde and butyl groups 

following the methodology described in Sections 3.10 and 3.11. The particles were 

treated with butylamine solutions of eight different concentrations to obtain 

functionalized derivatives from MNP-CHO (the blank control, with no butyl groups) to 

MNP-1MBut-CHO (functionalized with the most concentrated butylamine solution, 

1 M). Functionalized nanoparticles were then used to immobilize rROL and the 
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biocatalysts thus obtained were assessed for the influence of surface butyl groups in the 

support on biocatalyst performance. 

Figure 4.1.4A shows the results of the operational stability screening with ethanol 

as acyl-acceptor for the optimum butylamine concentration for use in 1.5 mL vials (see 

Section 3.14). As can be seen, MNPs functionalized with solutions containing a 

butylamine concentration above 10 µM provided biocatalysts more than twice as stable 

as those immobilized on MNPs treated with lower butylamine concentrations or no amine 

(blank). Also, no differences in operational stability were observed with butylamine 

concentrations above 10 µM. Therefore, a concentration of 1 mM was chosen to assess 

the influence on the initial transesterification rate and operational stability in 10 mL vials 

following the same procedure as with Purolite®-based biocatalysts (Section 3.14). 

 
Figure 4.1.4. (A) Relative yield (%) of consecutive transesterification runs (1 pulse of 

ethanol) in the presence of rROL immobilized on MNP-based supports functionalized 

with solutions ranging from 0 (blank control) to 1 M butylamine in 1.5 mL vials. The bars 

correspond to the functionalized MNPs obtained by using a butylamine concentration of 

1 M (MNP-1MBut-rROL, black, ), 100 mM (MNP-100mMBut-rROL, white, ), 

10 mM (MNP-10mMBut-rROL, up-striped white, ), 1 mM (MNP-1mMBut-rROL, 

horizontally striped grey, ), 100 µM (MNP-100µMBut-rROL, up-striped grey, ), 

10 µM (MNP-10µMBut-rROL, horizontally striped grey, ), 1 µM (MNP-1µMBut-

rROL, down-striped grey, ) and 0 M (MNP-rROL, blank, down-striped white, ). 

(B) Relative yield (%) of consecutive transesterification runs (1 pulse of ethanol) with 

MNP-1mMBut-rROL (horizontally striped grey, ) and MNP-rROL (white, down-

striped white, ) in 10 mL vials. The respective first reactions yields were taken to 

represent 100% yield. 
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MNP-rROL and MNP-1mMBut-rROL exhibited a similar initial 

transesterification rate in 10 mL vials. As with the Purolite®-based biocatalysts, the 

presence of surface hydrocarbon chains on the support had no effect on the initial rate. 

However, the initial reaction rate with the MNP-based biocatalysts was roughly one-half 

that obtained with the Purolite®-based counterparts —MNP-rROL 10.3 ± 0.25 and MNP-

1mMBut-rROL 12.2 ± 0.85 µmol FAME min-1 cm-3. Operational stability (Figure 4.1.4B) 

followed the same trend as in the screening tests (Figure 4.1.4A), MNP-1mMBut-rROL 

being twice more stable than MNP-rROL after 5 consecutive reaction cycles. Whereas 

MNP-rROL and EX-rROL (i.e., two catalysts with homologous supports as regards 

functional groups) were similar in operational stability, MNP-1mMBut-rROL was 20% 

less stable than EO-rROL and 15% less than EB-rROL against 1 pulse of ethanol addition 

strategy. Therefore, as MNP-based biocatalysts exhibited lower initial reaction rate and 

operational stability, no further research was performed with them. 

4.1.2.4. Biocatalyst performance 

In addition to initial reaction rate and operational stability, the biocatalysts were assessed 

in terms of productivity (µmol FAEE/FAME min–1) in 5 consecutive reaction cycles. As 

can clearly be seen from Table 4.1.2, the biocatalysts immobilized onto supports 

functionalized with hydrocarbon chains performed better than those onto supports 

containing none, irrespective of matrix type (polymethacrylate or magnetite 

nanoparticles). Besides, Purolite®-based biocatalysts with surface hydrocarbon chains 

exhibited better productivity than MNP-based biocatalysts also containing surface chains 

(e.g., 20% higher with EO-rROL than with MNP-1mMBut-rROL). Also, productivity 

among Purolite®-based biocatalysts was 1.5–2 times greater in EO and EB-rROL than in 
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EX-rROL with 1 pulse of ethanol and 5 of methanol, respectively —differences were 

smaller with 5 pulses of ethanol as a result of the weaker adverse effect of this acyl-

acceptor and of its application being split over several pulses [21]. In addition, adding 

ethanol in 5 pulses resulted in roughly twice better productivity than using a single pulse 

with any biocatalyst. Further research splitting the amount of alcohol in more pulses was 

not performed as it would reduce biodiesel productivity [21].  

Table 4.1.2. Productivity and volumetric productivity of polymethacrylate- and 

magnetite-based biocatalysts exposed to a variable number of pulses of methanol or 

ethanol. 

Biocatalyst 

Productivity (µmol min–1) 

Ethanol 

1 pulse 

Ethanol 

5 pulses 

Methanol 

5 pulses 

EB-rROL 38.27 ± 1.96 74.89 ± 0.36 48.76 ± 0.30 

EO-rROL 41.56 ± 0.91 73.43 ± 0.42 48.04 ± 0.35 

EDVB-rROL 34.83 ± 0.28 67.07 ± 0.39 34.25 ± 0.38 

EX-rROL 23.00 ± 0.33 60.36 ± 0.40 19.62 ± 0.33 

MNP-rROL 22.16 ± 0.66 

 MNP-1mMBut-

rROL 
35.36 ± 1.50 

 

Consequently, the productivity and operational stability results led us to choose 

EO-rROL and 5 pulses of either alcohol for further testing. 

4.1.2.5. Alternative substrates: second- and third-generation biodiesel 

Although oil pomace was used as a model substrate to assess biocatalysts performance, 

the potential usefulness of this substrate for the food industry could still stir the ethical 

debate between food and fuels. We therefore chose to investigate alternative oily 

substrates such as non-edible vegetable oils from makauba and jatropha, microbial oil 

from Rhodosporidium toruloides and WCO.  
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Table 4.1.3 shows the acidity of each alternative substrate found following the 

procedure described in Section 3.19. The values for vegetable oils from makauba [25] 

and jatropha [26] are consistent within previous reports. However, the acidity of these 

oils depends markedly on factors such as the harvest and storage conditions [27]. The 

acidity of microbial oil from R. toruloides is also similar to previously reported values 

[28]. Although the acidity of WCO falls within the typical ranges (less than 0.5% for 

refined oils and 0.5–15% for used oils; [29]), its low value suggests that it was not 

extensively cooked —the presence of FFAs in waste oil is mainly a result of oxidative, 

hydrolytic and thermolytic reactions during frying [30].  

Table 4.1.3. Percent acidity of alternative oily substrates and initial 

transesterification rate with EO-rROL. 

Substrate Acidity (%) 
Initial reaction rate  

(µmol FAME min–1 cm–3) 

Makauba oil 12.16 ± 0.85 21.4 ± 0.15 

Jatropha oil 7.85 ± 0.22 24.5 ± 0.22 

Microbial oil 2.47 ± 0.19 22.06 ± 0.34 

WCO 0.77 ± 0.13 22.8 ± 0.68 

Olive pomace oil 18.93 ± 0.8 24.4 ± 0.33 

 

The presence of FFAs has been reported to have a favorable effect on the initial 

reaction rate and the operational stability of enzymes during transesterification [17]. 

Although EO-rROL exhibited a similar initial rate irrespective of substrate acidity (Table 

4.1.3) —what might be explained because not only the initial FFA content is crucial, but 

also the immediately generated FFAs [31]— this property had a marked effect on its 

operational stability. With ethanol as acyl-acceptor in the transesterification reaction, oil 

acidity had no appreciable effect (Figure 4.1.5A) because this alcohol is known to 

scarcely inactivate lipase. With methanol, a more powerful lipase inactivator [21], FFAs 

did influence the results (Figure 4.1.5B). Thus, with the least acidic substrate (WCO), the 
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operational stability of the biocatalyst was rather poor —more than 95% of the initial 

relative yield was lost after only 5 reaction cycles. Meanwhile, substrates with acidity > 

2% maintained at least 60% of the initial value —roughly 30 times more than the relative 

yield obtained with WCO.  

 
Figure 4.1.5. Relative yield (%) of consecutive transesterification cycles of various types 

of oil with 5 pulses of ethanol (A) or 5 of methanol (B) in the presence of biocatalyst EO-

rROL. The bars correspond to pomace (black), makauba (up-striped grey), jatropha 

(striped white), microbial (white) and WCO (grey). (C) Comparison of the relative yield 

(%) obtained with 5 (grey) and 10 pulses of methanol (squared white) and WCO as 

substrate. The initial reactions yields were taken to be 100%. 

 

Therefore, substrate acidity strongly influenced the operational stability of the 

biocatalyst. Also, the results are suggestive of a synergistic effect of the alcohol and 

substrate acidity on deactivation of the biocatalysts. This hypothesis was checked by 

using a reduced concentration of methanol in the reaction medium (specifically, by 
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splitting the amount of alcohol used in 10 pulses instead of 5) with WCO as substrate. As 

can be seen from Figure 4.1.5C, the operational stability of the biocatalyst was 20 times 

greater under these conditions. Therefore, the origin of the synergistic effect was 

confirmed to be the increased polarity of the reaction medium in the presence of FFAs, 

which acted as a buffering agent for the high polarity of methanol —and hence for its also 

high deactivation capacity [32]. 

4.1.2.6. Transesterification scale-up 

Once WCO was found to be the most suitable substrate on the grounds of its low cost, 

high production and potential for use in accordance with the principles of circular 

economy [30,33], it was used to scale up the enzymatic production of biodiesel to a 50 

mL mini-reactor for industrial proof of concept (Figure 4.1.6A). 

 
Figure 4.1.6. (A) 50 mL Scharlau HME-R mini-reactor from Scharlab. (B) Relative yield 

(%) of consecutive transesterification cycles of WCO with 5 pulses of ethanol (black 

circles) and 10 of methanol (white circles) in the presence of biocatalyst EO-rROL. The 

times on the x-axis are those at which each cycle was started. The initial reactions yield 

for first cycles were taken to be 100%. 

 

A B 
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Transesterification runs in 10 mL vials under orbital stirring were successfully 

scaled up to a stirred tank reactor under mechanical stirring [34]. As can be seen from 

Figure 4.1.6B, the relative yields obtained in consecutive cycles using 5 pulses of ethanol 

and 10 of methanol with the laboratory-scale mini-reactor were similar to those obtained 

in 10 mL vials (Figure 4.1.5). Therefore, the proposed enzymatic biodiesel production 

method can be easily implemented on an industrial proof of concept scale. Also, around 

85% of the initial relative yield was maintained after 10 consecutive reaction cycles with 

either acyl-acceptor.  

Although few studies on the use of WCO in combination with Rhizopus oryzae 

lipase have been reported [35], similar operational stabilities have been obtained with 

other substrates [36,37]. Also, there was virtually no difference between using 5 pulses 

of ethanol and 10 pulses of methanol, in order to minimize the negative synergistic effect 

of the alcohol concentration and substrate acidity on biocatalyst activity at the expense of 

longer reaction times, reduced productivity and increased operational costs for a potential 

biodiesel plant. 

4.1.3. Conclusions 

Rhizopus oryzae lipase proved a suitable biocatalyst for biodiesel production from various 

oily substrates. The hydrocarbon chain length was found to play a key role in increasing 

the operational stability of rROL immobilized onto polymethacrylate- and magnetite-

based supports. Despite their easy recovery, magnetite-based biocatalysts were 

outperformed by Purolite®-based biocatalysts in terms of initial reaction rate (Purolite® 

supports showed twice more initial transesterification rate) and operational stability (20% 

higher operational stability of EO-rROL rather than MNP-1mMBut-rROL).  
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Regarding the use of alternative substrates to the model olive pomace oil (alperujo 

oil), the factors oil acidity and acyl-acceptor concentration proved crucial and 

synergistically influential on biocatalyst performance. Concretely, this influence was 

tested with WCO (the substrate with lower acidity). By minimizing the alcohol 

concentration in the reaction media by splitting the alcohol in 10 rather than 5 pulses, the 

operational stability increased in 20 times. 

Finally, the fact that the enzymatic transesterification of WCO with EO-rROL was 

successfully scaled up to a 50 mL mini-reactor for industrial proof of concept validated 

its potential for implementation to enable enzymatic biodiesel production from an 

inexpensive substrate and management of the waste under the circular economy 

principles. 
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4. RESULTS I 

4.2. Industrial enzymatic synthesis of biodiesel from waste cooking oil: 

Near Infrared Spectroscopy, a useful technique for inline monitoring of 

the biosynthesis. 
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4.2.1. Introduction 

During chemically or enzymatically catalyzed transesterification for biodiesel 

production, the reaction medium contains a mixture of fatty acid methyl and ethyl esters 

(FAM/EE), FFA and tri-, di- and monoacylglycerols. Production performance is usually 

assessed by gas chromatography (GC), using an offline and sluggish analytical 

procedure [1]. Moreover, low volatile substances can damage capillary columns and other 

elements of the chromatographic system, so a number of alternative techniques including 

high-performance liquid chromatography (HPLC) [2] and proton nuclear magnetic 

resonance (1H-NMR) spectroscopy [3] are being increasingly used instead. 

Chromatographic techniques, however, are expensive and time-consuming; also, they 

cannot operate inline, which prevents timely decision-making during the process and can 

increase production costs by requiring stops —or even batch reprocessing if the target 

quality is not achieved [4]. The principles of Continued Process Verification (CPV) have 

made bioprocess automatization and Process Analytical Technology (PAT) increasingly 

attractive; also, they have promoted the use of analytical methods allowing real-time 

quality assessment, adoption of corrective measures and a better understanding of 

bioprocesses [5,6]. Such methods require in- or online monitoring of the process, and 

hence using, for instance, spectroscopic techniques (Raman, fluorescence, UV-Vis, IR, 

NIR) in combination with multivariate calibration [7]. 

NIR spectroscopy is an extensively studied analytical technique based on the 

interaction of matter and light radiation in the wavelength region from 780 to 2500 nm 

that affords multicomponent, fast, reliable, inexpensive and non-destructive analysis [1]. 

Besides, it avoids the need for sample withdrawal when used inline, waste production, 

and the need for complex pre-treatments of samples with solvents or other chemicals, all 
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of which makes it a safe, clean, energy-saving choice fully compliant with the principles 

of green chemistry [8]. NIR spectra are complex and possess broad overlapping bands 

that require special mathematical procedures to accurately interpret spectra and 

understand the results, such as principal component analysis (PCA) or partial least-

squares (PLS) regression [9]. NIR spectroscopy has so far been successfully used by the 

biodiesel industry to assess the quality or properties of biofuel/diesel blends [9,10], and 

also for inline monitoring of chemically catalyzed transesterification reactions [1,11,12].  

In this chapter, the mature sequence of ROL (rROL) was immobilized onto a 

suitable support (Purolite® with surface epoxide and octadecyl groups) in order to 

catalyze the transesterification of waste cooking oil (WCO) in a solvent-free system with 

ethanol or methanol as acyl-acceptor. Due to the already indicated importance of WCO 

in Section 4.1.2.6 for the principles of circular economy and to avoid the generation of a 

waste with a high potential to contaminate the water in case it is not handled properly, 

this substrate was selected for further research related to industrial implementation and 

control of the biosynthesis of biodiesel from this oleaginous waste. The main novelty of 

this work is the use of near infrared spectroscopy for inline monitoring of an enzyme 

catalyzed transesterification reaction in a laboratory-scale reactor specially designed for 

use of a NIR probe. The results were compared with those obtained by gas 

chromatography (GC) as reference in order to confirm the suitability of the NIR technique 

for accurate real-time monitoring of transesterification under the principles of CPV and 

PAT while avoiding the environmental and economic costs of withdrawing samples 

during the process. Unlike previous works on the NIR based monitoring of biodiesel 

production, the fact of performing a stepwise addition of alcohol and the employment of 

immobilized enzyme might generate background noise in the spectra, making the NIR 
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monitoring more challenging. Besides, the biocatalyst operational stability and 

mechanical strength were evaluated and compared with previously reported data. 

All the chemometrics analyses of this chapter were performed by Manel Alcalà 

Bernàrdez, from the Research Group of Applied Chemometric, under a collaboration that 

aimed to apply this field of research in the monitoring of enzymatic transesterification of 

biodiesel. 

4.2.2. Results and discussion 

4.2.2.1. Fatty acid composition of the waste cooking oil 

Local public waste management companies typically collect large amounts of WCO from 

different sources and must manage it properly. As a result, WCO composition can vary 

widely depending on consumption patterns and regional or local cooking traditions. In 

Spain, most cooking is done with olive or sunflower oil, which leave vast amounts of 

oleaginous waste [13].  

Because it was obtained from a public waste management company not 

implementing traceability, the oil used here was of unknown origin. Analysis of its fatty 

acid composition were performed as described in Section 3.20 to compare it with 

published profile of olive and sunflower oil and results exhibited that the fatty acid profile 

for the WCO was similar to that for olive oil (Table 4.2.1) [14]. 

Table 4.2.1. Percent fatty acid composition profile for sunflower, olive and waste 

cooking oil (WCO). 

Acid  Sunflower oil Olive oil WCO 

Stearic 2.8 2.3 2.46 ± 0.04 

Oleic 28.0 66.4 70.78 ± 0.38 

Linoleic 62.2 16.4 10.21 ± 0.01 

Linolenic 0.16 1.6 2.45 ± 0.02 
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4.2.2.2. Transesterification reaction: scale up, productivity and half-life 

The transesterification reactions initially conducted in 10 mL vials were successfully 

scaled up to a 50 mL laboratory reactor specially designed for use with a NIR following 

the methodology described in Section 3.14.2. Already optimized conditions, regarding 

the biocatalyst and the alcohol addition strategy for biodiesel production from WCO 

(Section 4.1) were employed and as can be seen from Figures 4.2.1A and 4.2.1B, the yield 

profiles for the first reaction batch were almost identical with ethanol and methanol in 

both the vial and the reactor —because of the 1,3-regioespecificity of ROL, the theoretical 

maximum yield in the absence of acyl-migration phenomena is 66%, resulting in the 

formation of the corresponding alkyl esters and 2-monoacylglycerol [15]. The results 

therefore suggest that mass transfer and reaction performance in the vials and the reactor 

were essentially identical under the employed conditions, and also that the presence of 

the NIR probe did not detract from homogeneity in the reaction medium. Thus, the 50 

mL reactor with a customized lid and tank, and a second stirrer (Figure 4.2.2A), 

reproducibly echoed the results obtained with 10 mL vials. In fact, both systems led to 

similar relative yields after 5 consecutive cycles (Figures 4.2.1C-1D). 
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Figure 4.2.1. Yield profile for WCO transesterification with 5 pulses of ethanol (A) and 

10 of methanol (B) in the presence of EO-rROL. Relative yield of consecutive 

transesterification cycles with 5 pulses of ethanol (C) and 10 of methanol (D). White bars 

and points correspond to the reaction in 10 mL vials and grey bars and points to that in 

the laboratory minireactor. Relative yields were calculated against that of the first cycle 

(100 %). 

 

Biodiesel productivity with each alcohol was calculated as the combined figure 

for all 10 cycles performed in the laboratory-scale reactor. As expected, FAEE 

productivity (ethanol as acyl-acceptor) was 1.5 times higher than FAME productivity 

(methanol as acyl-acceptor) as a result of the longer reaction times required for 

transesterification with the latter alcohol (Table 4.2.2), even though, the final 

transesterification yields with methanol were slightly higher than those obtained with 

ethanol (Figures 4.2.1A-1B). In fact, splitting the amount of alcohol used into 10 pulses 

is unproductive with alcohols such as ethanol —it has scarce negative impact on the 
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operational stability of the biocatalyst— but can be useful with others such as methanol 

with severe influence on enzyme stability [16,17]. Thus, the biocatalyst half-life in hours 

with methanol as acyl-acceptor was about 1.5–2.5 times higher than it was with ethanol 

as a result of the amount of methanol used being split into more pulses than that of ethanol 

(Table 4.2.2). However, when reaction cycles corresponding to these hours were 

compared, half-lives (t1/2 values into square brackets in Table 4.2.2) tended to be similar 

with both alcohols as a consequence of the reaction times differing between the two. 

Table 4.2.2 – EO-rROL productivity and half-life in biodiesel production with 

ethanol and methanol as calculated by fitting to a first-order exponential decay 

(Eq. 1) and two-component first-order exponential decay (Eq. 2) deactivation 

model. 

Acyl acceptor 
Model 

equation 
R2 Half-life (h)1 

Productivity 

(μmol min–1) 

Ethanol 
1 0.8696 170 [51] 

327 
2 0.9578 146.7 [44] 

Methanol 
1 0.8682 225 [36] 

219 
2 0.9534 337.5 [54] 

1 The numbers in square brackets represent the number of cycles for those of reaction hours 

 

ROL has exhibited widely variable operational stability in biodiesel production 

from various substrates. For instance, ROL covalently immobilized onto RelizymeTM 

OD403 was used to transesterify olive pomace oil with methanol and the relative yield 

found to decrease to 60% after 26.7 h reaction (7 batches) [18]. In another study with 

soybean oil, the transesterification yield with glutaraldehyde cross-linked whole-cell 

biocatalysts decreased from 84 to 65% after 2520 h reaction (35 batches) [19]. By 

contrast, the ROL catalyzed transesterification of WCO has been the subject of little 

study, so comparison with previous results is challenging [20]. Therefore, although a 

number of half-life values for ROL based biocatalysts used in biodiesel transesterification 

reactions have been reported with several substrates, comparison with WCO would be 
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more accurate since this substrate may deactivate the enzyme more markedly as the likely 

result of its containing detrimental components such as phenolics or varying widely in 

acidity [21–23]. 

 
Figure 4.2.2. (A) Customized reactor for use of the NIR probe. (B) The EO-rROL 

biocatalyst after 10 consecutive reaction cycles as seen under a binocular loupe. 

 

 The biocatalysts were imaged with a binocular loupe after the whole sequence of 

reaction with each acyl-acceptors in order to check whether they had retained their 

structure without fracturing by effect of mechanical stress under agitation (Figure 4.2.2B). 

No substantial breaks were detected after the ten cycles, which confirms the strength of 

the support and its suitability for industrial use. 

4.2.2.3. Near infrared (NIR) spectra: a useful tool for the biodiesel industry 

Once the biocatalyst suitability for biodiesel production under conditions mimicking 

industrial work was confirmed, development of a system enabling compliance with CPV 

and PAT principles during monitoring of the reaction was sought by using an inline 

monitoring technique instead of gas chromatography —the most common choice for 

offline monitoring of biodiesel production. NIR spectroscopy was chosen on the grounds 

of its allowing immediate detection of potential deviations in the process that might 

detract from biodiesel quality, modification of the alcohol feeding pattern and renewal of 
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the biocatalyst when required to avoid deactivation and its advserse impact on 

productivity. A NIR probe inserted in a customized reactor was used in combination with 

two different calibration models to monitor the transesterification reaction. The results 

obtained in these subsections were performed in collaboration with Manel Alcalà 

Bernàrdez PhD., from the Research Group of Applied Chemometrics, who carried out all 

the chemometrics analyses. 

4.2.2.3.1. Spectral data 

Absorbance spectra acquired across the NIR spectral range (1100–2498 nm) were 

visually inspected to identify gross outliers and noisy spectral regions. The range from 

2352 to 2498 nm exhibited little variability and considerable noise typical of fiber optic 

probes, so only that from 1100 to 2350 nm was used. Figure 4.2.3 shows the first and last 

spectra obtained in a reaction run with ethanol and methanol as compared with those for 

the pure alcohols. Ethanol and methanol (Figure 4.2.3, blue plots) exhibited the following 

major spectral bands: 1425–1475 nm (OH first overtone), 1650–1750 nm (CH first 

overtone), 2000–2100 nm (OH combinations) and 2200–2450 nm (CH+CH combinations 

and CC+CH combinations). Expectedly, methanol spectra presented less bands than that 

of ethanol at 1650–1750 nm and 2200–2450 nm due to the absence of CH2; the bands 

corresponding with CH first overtone, CH+CH and CH+CC combinations are only 

related with the CH3 group from methanol. The spectra at the start of the reaction (Figure 

4.2.3, green plots) exhibited the following spectral bands: high absorbance at 1650–1750 

nm (CH first overtone), very low absorbance at 1875–1950 nm (CO second overtone), 

low absorbance at 2000–2100 nm (OH combinations) and very high absorbance at 2200–

2450 nm (CH+CH and CC+CH combinations). The spectra at the end of the reaction 
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(Figure 4.2.3, red plots) showed higher absorbance than that of the starting point almost 

throughout the whole studied spectral range (1100-2400 nm). The final yield after the two 

batches of Figure 4.2.3 was 61.0% with ethanol and 65.9% with methanol. 

 
Figure 4.2.3. NIR absorbance spectra recorded at the start (green) and end (red) of the 

reaction as compared with those for each pure alcohol (blue): ethanol (A) and methanol 

(B). The arrows represent evolution of the reactions. 

 

The typically extensive overlap of bands and fairly low resolution of the NIR 

technique required increasing resolution by using a spectral derivative treatment. The 

spectral ranges 1400–1700 nm and 1900–2300 nm were adequate to visualize the spectral 

changes during the reaction because of the low absorbance of the WCO and high 

absorbance of the alcohols. Figure 4.2.4 shows the second derivative spectra of the first 

cycle with ethanol (Figure 4.2.4A) and  with methanol (Figure 4.2.4B), in the wavelength 

range between 2200 and 2275 nm. As can be seen, the bands were highly ordered in terms 

of yield and reaction time. This result is also observed throughout the entire wavelength 

range of 1100–2350nm. 
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Figure 4.2.4. Second-derivative NIR spectra obtained in the first reaction batch with (A) 

ethanol and (B) methanol as acyl-acceptor. The arrows represent reaction time. 

 

Table 4.2.3 summarizes the dimensions of the X- and Y-datasets. The number of 

rows coincided with that of measured spectra and the number of columns with that of 

variables (wavelengths and reaction yield). The reaction with methanol took almost twice 

as long as that with ethanol (375 min vs 200 min). Since the spectrum acquisition 

frequency was identical with both alcohols (1 spectrum every 5 min), the available X-

matrix for the reaction with methanol contained many more rows than that for ethanol 

(684 vs 322). The sampling frequency for gas chromatography analysis was 

approximately 1 sample every 15 min. As a result, the number of rows in the Y-matrix for 

which a yield value was available was roughly one-third of all (viz., 123 out of 322 for 

ethanol and 243 out of 684 for methanol). 
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Table 4.2.3. Dimensions of the X-dataset and Y-dataset. 

 Reaction 

with ethanol 

Reaction 

with methanol 

Reaction time (min) 200 375 

X-matrix 

(1100–2350 nm) 

322 rows and 

626 columns 

684 rows and 

626 columns 

Y-matrix 

(Reaction yield %) 

123 rows and 

1 column 

243 rows and 

1 column 

 

Data from second-derivative spectra spanning the range 1100–2350 nm were 

initially explored through PCA method. One PCA for each alcohol was calculated by 

using the whole X-matrix. The scores plot of the second principal component against the 

first (PC2 vs PC1) explained approximately 95% of the variance in X (Figure 4.2.5).  

 
Figure 4.2.5. PCA scores plot constructed from second-derivative spectra over the range 

1100–2350 nm obtained with ethanol (A1-A2) and methanol as acyl-acceptor (B1-B2). 

The 1 and 2 subplots stand for different symbol related to cycles and reaction time, 

respectively. 
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Figures 4.2.5A were calculated from the reactions with ethanol, and 4.2.5B with 

methanol. There were two main sources of spectral variability, namely: reaction time and 

reaction cycle. For the reaction with ethanol (4.2.5A1-A2), the reaction cycle is mostly 

explained by the PC1, accounting for 81% of the X-variance, and the reaction time by the 

PC2 (21%). For the reaction with methanol (4.2.5B1-B2), the reaction time is mostly 

explained by the PC1 (74%) and the reaction cycle by the PC2 (12%). Neither standard 

normal variate (SNV) scaling nor first-derivative treatment, whether individually or in 

combination, provided better results for the reaction with ethanol —at least not on a par 

with the scores plots for methanol. 

4.2.3.3.2. Calibration 

The Kennard–Stone method selects a subset of calibration samples which provide a very 

uniformly distributed network of selected points over the dataset and includes samples on 

its boundary. Table 4.2.4 shows the number of spectra used for calibration and prediction. 

The calibration set for the ethanol reaction included 24 samples from reaction cycles 1, 

2, 3 and 6, which spanned a FAEE yield range of 0.0–61.0%, while the set for methanol 

comprised 27 samples from reaction cycles 2, 3 and 10, with a FAME yield of 6.2–68.9%. 

No spectrum for a near-zero yield was available for methanol owing to instrumental issues 

arising at the beginning of the reaction. All other spectra were included in the prediction 

set. 
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Table 4.2.4. Number of spectra used to construct the calibration and prediction sets, 

figures of merit of the calibration models and predictive ability. 

 Reaction 
with ethanol 

Reaction 
with methanol 

Calibration   

Number of spectra 24 (4 cycles) 27 (3 cycles) 
PLS factors 2 2 
Yield range (%) 0.0–61.0 6.2–68.9 
Cumulative Y-variance explained   

  Factor 1 66.9 91.4 

  Factor 2 98.1 99.6 
NIR vs GC regression   

  Slope 0.98  0.06 0.99  0.03 

  Intercept  0.6  2.1 0.2  1.2 
  Correlation coefficient (r) 0.990 0.998 
  RMSEC (%) 2.4 1.3 

Prediction   

Number of spectra (total) 298 (8 cycles) 657 (9 cycles) 
Number of spectra (with GC reaction 

yield value) 

99 203 

Number of spectra (without GC 

reaction yield value) 

199 454 

Yield range (%) 0.0-59.4 6.3-68.8 
NIR vs GC regression   

  Slope 0.98  0.03 0.99  0.01 

  Intercept  1.0  1.1 –0.3  0.6 

  Correlation coefficient (r) 0.989 0.996 
  RMSEP (%) 2.1 2.0 

 

Reaction yields were quantified by using PLS calibration models constructed from 

independent calibration and prediction sets of NIR spectra. Models spanning a narrow 

spectral range failed to reduce calibration or prediction errors relative to the whole 

spectral range. Also, narrow ranges failed to reduce the number of factors required by 

each model. Second-derivative spectra proved the best choice in any case.  

Table 4.2.4 summarizes the calibration and prediction results obtained with the 

PLS model for each alcohol. Both were constructed with two factors and explained a 

cumulative Y-variance (yield) higher than 98%. The only difference between the two was 

the Y-variance captured by the first factor, which was 66.9% with ethanol and 91.4% with 
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methanol. This was a result of the distribution of PCA scores and the two sources of 

variability observed (reaction time and reaction cycle; Figure 4.2.5). The Y-variable was 

explained mainly by PC1 in the reaction with methanol, and by both PC1 and PC2 in the 

reaction with ethanol. The model using PC1 alone was more robust for methanol than it 

was for ethanol. With PC1 and PC2 jointly, however, the two models captured almost the 

same Y-variance (98.1% for ethanol and 99.6% for methanol). The upper range of 

biodiesel yield for the reaction with methanol (68.9%) was higher by effect of the 

increased experimental reaction yield. Calibration errors (RMSEC), expressed in the 

same units as yield, were 2.4% for ethanol and 1.3% for methanol and the correlation 

coefficients were higher than 0.99. 

The prediction results of Table 4.2.4 were obtained from pure independent sets 

which were not employed during calibration. Regression lines for NIR yield versus GC 

yield plots were evaluated through different tests and analysis. In this sense, the 

correlation coefficients were high (viz., 0.989 and 0.996 for ethanol and methanol, 

respectively). The residuals were randomly distributed around 0 and their normal 

distribution was demonstrated with the Anderson-Darling, Ryan-Joiner and Kolmogorov-

Smirnov tests (95% of significance). The Mandel test for linearity was calculated for the 

two regressions and the F-tests (95% of significance) concluded that quadratic models do 

not performe better than linear ones. The absence of significant differences between the 

two techniques was demonstrated through the t-tests (95% of significance) of the slope 

and intercept of the NIR versus GC regressions. In fact, the slopes and intercepts were 

not significantly different from 1 and 0, respectively, which highlights the accuracy of 

the NIR method. Finally, the satisfactory predictive ability was also assessed with the low 

RMSEP prediction errors (2.1% for ethanol and 2.0% for methanol). As can be seen in 
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Table 4.2.5, RMSEP for the individual reaction cycles ranged from 1.0 to 2.7%. Although 

RMSEC for the methanol model was lower than for the ethanol model (1.3% vs 2.4%), 

there were virtually no differences in predictive ability between the two on an individual 

batch basis. 

Table 4.2.5. RMSEP (%) value for each reaction cycle. 

RMSEP 
Cycle 

Overall 
1 2 3 4 5 6 7 8 9 10 

Reaction with 

ethanol 
2.4 2.0 2.7 2.1 1.9 2.1 1.6 NA NA 1.6 2.1 

Reaction with 

methanol 
2.0 1.0 1.9 2.1 2.1 N/A 2.5 1.9 2.0 2.3 2.0 

N/A: not available 

 

4.2.3.3.3. Validation 

Figures 4.2.6 and 4.2.7 show the NIR profiles of yield vs time used to validate the results 

of the reaction cycles with the two alcohols. The figures represent the NIR predictions 

from the whole set of prediction spectra (with or without a matching reaction yield 

obtained by GC), namely: 298 spectra for ethanol and 657 for methanol. These spectra 

were distributed among the 8 reaction cycles examined for ethanol and the 9 for methanol.  
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Figure 4.2.6. NIR prediction of reaction yields (solid line) with ethanol as acyl-acceptor. 

Dots represent reference GC yield values. 

 

 
Figure 4.2.7. NIR prediction of reaction yields (solid line) with methanol as acyl-

acceptor. Dots represent GC yield values. 
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As can be seen, there was high correlation between the NIR and GC results. 

Uncertainty in the prediction of each spectrum was assessed via the estimated error, which 

is a measure of goodness of prediction and calibration error, and was expressed in reaction 

yield units. This error measure is software specific (Solo) and it uses equation 9 of a 

previously described procedure [24]. The 298 NIR predictions of the reaction with ethanol 

were subject to an estimated average error of 2.94% (min = 2.84, max = 3.13), while the 

657 NIR predictions of the reaction with methanol had an estimated average error of 

1.51% (min = 1.47, max = 1.65). The magnitude of the error was not constant throughout 

the reaction, however; rather, it was smallest in the middle of each batch, and peaked at 

the beginning and end. This result is consistent with the typical distribution of 

interpolation errors observed with least-squares regression. The PCA scores plot (Figure 

4.2.5) affected the larger estimated error for the reaction with ethanol compared with the 

reaction with methanol. The Y-variable (yield) in the reaction with ethanol was explained 

by both PC1 and PC2. This led to a PLS model for the reaction of ethanol with a Y-

explained variance of the first factor of 66.9% (Table 4). The yield in the reaction with 

methanol was explained mostly by PC1 and the Y-explained variance of the PLS model 

was 91.4%. The PLS for both reactions used two factors, achieving 98.1% and 99.6% of 

the Y-explained variance.  The previous results testify to the robustness of NIR 

spectroscopy for monitoring biodiesel production by enzymatic transesterification with 

ethanol or methanol as acyl-acceptor. 

4.2.3. Conclusions 

Waste cooking oil (WCO), which based on its fatty acid composition was probably of 

olive oil origin, was used to obtain third-generation biodiesel with immobilized Rhizopus 



 

206 

 

oryzae lipase in 10 mL vials and in a 50 mL laboratory reactor as an industrial proof of 

concept. Because reaction yields and enzyme operational stability were similar in the two 

systems (vial and reactor), mass transfer was assumed to be identical in both of them. 

Thus, the transesterification reaction was easily scaled up from orbitally stirred vials to a 

mechanically stirred reactor mimicking industrial conditions. Besides, in the reactor, 

EO-rROL biocatalyst exhibited a high operational stability in terms of half-life (t1/2), over 

35 reaction batches with both methanol and ethanol. However, methanol-based reaction 

showed decreased productivity as a result of the increased reaction times (219 vs 327 

µmol min–1). 

Regarding the inline monitoring of the enzymatic transesterification of WCO with 

NIR spectroscopy, the fact of using effective prediction models allowed the reaction in 

the 50 mL reactor to be accurately monitored with both acyl-acceptors, ethanol and 

methanol. The GC and NIR results were highly correlated, with a prediction error 

(RMSEP) of 2.0% for methanol and 2.1% for ethanol. Based on these results, using 

immobilized enzymes and adding the alcohol stepwise, which might have increased 

background noise in spectral measurements, was no issue here. Consequently, NIR 

spectroscopy stands as a robust tool for monitoring industrial biodiesel production in 

compliance with CPV and PAT principles. Moreover, inline monitoring of the reaction 

can help identify the most suitable time for addition of alcohol pulses and renewal of the 

biocatalyst for optimal performance. 
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5.1.1. Introduction 

As described in Section 1.2, lipases are widely known for carrying out synthesis reactions 

including interesterification and transesterification reactions in organic media. However, 

two of the most significant restrictions to the industrial use of lipases as biocatalysts are 

their costs and their poor stability, which limits their reusability and compromises the 

economic feasibility of the bioprocesses [1]. In this sense, several approaches have been 

employed for improving enzyme stability. For instance, protein engineering is a common 

target employed to improve biocatalysts features [2]. Some methods, such as directed 

mutagenesis, have provided promising results in this respect [3]. In addition, 

immobilization methods have also allowed adverse effects on enzyme stability in 

industrial reactions to be minimized [4–6] —as it was already addressed in Section 4.1. 

Furthermore, other authors have successfully prevented lipase inactivation by improving 

the bioprocess, for instance, by adding alcohol stepwise during biodiesel synthesis [7].  

On the other hand, regarding biocatalyst price, which is a significant part of the 

economic cost of bioprocesses [8], heterologous expression of enzymes becomes 

essential to lower its economic cost and increase and ease enzyme production. In this 

sense, ROL has been already produced both in the native organism and in various cell 

factories (see Section 1.4). For instance, the production and function of its prosequence 

have been examined in Saccharomyces cerevisiae [9–11]. Nevertheless, Komagataella 

phaffii has proved to be one of the most suitable cell factories for synthesizing ROL, due 

to the already described advantages that this yeast provides. 

Recently, the role of prosequences of various enzymes has been deepened [12]. 

These sequences are mainly found at the N-terminal and C-terminal of proteins and act 
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as intramolecular chaperones participating in the folding of enzymes both in vivo and in 

vitro, improving enzymes stability and lowering their deleterious effects during 

production [13–15]. Thus, the proper use of prosequences might enable biocatalysts 

operational stability enhancement and an easier and cheaper production of enzymes, as 

they minimize the noxious effect of their production. In this sense, the prosequence of 

ROL has been deeply studied (Section 1.3) and seemingly, the last 28 C-terminal amino 

acids of the prosequence —which are secreted jointly with the mature sequence by the 

native microorganism— alongside the mature sequence are enough for some of the 

presumed advantages of the whole prosequence to occur [16–19]. 

This chapter aimed to elucidate whether the truncated prosequence suffices to 

obtain a biocatalyst with improved industrially relevant features, e.g., enzyme stability 

and increased heterologous production. Therefore, 28 C-terminal amino acids of the 

prosequence were fused to the N-terminal of recombinant mature sequence of Rhizopus 

oryzae lipase (rROL), forming truncated prosequence plus rROL (proROL), and 

expressed in K. phaffii. To the best of our knowledge, it is the first time that a joint 

expression of the truncated prosequence of Rhizopus oryzae lipase and the mature 

sequence was carried out in Komagataella phaffii, performing a study of the heterologous 

production, enzyme stability, and biochemical features. 

5.1.2 Results and discussion 

5.1.2.1. Batch and Fed-Batch production of proROL and rROL 

The proROL producing strain (proROL PAOX1-strain) used in the tests was selected from 

a pool of previously screened colonies according to the procedure described in Section 
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3.2.1. A single plasmid integration was confirmed by droplet digital PCR (ddPCR), and 

a batch culture was run by using an initial methanol concentration of 10 g L−1 for 

comparison with the rROL producing single-copy strain (rROL PAOX1-strain). All batches 

were run in duplicate (see Section 3.2.2). Initially, all were performed at a controlled pH 

of 5.5, the standard value for rROL PAOX1-strain. However, with proROL PAOX1-strain, the 

medium was highly cloudy by the end of the fermentation process. This result is likely to 

be due to the closeness of the pH to the isoelectric point of proROL—6.08, calculated by 

bioinformatics tool ExPASy—so the fermentation pH was reduced to 5 in order to avoid 

this unwanted effect. 

Table 5.1.1 compares the main batch fermentation parameters between proROL 

PAOX1-strain and rROL PAOX1-strain. Although final proROL activity was slightly higher 

than rROL activity, the greatest difference between the two strains was that in µmax, which 

was 1.6 times greater in the former, although smaller than the value for wild-type K. 

phaffii (ca. 0.1 h−1). Apparently, K. phaffii growth was less markedly affected by proROL 

than by rROL heterologous protein expression, as it was also previously described for 

E.coli strains producing ROL [18]. In this sense, YP/X was also higher in proROL PAOX1-

strain than in rROL PAOX1-strain. 

Table 5.1.1. Results of the batch with 10 g methanol L−1. 

Parameter rROL proROL 

µmax (h
−1) 0.045 ± 0.002 0.073 ± 0.004 

Final activity (AU mL−1) 10.51 ± 1.15 12.38 ± 1.05 

YX/S (gX gMeOH
−1) 0.28 ± 0.02 0.335 ± 0.005 

YP/X (AU gX
−1) 3753 ± 240 5017 ± 320 

 

Regarding fed-batch cultures, both methanol non-limiting fed-batch (MNLFB) and 

methanol limiting fed-bath (MLFB) strategies were employed to compare rROL- and 
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proROL PAOX1-strain performance (see Section 3.2.3.1). In the former strategy, a 

methanol concentration of 3 g L–1 was maintained —the reported optimum level for rROL 

PAOX1-strain [20] — while for the latter, two different methanol feeding rates resulting in 

two different growth rates were used. Table 5.1.2 shows the parameter values obtained 

for both strains. Feeding rates and parameter values were calculated according to the 

equations described in Section 3.2.3.5. 

Table 5.1.2. Results of the fed-batch with rROL and proROL PAOX1-strain under 

two methanol addition strategies. Methanol limiting fed-batch (MLFB) under 

two pre-fixed specific growth rates (0.015 and 0.045 h−1). Methanol non-limiting 

fed-batch (MNLFB), maintaining a constant methanol concentration at 3 gL−1. 

 MLFB MNLFB 

Parameter 
proROL 
0.015 h−1 

rROL 
0.015 h−1 

proROL 
0.045 h−1 

rROL 
0.045 h−1 

proROL 
3 g L−1 

rROL 
3 g L−1 

Final activity  

(AU mL−1) 
219 135 147 27 358 280 

YP/X (total AU 

total gX
−1) 

5264 2644 1908 479 4972 5282 

µ (h−1) 0.011 0.014 0.038 0.043 0.065 0.046 

qp  

(AU gX
−1 h−1) 

57 46 68.5 18 308 322 

Specific 

productivity*  

(AU gX
−1 h−1) 

49 36 44 11 99 102 

Volumetric 

productivity*  

(AU L−1 h−1) 

2763 1857 2782 623 7160 5406 

* Specific and volumetric productivity were estimated throughout the fermentation run. 

As in the batch cultures, in MNLFB, the mean specific growth rate of proROL 

PAOX1-strain exceeded that of rROL PAOX1-strain. The total fermentation time was quite 

similar for both (about 52 h). The volumetric productivity of proROL PAOX1-strain was 

1.3 times higher than this of rROL PAOX1-strain. However, Y(P/X), qp, and specific 

productivity were quite similar. Interestingly, the specific growth rate of rROL PAOX1-

strain in the batch and fed-batch MNLFB tests was the same, although lower in the fed-

batch tests than in batch cultures for proROL PAOX1-strain. These results suggested that 
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the optimum methanol set-point for maximal efficiency during MNLFB might differ 

between rROL PAOX1-strain and proROL PAOX1-strain, and consequently, be the reason of 

proROL PAOX1-strain lower growth rate. 

When MLFB strategy was employed for comparing both strains, the differences 

were more appreciated. After the transition phase, the rROL production was practically 

negligible for all the µ set-point tested, except for the lowest µ in which a sharp increase 

of lipolytic activity was observed at the end of the fed-batch culture [20]. Instead, when 

the MLFB strategy was studied with proROL PAOX1-strain, a different behavior was 

observed (Figure 5.1.1). In fact, even if proROL PAOX1-strain production parameters were 

lower in MLFB strategy than in MNLFB one, they were higher for the two µ set-points 

tested when compared with rROL PAOX1-strain—4.4 times greater in the most extreme 

case—as can be seen in Figure 5.1.1 and Table 5.1.2. Besides, as it was described for 

rROL PAOX1-strain, MLFB cultures at the lowest µ improved the proROL PAOX1-strain titer 

[20]. 

 
Figure 5.1.1. Lipase activity evolution in MLFB (methanol limiting fed-batch) cultures 

of proROL PAOX1-strain and rROL PAOX1-strain at two pre-fixed specific growth rates, 

0.015 and 0.045 h−1. pre-fixed µ of 0.015 h−1 (discontinuous line) and 0.045 h−1 

(continuous line). proROL PAOX1-strain (circles) and rROL PAOX1-strain (triangles).  
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Thus, the better growth of proROL PAOX1-strain combined with the better 

productivities observed in both studied strategies, MLFB and MNLFB, suggested a stress 

reduction during recombinant protein expression caused by the presence of the 28 amino 

acids of the prosequence. As a result, an unfolded protein response (UPR) phenomena 

might not be triggered to the same extent as in the rROL PAOX1-strain [21]. 

5.1.2.2 Electrophoretic studies 

The electrophoretic techniques (methods were described in Section 3.6) were used to 

identify differences between proROL and rROL free enzymes and also to examine some 

properties of lyophilized powders of each lipase. First, the band corresponding to proROL 

in the SDS-PAGE gel was identified by using 4-Methylumbelliferyl butyrate (MUF-

butyrate) as a substrate, and then the molecular weight of the lipase was determined. As 

can be seen in Figure 5.1.2C, the zymogram contained only one active band. This result, 

which was also obtained with rROL lyophilized powder (Figure 5.1.2D), suggested that 

K. phaffii secretome contained no additional esterases or lipases [22]. After the 

zymograms were recorded, the gel was dyed with Coomassie Blue to determine the 

molecular weight of the enzymes. The band corresponding to proROL fell at 33 kDa 

(Figure 5.1.2B), which is similar to the value reported elsewhere [23] and also to that for 

naturally secreted lipase from Rhizopus oryzae [24] (Section 1.4 for further information). 

As can also be seen (Figure 5.1.2E), the band for rROL was around 29 kDa, 4 kDa lower 

than proROL, which agreed to the lack of the 28 amino acids of the prosequence [25]. 

Furthermore, as can be seen in Figure 5.1.2F-2G, the western blot analysis 

provided faint bands with similar but higher molecular weights to the main bands 

observed for rROL and proROL, suggesting that there are different conformations of the 
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lipases. These results are consistent with previously published work, in which some 

attempts to explain these findings were done, including N-terminal and glycosylation 

studies, although no relevant conclusions were obtained [22].  

 
Figure 5.1.2. (A) Prestained all blue Precision Plus Protein™ standards molecular weight 

marker. (B) SDS-PAGE results for proROL (square). (C) Zymogram for proROL lipase. 

(D) SDS-PAGE results for rROL lipase (square). (E) Zymogram for rROL lipase. (F) 

Western blot results for proROL lipase. (G) Western blot results for rROL lipase. (H) 

Precision PlusTM all blue standards molecular weight marker. 

The western blot results allowed the amount of lipase present in each lyophilized 

powder (rROL and proROL) to be quantified and the two enzymes to be compared in 

terms of specific activity. For this purpose, two samples of purified rROL of known 

concentration were used as lipase standards. As can be seen from Table 5.1.3, the 

presence of the 28 C-terminal amino acids of the prosequence in proROL had no adverse 

effect on the specific activity of the enzyme with the employed lipolytic activity test 

(Roche substrate test, see Section 3.2.6). The table also shows the protein/lyophilized 

powder and lipase/total protein percentage ratios. Approximately 8% of the lyophilized 

powder was protein and 25%–30% of all protein was the recombinant protein, confirming 

K. phaffii to be an effective cell factory for heterologous protein production. 
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Table 5.1.3. Specific activity, mass/mass % of total protein/lyophilized powder, 

and ratio lipase/protein of proROL and rROL calculated with the Western blot 

test. 

Enzyme 
Specific Activity 

(AU genzyme
−1) 

%Protein/Lyophilized 

Powder 
% Lipase/Protein 

rROL 17.8 ± 0.6 7.2 28.5 

proROL 16.1 ± 0.3 8.5 25.2 

 

Finally, the samples were also subjected to densitometry analysis by using SDS-

PAGE gels and a protein standard marker (Precision Plus Protein™ unstained) of known 

concentration from Bio-Rad. The results were similar to those of the western blot test. 

This suggested that K. phaffii secreted no other proteins similar to the lipases in molecular 

weight and potentially interfering with densitometric analyses.  

5.1.2.3. Influence of ionic strength, temperature, and pH on enzyme activity 

proROL was characterized in biochemical terms to examine the influence of ionic 

strength, temperature, and pH on enzyme activity, as well as to compare the results with 

those previously reported for rROL [22]. As shown by reported evidence, ionic strength 

has a marked effect on enzyme activity. In this work, its influence was examined by using 

50–400 mM concentrations of Tris-HCl buffer at pH 7.25. As expected, lipolytic activity 

(Figure 5.1.3) was strongly influenced by ionic strength because the activity dropped 

dramatically at 400 mM and 50 mM. Both enzymes behaved similarly in this respect, 

suggesting that the presence of the prosequence had no appreciable effect on this 

parameter. 
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Figure 5.1.3. Influence of ionic strength on lipolytic activity relative to the maximum 

value for proROL (circles) and rROL (triangles) in Tris-HCl buffer at pH 7.25 at 30 °C 

that was taken to be 100% in each case. 

 

Due to the significance of the ionic strength in enzyme activity, the temperature 

and pH assays were done at 200 mM and 400 mM, considering the different behavior 

observed for rROL [22]. The influence of temperature is illustrated in Figure 5.1.4A. As 

can be seen, the optimum temperature for proROL at both ionic strength levels was 40 °C; 

by contrast, that for rROL shifted from 40 °C to 30 °C at the higher value. Similar 

optimum temperatures were previously reported (e.g., 40 °C and 35 °C for native ROL 

[24,26], and 30 °C for lipase formed by the mature sequence produced in K. phaffii [27]). 

Regarding pH, as can be seen from Figure 5.1.4B, the influence was similar to that of 

temperature; thus, proROL exhibited an identical optimum pH at both ionic strength 

levels, whereas rROL had an optimum pH of 7.25 at the higher ionic strength value and 

8 at the lower. An optimum pH of 8 was previously reported for native ROL [26,27] and 

one of 7.5 for purified native lipase [24].  

 



 

224 

 

 
Figure 5.1.4. (A) Effect of temperature on lipolytic activity relative to the maximum 

value for proROL and rROL in Tris-HCl buffer at pH 7.25 at two different ionic strengths 

(200 and 400 Mm) that were taken to be 100% in each case. (B) Effect of pH on lipolytic 

activity relative to the maximum value for proROL and rROL in Tris-HCl buffer at 30 °C 

at two different ionic strengths (200 and 400 mM) that were taken to be 100% in each 

case. (black) 200 mM proROL. (striped-white) 400 mM proROL. (grey) 200 mM rROL. 

(white) 400 mM rROL. 

 

Nevertheless, for both pH and temperature optimum values, several different 

results can be found in the literature for Rhizopus oryzae lipase (see Section 1.3). Besides, 

the presence of the 28 amino acids of the prosequence might be the reason of such 

variability. These amino acids have been described to act as an intramolecular chaperone 

[18], increasing protein stability and, consequently, proROL enzyme activity might be 

less markedly influenced by changes in medium ionic strength, temperature or pH than 

those of rROL. Thus, the 28 amino acids might be the reason why proROL maintains 

identical temperature and pH optimums at both assayed medium ionic strength. 

5.1.2.4. Substrate specificity 

The presence of the 28 amino acids in the N-terminal of Rhizopus oryzae lipase has been 

associated with changes in substrate specificity [17]. This led us to examine proROL 

specificity by using commercial p-nitrophenol esters of variable carbon chain length and 
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compare the results with those of previous studies on the specificity of rROL and 

commercial native lipase from R. oryzae (nROL) [22]. As can be seen in Figure 5.1.5, the 

profile for proROL was similar to that for nROL, with a peak at C8. However, consistent 

with previous results [10], it was different from that for rROL, which peaked at a greater 

chain length (C12). The presence of the 28 amino acids of the prosequence, therefore, had 

a clear-cut effect on lipase specificity. In fact, previous studies have reported the 

significance of the 28 amino acids in Rhizopus oryzae lipase substrate specificity by using 

bioinformatic prediction tools to build 3D models [17]. According to this work, the 28 

amino acids of the prosequence are located near to the lid region, and as they contain 50% 

of hydrophobic residues, they are supposed to play a relevant role in the interaction with 

substrates. 

 
Figure 5.1.5. C4 to C12 p-nitrophenol ester specificity for nROL (black), proROL 

(striped-white), and rROL (grey). The maximum activity at 30 °C in 50 mM phosphate 

buffer at pH 7 in each run was taken to be 100%. 

 

5.1.2.5. proROL N-terminal proteolysis 

Previous studies confirmed the proteolysis of the N-terminal in purified Rhizopus niveus 

lipase [25], whose N-terminal is identical with that in R. oryzae lipase [28] —seemingly, 
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proteolysis was the result of the presence of a serine protease in the purified lipase 

solution. Taking this into account, the proROL enzyme was left in solution for 24 h at 

room temperature to evaluate, by SDS-PAGE, possible proteolysis and compare it with 

the controls described in Section 3.7. As can be seen from Figure 5.1.6, proROL (C2) lost 

a molecular weight of approximately 4 kDa, exactly the weight corresponding to the 28 

amino acids of the prosequence. However, no proteolysis was observed in the presence 

of the protease inhibitor (I) and under sterile conditions (C3). Moreover, proteolysis was 

less marked with C1 as the likely result of the antiseptic effect of ethanol added to the 

proROL solution.  

 
Figure 5.1.6. SDS-PAGE analysis of the samples from the proteolysis study. (B) The 

initial solution of proROL lipase. (I) proROL solution after 24 h in the presence of 

inhibitor. (C1) proROL solution after 24 h in the presence of ethanol. (C2) proROL 

solution in 5 mM phosphate buffer after 24 h. (C3) Sterilized proROL solution in 5 mM 

phosphate buffer after 24 h. (MW) Molecular weight marker. 

 

Thus, as revealed by the blanks, proteolysis might have been caused by proteases 

produced by external microbial contaminants present in the lipase solution. Seemingly, 

the 28 amino acids were preferentially lost since no other bands suggesting non-specific 

proteolysis were observed upon lipase hydrolysis. This may have been a result of the 28 
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amino acids of the prosequence being naturally designed for removal to obtain a lipase 

exclusively containing the mature sequence.  

5.1.2.6. Free enzymes stability studies  

Because proROL has been deemed more stable than the enzyme consisting of the mature 

sequence only [15], proROL stability was compared to rROL stability following the 

procedure described in Section 3.9 and under three different conditions selected from a 

previously done design of experiment (DoE) for rROL characterization [29]. Such 

conditions were chosen on the grounds that they previously led to a variable loss of 

activity. As can be seen from Figure 5.1.7A, proROL was more stable than rROL after 

1 h of incubation irrespective of the particular pH and temperature conditions. For 

example, proROL was up to 7 times more stable than rROL at 35 °C and pH 8.12. 

Figure 5.1.7. (A) Influence of pH and temperature on lipase stability. Results obtained 

after incubation for 1 h of proROL (black) and rROL (striped-white) lipase in 200 mM 

Tris-HCl buffer under different temperature and pH conditions. (B) proROL stability after 

1 h (black) and 24 h (grey) of incubation under different temperature and pH conditions 

in 200 mM Tris-HCl buffer. Activity values relative to t = 0. 

 

These results led us to examine proROL further than rROL by extending the 

incubation time to 24 h under sterile conditions to avoid the unwanted proteolysis 
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described in Section 5.1.4. As can be seen in Figure 5.1.7B, proROL lost only 10% of its 

activity after 24 h of incubation at 25 °C and pH 8.12. Therefore, the temperature had a 

stronger effect than pH on proROL stability, which is consistent with the results of 

previous studies on rROL stability [29]. 

The stability of both lipases during 24 h under sterile conditions in the presence 

of ethanol or methanol at four different concentrations was also studied (see Section 3.9). 

As can be seen from Figure 5.1.8, proROL was more stable than rROL irrespective of the 

conditions. For instance, proROL retained 17 times more activity than rROL after 24 h in 

the presence of 15% methanol. Also, consistent with previous results [30], both lipases 

were more strongly affected by ethanol than they were by methanol. However, this result 

conflicts with those for rROL in biodiesel synthesis reactions, where methanol proved to 

be more detrimental (see Results Section 4.1.2.2). This contradiction can be ascribed to 

the alcohol interacting with the active site of the enzyme during biodiesel reactions, which 

is unlikely in a lipase-alcohol solution because the enzyme lid is closed. 

 



 

229 

 

Figure 5.1.8. Stability of proROL and rROL in solution in the presence of ethanol and 

methanol at four different concentrations. (A) proROL in ethanol, (B) proROL in 

methanol, (C) rROL in ethanol, and (D) rROL in methanol. Activity values relative to t 

= 0. Alcohol concentration: 0% (black), 5% (striped-white), 15% (grey), and 30% (white). 

 

In summary, the 28 amino acids of the prosequence in the N-terminal of lipase 

improved protein stability, not only under different conditions of pH and temperature but 

also in the presence of variable concentrations of alcohol. 

5.1.3. Conclusions 

Two of the main drawbacks of lipase-catalyzed transesterification for the biodiesel 

industry are lipase production economic cost and its stability, which are directly related 

to the economic feasibility of the whole bioprocess. The presence of only 28 C-terminal 

amino acids of the prosequence in proROL resulted in significant improvements in 
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comparison to the mature sequence lipase (rROL). In terms of bioprocess engineering, 

the maximum specific growth rate value for proROL producing strain in batch cultures, 

0.073 h−1, was 1.6 times greater than that for rROL PAOX1-strain but still much smaller 

than the value for wild-type K. phaffii (about 0.1 h−1). In addition, lipase production and 

volumetric productivity of proROL PAOX1-strain in fed-batch cultures were also greater in 

both methanol-addition strategies. All these results suggested a stress reduction caused 

by recombinant protein expression during proROL production and a potential decrease in 

the economic cost of the biocatalyst due to higher productivity. 

Although proROL and rROL free lipases showed similar specific activity and 

patterns during biochemical characterization, the presence of the 28 amino acids in the 

former resulted in some differences. Thus, proROL differed not only in molecular weight 

but also in the optimum pH and temperature at each ionic strength. Substrate specificity 

also differed between the two lipases, and selective proteolysis of the 28 amino acids of 

the prosequence was observed. However, the most significant difference was the 

increased stability of proROL relative to rROL under all the stability tests carried out at 

different pH and temperature conditions in the presence or absence of alcohols (methanol 

and ethanol). Thus, advantageous traits of this lipase may open up new avenues for its 

application in industry. 
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5.2.1. Introduction 

The alcohol oxidase 1 promoter (PAOX1) has been extensively used to express Rhizopus 

oryzae lipase in Komagataella phaffii, whose suitability has been already described in 

Sections 1.5.1 and 5.1. This promoter is strongly induced by methanol but repressed by 

glucose and glycerol. Although PAOX1 allows large amounts of protein to be obtained, the 

use of methanol increases oxygen requirements and heat production —and raises 

production costs through the need to store and handle methanol properly [1,2]. These 

drawbacks have prompted the use of methanol-independent promoters such as the 

formaldehyde dehydrogenase 1 promoter (PFLD1), which is inducible by both methanol as 

sole carbon and energy source and methylamine as nitrogen source [3,4], and the 

constitutive glyceraldehyde-3-phosphate dehydrogenase promoter (PGAP) from central 

carbon metabolism [5]. Regarding the latter, despite the constitutive nature of PGAP, its 

strong expression capacity depends on the carbon source and growth rate of the particular 

culture [6,7]. In addition, although the expression of ROL has been already reported under 

this constitutive promoter, proROL-gene, which encodes both the prosequence and the 

mature sequence is needed to alleviate the adverse effects of producing the mature 

sequence of ROL under PGAP [8], as this lipase form is harmful to the host cell [9]. In fact, 

rROL-gene expression has only been accomplished under the inducible PAOX1 [10,11]—

inducible promoters are less troublesome than constitutive promoters in this respect [12]. 

In this sense, the primary aim of this chapter was to express ROL under the 

constitutive promoter PGAP by using the 28 amino acids of its prosequence fused to the 

mature sequence to alleviate the adverse effects of mature sequence expression and to 

enable a methanol-independent and more environmentally friendly bioprocess. The 
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alleged positive traits of the 28 C-terminal amino acids of the prosequence were assessed. 

In addition, besides the reduce in the negative impact on host strain growth, bioprocess 

productivity was evaluated and a deeper study of the role of the 28 amino acids in 

increasing the stability of the immobilized biocatalyst against organic solvents and in 

boosting its operational stability during the model reactions of biodiesel and ethyl 

butyrate (pineapple flavor) production was performed. 

5.2.2. Results and discussion 

5.2.2.1. Batch and fed-batch bioprocess strategies under GAP promoter 

The fact that some of the positive traits of the whole prosequence have also been identified 

with truncated sequences [13,14], led us to transform K. phaffii with 28proROL PGAP-

plasmid, rROL PGAP-plasmid and the empty plasmid —blank— to investigate the role of 

the C-terminal 28 amino acids of the prosequence following the procedure described in 

Section 3.2.1. 

Three transformation runs with each plasmid produced 252 colonies with the 

blank and 21 with 28proROL PGAP-plasmid but none with rROL PGAP-plasmid. Based on 

this outcome, the ROL mature sequence must somehow hinder constitutive expression in 

K. phaffii. In fact, these results are consistent with those of previous work where 

production of the ROL mature sequence caused cell lysis in E.coli owing to its 

phospholipase activity but no lysis when 28 C-terminal amino acids in the prosequence 

were expressed together with the mature sequence [9]. Consequently, the truncated 

prosequence of ROL (28 C-terminal amino acids) can be assumed to alleviate the 
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deleterious effects of the lipase and enable production of viable clones of K. phaffii as a 

result.  

Viable clones expressing proROL were identified by colony PCR and a pool of 

positive colonies was selected, the most productive clone being chosen for further testing. 

Single plasmid integration in the proROL PGAP-strain clone was confirmed by ddPCR and 

duplicate batch cultures were run with glycerol as carbon source as described in Section 

3.2.2. Key production and growth parameters of batch cultures (described in Section 

3.2.3.5) were compared with reported values for proROL PAOX1-strain and 

rROL PAOX1-strain grown in methanol extracted from previous Section 5.1.2.1 (Table 

5.2.1).  

 

The greatest differences between proROL PAOX1-strain and proROL PGAP-strain 

were those in final activity and volumetric productivity, which were 6.5 times higher in 

the latter. Also, qp was 2.2 times higher with proROL PGAP-strain than it was with 

proROL PAOX1-strain. However, YP/X was greater with the latter than it was with the 

former. In line with these results, specific productivities were very similar with both 

strains. In fact, the increased YP/X value obtained with proROL PAOX1-strain was offset by 

Table 5.2.1 – Results obtained in batch tests involving proROL PAOX1-strain and 

rROL PAOX1-strain in 10 g MeOH L−1, and proROL PGAP-strain in 40 g glycerol L−1. 

Parameter proROL PAOX1
1 proROL PGAP

 rROL PAOX1
1 

Final activity (AU mL–1) 12.38 74.71 10.51 

YP/X (total AU total gX
–1) 5017 4273 3753 

µ (h–1) 0.073 0.22 0.045 

qp (AU gX
–1 h–1) 391 874 168 

Specific productivity (AU gX
–1 h–1) 195 192 139 

Volumetric productivity (AU L–1 h–1) 462 3367 389 
1 Data obtained from section 5.1.2.1. 
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the increased specific growth rate of proROL PGAP-strain, which reduced bioprocess 

operation time.  

Furthermore, the truncated prosequence minimized the harmful effects of mature 

ROL production on K. phaffii growth, no matter the promoter employed (Table 5.2.1). In 

fact, growth rates with proROL producing strains were similar to those of wild-type strain 

under both glycerol (0.22 h–1 with proROL PGAP-strain and 0.25 h–1 with the wild-type 

strain) and methanol (0.073 h–1 with proROL PAOX1-strain and 0.09 h–1 with the wild-type 

strain). By contrast, the growth rate of rROL PAOX1-strain in methanol was markedly lower 

(0.045 h–1). These results suggest that K. phaffii is an effective cell factory for ROL 

production; as unlike with E. coli, in which proROL expression inhibits cell growth [9]. 

proROL PGAP-strain was also grown in fed-batch cultures, using a pre-

programmed exponential glucose feeding rate to maintain a constant specific growth rate 

of 0.045 h–1 according to the procedure described in Section 3.2.3.2. Various key 

bioprocess parameters for proROL PGAP-strain (Table 5.2.2) were determined for 

comparison with previously reported results in Section 5.1.2.1 of proROL PAOX1-strain 

using methanol limited fed-batch (MLFB) strategy at a constant specific growth rate, and 

the methanol non-limited fed-batch (MNLFB) strategy at a constant methanol 

concentration of 3 g L–1 in the culture broth throughout the induction stage (see 

calculations in Section 3.2.3.5). Based on previously obtained evidence, the latter is the 

most suitable strategy with this production system. 
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Table 5.2.2 – Results obtained with proROL PGAP-strain under carbon-limited fed-batch 

conditions, and also with proROL PAOX1-strain under either methanol-limited fed-batch 

(MLFB) conditions at a preset specific growth rate of 0.045 h–1 or methanol non-limited 

fed-batch (MNLFB) conditions at a constant methanol concentration of 3 g L–1. 

Parameter 

Carbon-limited fed-batch 

µset-point = 0.045 h–1 

MNLFB  

3 g L–1 

proROL 

PAOX1
1 

proROL 

PGAP  
proROL 

PAOX1
1 

Final activity (AU mL–1) 147 341 358 

YP/X (total AU total gX
–1) 1908 6789 4972 

Estimated µ (h–1) 0.038 0.045 0.065 

qp (AU gX
−1 h−1) 68.5 479 308 

Specific productivity (AU gX
–1 h–1) 44 156 99 

Volumetric productivity (AU L–1 h–1) 2782 7881 7160 
1 Data obtained from section 5.1.2.1.    

 

As in the batch cultures, final activity (Figure 5.2.1) and volumetric productivity 

(Table 5.2.2) with proROL PGAP-strain were higher in the fed-batch cultures than with 

proROL PAOX1-strain grown under carbon-limited fed-batch conditions at a similar 

specific growth rate (Section 5.1.2.1). However, YP/X was greater with 

proROL PGAP-strain than it was with proROL PAOX1-strain, contrary to what was observed 

during batch cultures. This outcome is consistent with the results of previous work were 

the MLFB strategy was reported to perform poorly [15]. 
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Figure 5.2.1. Time course of lipase activity in carbon limited fed-batch cultures of 

proROL PGAP-strain and proROL PAOX1-strain at a preset specific growth rate of 0.045 h−1 

(dashed line) and with MNLFB (solid line). proROL PAOX1-strain (circles) and proROL 

PGAP-strain (triangles).  

 

Interestingly, YP/X was 1.5 times higher with proROL PGAP-strain than it was with 

proROL PAOX1-strain under MNLFB. However, final activity and volumetric productivity 

were similar with both strains. Thus, the bioprocess parameters for proROL PGAP-strain 

grown at specific rate of 0.045h–1 on glucose were similar to those provided by 

proROL PAOX1-strain with the best strategy devised so far (MNLFB at a constant methanol 

concentration of 3 g L–1). Therefore, this strategy not only enables methanol-free proROL 

production but also lends itself readily to bioprocess optimization with proROL PGAP-

strain. 

5.2.2.2. N-terminal amino acids sequence analysis  

Previous results obtained by SDS-PAGE molecular weight analysis suggested selective 

proteolysis of the N-terminal 28 amino acids in the truncated prosequence of proROL by 

effect of proteases (Section 5.1.2.5). Similar results were also obtained with R. niveus 
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lipase, whose N-terminal is identical with that of ROL [16]. Therefore, these 28 amino 

acids seem to be naturally designed for removal to obtain the lipase mature sequence 

(rROL). proROL behaved identically here. The qualitative information of proteolysis 

obtained by SDS-PAGE technique was confirmed by performing the N-terminal sequence 

analysis described in Section 3.8, which involved automated Edman’s degradation of 

proROLm (proteolyzed proROL, see Section 3.2.4), proROL and rROL N-terminal 

(Table 5.2.3). The 28 amino acids in the prosequence were confirmed to be primarily 

hydrolyzed by proteases in order to convert proROL into the lipase mature sequence 

(rROL). However, the expected proROLm sequence, which should have been identical 

with that of rROL, did not materialize because the first serine was removed. Based on 

studies done with the bioinformatic tool Expasy, the digestion pattern could be ascribed 

to AspN and AspGluN endoproteases. 

Table 5.2.3 – Expected sequence for the N-terminal based 

on the cloned sequence and actual sequence as determined 

by Edman’s degradation analysis. 

Enzyme Expected sequence Actual sequence 

proROL DDNLVG EADDNL 

proROLm SDGGKVV DGGKVV 

rROL1 SDGGKVV EAEFSDGGKVVAA 
1 Data obtained from [17] 

 

Regarding proROL N-terminal, as previously reported for rROL [17], the plasmid 

used for heterologous production of the lipase in K. phaffii left the last two amino acids 

of the alpha-factor sequence of S. cerevisiae (EA) in the resulting protein. The presence 

of these amino acids is important because the theoretical isoelectric point (pI) for proROL 

as calculated with Expasy bioinformatic tool switches from 6.32 to 6.08, which explains 

previously encountered turbidity issues in proROL strain fermentations at pH 5.5 —a 
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value near the pI level leading to enzyme denaturation (see Section 5.1.2.1). Besides, 

unlike in rROL [17], the following two amino acids, EF —an unwanted sequence coming 

from the restriction site—, were not found because plasmid restriction sites were 

upgraded in proROL plasmids. Then, besides the EA amino acids, proROL N-terminal 

showed the same sequence as native lipase from Rhizopus oryzae (indicated in Table 5.2.3 

as the expected sequence) [18]. This outcome might explain that in the previous section 

5.1.2.4, proROL and the native ROL showed similar substrate specificity towards p-

nitrophenol esters of different chain length. 

5.2.2.3. Immobilized enzymes stability  

For industrial use, biocatalysts must be stable enough in the organic solvents typically 

used [19]. ROL has been deemed tolerant to non-aqueous solvents [20]. However, 

because proROL is a more stable enzyme than rROL by virtue of its truncated 

prosequence (Section 5.1.2.6), in this work we wanted to compare the stability of both 

lipases covalently immobilized onto a support containing epoxide and butyl functional 

groups (EB) in solvents spanning a wide range of Log P values (Figure 5.2.2). 
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Figure 5.2.2 – Relative initial reaction rate (%) of ethyl butyrate synthesis after 

incubation of the biocatalysts for 24 h in the following solvents: tetrahydrofuran (THF), 

anisole, limonene, cyclohexane, heptane and isooctane. The Log P values for each solvent 

are shown under its name. EB-rROL (black). EB-proROL (striped grey). The initial 

reaction rate for each non-incubated biocatalyst was taken to be 100%. 

 

The presence of the truncated prosequence had a positive effect on EB-proROL 

stability, which exceeded that of EB-rROL in all cases. In fact, EB-proROL was 2.5 times 

more stable than EB-rROL in tetrahydrofuran (THF), the most extreme case. In anisole 

and limonene, two solvents with a high potential for use in green chemistry [21] and 

medium Log P values, EB-proROL was about 30% more stable than EB-rROL. Log P 

had a marked effect on biocatalyst stability, decreasing values leading to reduce stability 

due to the removal of structural water from the enzymes [22]. Obviously, the adverse 

effects of low Log P values on proROL were less marked than those on rROL. 

The results for EB-rROL in heptane and isooctane were compared with previously 

reported values for rROL immobilized onto various supports (EP100, Eupergit® CM and 

octadecyl-Sepabeads) [23]. This way, immobilization onto the EB support obtained from 

Purolite® was found to also increase the stability of rROL. 
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5.2.2.4. Transesterification and esterification reactions.  

rROL and proROL free lipases were covalently immobilized onto a Purolite® D6307 

support containing epoxide and butyl functional groups (EB) to elucidate the effect of the 

28 amino acids of the lipase on the initial reaction rate and operational stability of the 

biocatalyst during biodiesel and ethyl butyrate production. The employed reaction 

procedures for both transesterification and esterification reactions can be found in 

Sections 3.14 and 3.15.1, respectively. 

5.2.2.4.1. Biodiesel production 

The enzymatic production of biodiesel has several advantages in terms of process 

sustainability over its chemical production. However, only exceptionally stable 

biocatalysts allow cost-effective production [24,25]. This led us to assess the potential of 

the truncated prosequence of ROL for increasing the operational stability of the resulting 

biocatalyst under enzymatic biodiesel production conditions and its influence on the 

initial transesterification rate. 

No differences in initial reaction rate were observed between the two biocatalysts 

studied: EB-rROL and EB-proROL (Table 5.2.4). Therefore, the presence of the 28 amino 

acids in proROL had no influence on this parameter even though previous results 

suggested that its being close to the “lid region” in the 3D structure might interfere with 

interfacial activation and substrate–enzyme interaction processes [26,27]. In fact, 

specificity results found in the comparison of proROL and rROL free enzymes (see 

Section 5.1.2.4) showed a clear effect of these 28 amino acids. 
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Table 5.2.4 – EB-rROL and EB-proROL initial transesterification rate, productivity and 

half-lives as calculated by using the best-fitting deactivation model (see Section 3.16). 

Reaction Biocatalyst 

Initial rate 

(µmol product 

mL–1 min–1) 

Productivity 

(µmol product 

min–1) 

Half-life (h) 

Transesterification 
EB-proROL 27.2 39.43 498 

EB-rROL 25.1 34.17 102 

 

As regards operational stability, Figure 5.2.3 shows the relative yield obtained in 

consecutive transesterification reaction cycles with each immobilized lipase. After 8 

cycles, EB-proROL exhibited the greatest operational stability, with a relative yield 

exceeding 90% of the initial value and that of EB-rROL (70%) by 25%. These results 

testify to the influence of biocatalyst stability on productivity and obviously, on half-life 

(Table 5.2.4). In fact, after 8 reaction cycles EB-proROL exhibited 15% higher 

productivity than EB-rROL. Half-lives were calculated by fitting the experimental 

relative yields with the deactivation models described in Section 3.16. The results 

obtained with EB-proROL fitted equation 3.14 (Eq. 3.14, a two-component first-order 

exponential decay model) more closely than they fitted equation 3.13 (Eq. 3.13, a first-

order exponential decay model); thus, R2 was 0.844 with Eq. 3.14 and 0.7389 with Eq. 

3.13. On the other hand, the results for EB-rROL fitted both models almost identically 

well, R2 being 0.977 with Eq. 3.13 and 0.991 with Eq. 3.14. The best model for each 

biocatalyst (Eq. 3.14) was used to calculate the corresponding half-life. As can be seen 

from Table 5.2.4, t1/2 was almost 5 times greater with EB-proROL than it was with EB-

rROL. Thus, EB-proROL is clearly a more stable biocatalyst.  
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Figure 5.2.3 – Relative yield of consecutive transesterification runs with each biocatalyst 

as obtained by following the 1-pulse ethanol addition procedure. EB-rROL (black) and 

EB-proROL (striped grey). The final yield of the first run was taken to be 100%. 

 

Similar half-life results in biodiesel production were previously obtained with a 

whole-cell ROL biocatalyst (456 h) [28], rROL immobilized onto Purolite® LifetechTM 

ECR1030M (579 h) and IRA-96 (381 h) [29]. By contrast, rROL immobilized onto 

AP1090M and Lewatit VP OC 1600 had a markedly shorter half-life (270 and 113 h, 

respectively). Interestingly, rROL immobilized onto LifetechTM ECR8285M —a 

biocatalyst identical with EB-rROL— had a much shorter half-life: 16 h [29]. Since the 

only difference was that in reaction conditions, these results testify to the importance of 

reaction conditions in biocatalyst operational stability [30]. 

5.2.2.4.2. Ethyl butyrate production 

Short-chain esters are arousing increasing interest in sectors such as agri-food and 

cosmetic production by virtue of their pleasant sensory attributes [31]. One such ester is 

ethyl butyrate, which possesses a characteristic strong pineapple flavor and can be 

obtained by esterifying butyric acid with ethanol. Although ROL has been successfully 
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used to synthesize ethyl butyrate, previous work showed that a more stable lipase is 

needed to prevent deactivation by both the acid and the alcohol [32]. This led us to test 

immobilized proROL here for comparison with rROL in order to assess the significance 

of the truncated prosequence with a view to improving the operational stability of the 

biocatalyst in this bioprocess and examining its influence on the initial reaction rate. As 

in biodiesel production, the truncated prosequence had no effect on the initial 

esterification rate. In fact, both biocatalysts led to an identical value in the first reaction 

cycle (Table 5.2.5, Figure 5.2.4). 

 

  
Figure 5.2.4 –Relative yield of consecutive esterification reactions of each biocatalyst as 

obtained with butyric acid and ethanol as substrates. EB-rROL (black) and EB-proROL 

(striped grey). The final yield of the first run was taken to be 100%. 

 

Table 5.2.5 – EB-rROL and EB-proROL initial esterification rate, productivity and half-

lives as calculated by using the best-fitting deactivation model (see Section 3.16). 

Reaction Biocatalyst 

Initial rate 

(µmol product 

mL–1 min–1) 

Productivity 

(µmol product 

min–1) 

Half-life (h) 

Esterification 
EB-proROL 308 4.74 70 

EB-rROL 294 3.10 30 
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On the other hand, the truncated prosequence strongly affected the operational 

stability of the biocatalyst during ethyl butyrate synthesis —even to a greater extent than 

in biodiesel production. Thus, after 5 reaction cycles, EB-proROL led to a 3 times higher 

relative yield than did EB-rROL (Figure 5.2.4). As a result, productivity with EB-proROL 

was 35% higher than it was with EB-rROL. The half-lives of the two biocatalysts were 

calculated by fitting the relative yield results to Eqs 3.13 and 3.14. Both fitted Eq. 3.14 

better than they fitted Eq. 3.13 (EB-rROL R2 = 0.9004 and EB-proROL R2 = 0.9694). 

Besides, EB-proROL proved more stable (Table 5.2.5): its half-life was 2.5 times greater. 

Therefore, EB-proROL stands as a promising biocatalyst to avoid deactivation by the 

alcohol or the acid during esterification. 

5.2.3. Conclusions 

The truncated prosequence of Rhizopus oryzae lipase was confirmed to suffice in order 

to alleviate the adverse effects on ROL and enable its expression in K. phaffii under the 

constitutive promoter PGAP with glucose and glycerol as substrates —and hence to avoid 

the need for methanol. A more environmentally friendly bioprocess for proROL 

production afforded final activity and productivity values similar to those obtained with 

the best existing methanol feeding strategy (MNLFB, 3 g L-1).  

Besides, the preferential hydrolysis of the 28 amino acids in the truncated 

prosequence was demonstrated by N-terminal analysis (that is, the 28 amino acids were 

confirmed to be naturally designed for removal). Also, the truncated prosequence 

increased the tolerance of organic solvents, and the operational stability in biodiesel and 

ethyl butyrate production, of EB-proROL relative to EB-rROL. However, no influence 

on initial reaction rates was observed, which suggests that EB-proROL and EB-rROL 
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interact identically with the substrates under the studied conditions no matter the results 

obtained for free proROL and rROL specificity with p-nitrophenyl esters of different 

chain length. 
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6.1.1. Introduction 

Flavor esters are short-chain esters commonly found in various fruits and plants that 

possess favorable sensory attributes (floral, spicy, fruity) and are used by the food, 

beverage, cosmetics and pharmaceutical industry [1]. The flavor and fragrance market 

was valued at $28 billion in 2019 and is expected to expand at a compound annual growth 

rate (CAGR) of 4.7% to $35 billion from 2021 to 2027 [2]. Thus, the large demand of 

these esters has boosted the need of greener production routes and food safety aspects for 

human consumption making enzymatic synthesis a great alternative to chemical catalysts 

route (see Section 1.6.3) [3,4]. 

 Amongst the extremely important aroma compounds that are produced through 

esterification of short-chain alcohols and short-chain fatty acids, isoamyl alcohol esters, 

such as isoamyl butyrate and acetate can be found. These esters serve as flavoring agents 

in numerous industries due to their characteristic fruity banana and intense banana flavor, 

respectively [5,6]. However, the use of short-chain fatty acids, being more hydrophilic, 

lower the pH of the microenvironment and might lead to enzyme inactivation, while the 

use of short-chain alcohols tends to strip the essential water from the enzyme and act as 

a dead-end inhibitor, making enzymatic synthesis of esters challenging. Moreover, the 

use of isoamyl alcohol, as it presents branching in its structure, has been suggested to 

exert higher steric hindrance on enzyme activity. Therefore, isoamyl alcohol might serve 

as an interest model to understand esterification with such acids and alcohols [7,8]. 

 In addition to using biocatalysis as an environmentally friendly approach for 

esters production, the use of by-products as substrates for flavor esters production has 

emerged as a relevant way to support circular economy principles and reduce waste 



 

268 

 

generation. During great scale bioethanol synthesis for fuel or food production, fusel oil 

is generated, which is a by-product obtained in fermentation and distillation steps and 

removed during alcohol rectification —this by-product accounts for approximately 0.25% 

by volume of bioethanol [9]. The quality and amount of generated fusel oil are affected 

by the processing parameters such as mash preparation, fermentation conditions, and the 

distillation process. Higher alcohols (e.g. isoamyl alcohol, isobutanol, butanol), water, 

aldehyde, and esters are the main compounds found in fusel oil samples [10,11]. Owing 

to its intense odor, the use of fusel oil as solvent is limited although it has been used as 

foam coating or added into diesel or gasoline to increase cetane index and octane number. 

Nevertheless, due to its high alcohol content (specifically isoamyl alcohol) it results 

attractive as low-cost substrate for esterification and production of a wide variety of 

aromatic esters [12]. 

In this chapter, proROL was covalently immobilized onto the optimized 

biocatalyst through the previous chapters (polymethacrylate supports from Purolite® 

containing surface epoxide and octadecyl groups, EO-proROL). The biocatalyst was used 

to obtain isoamyl butyrate and isoamyl acetate by esterification. The influence of the 

solvent was evaluated, and single-batch and cumulative production of isoamyl butyrate 

were maximized by optimizing the initial acid concentration and acid:alcohol mole ratio 

with a central composite design in combination with response surface methodology. The 

optimum conditions thus found were used to scale up the reaction and the results thus 

obtained were compared with those of esterifying butyric acid with waste from alcoholic 

fermentation (fusel oil). The specificity of the biocatalyst for structural isomers of the 

alcohol was also assessed. All reported results in this chapter were performed in the 

facilities of Hausmann S.L. under a scientific collaboration for the doctoral stay. 
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6.1.2. Results and discussion 

6.1.2.1. Reaction solvent studies: isoamyl esters production 

The solvents initially used as reaction media in the esterification of butyric and acetic acid 

with isoamyl alcohol were cyclohexane and hexane, both of which are allowed for the 

production of foodstuffs and food ingredients by European legislation (2009/32/EC). 

Other allowed solvents were avoided because they have a strong odor, low concentrations 

are allowed after purification or might have interfered with the reaction. 

 The two solvents chosen were assessed by performing esterification reactions as 

described in Section 3.15.2. Higher acid and isoamyl alcohol concentrations were avoided 

in this first step not to inactivate the biocatalyst [13]. Under the established conditions, 

butyric acid esterification with isoamyl alcohol reached yields close to 100% and 

approximately 1.8 times higher than acetic acid esterification (Figure 6.1.1), despite the 

longer reaction time used in the latter (24 h for isoamyl acetate and 5 h for isoamyl 

butyrate). In fact, acetic acid is believed to be a more potent enzyme inhibitor than other 

acids such as propionic or butyric because it causes more severe dead-end inhibition 

through preferential reaction with the serine residue at the active site of the lipase [14].  
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Figure 6.1.1. Esterification yield (%) of butyric acid (A) and acetic acid (B) with isoamyl 

alcohol in cyclohexane (black) and hexane (grey). 

 

Interestingly, EO-proROL showed excellent esterification performance with 

isoamyl alcohol, even though esterification of β- and γ-branched alcohols is thought to 

sterically hinder enzyme activity [7]. Although whether a linear or branched alcohol is 

used is seemingly not a crucial factor according to some reports [15], some authors have 

suggested that whether it is primary or secondary does influence reaction performance 

[16]. 

As can be seen from Figure 6.1.1, EO-proROL exhibited a high operational 

stability. Thus, no loss of enzyme activity was detected after 5 reaction cycles of isoamyl 

butyrate synthesis with either cyclohexane or hexane as solvent —the yield was ca. 100%. 

The increased yield variability observed with hexane (more than 20%) was probably due 

to evaporation, especially over the long reaction time used to synthesize isoamyl acetate. 

This led us to choose cyclohexane for further testing in order not to increase the acid 

concentration through evaporation and hinder biocatalyst activity, and also to discard 

isoamyl acetate biosynthesis owing to the low reaction yields obtained and the need for 

longer reaction times. 



 

271 

 

6.1.2.2. Experimental design: optimization of isoamyl butyrate single-batch and 

cumulative production 

DoE methodology is extensively used to assess the individual and combined effects of 

operational variables on one or several responses [17] in processes such as flavor ester 

biosynthesis [18]. In this work, we used it to understand the effect of, and relationship 

between, two major variables (viz., acid concentration and acid:alcohol mole ratio) in 

order to maximize single-batch and cumulative production of isoamyl butyrate in 

cyclohexane with a Box-Hunter design (see Section 3.15.2.1). The resulting matrix 

(Figure 6.1.2) consisted of 11 experiments whose data were fitted to Eq. 3.12; the fitted 

data being used to construct the response surfaces of Figure 6.1.3 for easier 

understanding. The values of the coefficients are listed in Table 6.1.1. The statistical 

significance of the different functions and their respective coefficients were assessed via 

ANOVA (Table 6.1.1).  

 
Figure 6.1.2. Box-Hunter design matrix representing the butyric acid concentration and 

acid:alcohol mole ratio used to maximize single-batch and cumulative production. 
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Figure 6.1.3. Experimental response surfaces for single-batch (A) and cumulative 

production (B) of isoamyl butyrate at different initial butyric acid concentrations and 

acid:alcohol mole ratios. The red dots correspond to the design points listed in Table 

6.1.1. Measured values greater and smaller than the predictions are shown in dark red and 

light red, respectively. 

 

The experimental data for the first cycle of isoamyl butyrate production were 

fitted to Eq. 3.12 and the coefficients of the terms β2, β12 and β22 were found not to be 

statistically significant (p-value > 0.05), resulting in the Eq. 6.1.4, a quadratic function of 

the acid concentration alone. R2 for the function exceeded 0.9 and the difference between 

adjusted-R2 and predicted-R2 was less than 0.2, so the goodness of fit was acceptable.   

𝑃𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛 (µ𝑚𝑜𝑙) = 260 + 28 ∗ [𝑎𝑐𝑖𝑑] − 104 ∗ [𝑎𝑐𝑖𝑑]2 (6.1.4) 

Interestingly, the acid:alcohol mole ratio was scarcely influential on ester 

production. This result is similar to that of a previous study [11] but contradicts one where 

the influence of the initial acid concentration on isoamyl butyrate yield was not 

considered as a DoE variable [19]. Therefore, only the initial acid concentration 

influenced production of the ester in this work, production peaking with a concentration 

around 400 mM (Figure 6.1.3A, Table 6.1.1) and declining above that concentration.  
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Table 6.1.1. Box-Hunter design, independent variables, responses values obtained and 

results of the ANOVA analysis. 

Box-Hunter Design 

Experimental 

run 

Variables Production response 

[Butyrate] 

(mM) 

Acid:alcohol 

mole ratio 

[Isoamyl 

alcohol]1 

(mM) 

Single-

batch 

(µmol) 

Cumulative 

(µmol) 

1 118.37 1.78 66.49 105.2 537.14 

2 10 1.25 8 12.7 78.74 

3 641.63 0.72 891.56 194.6 968.8 

4 380 1.25 304 241.2 1092.4 

5 380 2 190 200.6 686.9 

6 380 0.5 760 263.2 1293.2 

7 750 1.25 600 75.8 383.7 

8 118.37 0.72 164.48 153.9 742.7 

9 380 1.25 304 263.1 972.9 

10 641.63 1.78 360.40 199.6 672 

11 380 1.25 304 281.4 1006.14 

Statistical Analysis 

Production 
F test 

p-value 

LOF test 

p-value 
R2 

Adjusted-

R2 

Predicted-

R2 

Single-batch <0.01 0.3593 0.9193 0.8991 0.8566 

Cumulative <0.01 0.3085 0.9541 0.9345 0.8620 

Model Single-batch production Cumulative production 

Parameters Coefficient p-value Coefficient p-value 

β0 260 < 0.05 1036 < 0.05 

β1 28 0.02 99 0.016 

β2 NS > 0.05 -170 < 0.01 

β12 NS > 0.05 NS > 0.05 

β11 104 < 0.01 -370 < 0.01 

β22 NS > 0.05 NS >0.05 
1 As calculated from the butyric acid concentration and acid:alcohol mole ratio 

NS: not statistically significant 
 

Similarly, previous studies with ROL found butyrate concentrations of 54.6 mM 

[20] and 225 mM [21] to result in optimal esterification and production of ethyl butyrate. 

The fact that production decreased above 400 mM butyric acid can be caused by 

deactivation or inhibition of the enzyme. In fact, high acid concentrations were previously 

found to promote denaturation of immobilized enzymes and to render them inactive as a 

result [22]. Also, as previously noted for acetic acid, butyric acid can, to a lesser extent, 
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bind to the acyl–enzyme complex unproductively and give a dead-end intermediate 

unable to form an ester [23]. In addition, esterification reactions have been shown to 

follow the ping-pong kinetic model and may thus be subject to acid-mediated inhibition 

[24]. However, some studies have shown esterification to be hindered by alcohols and 

also by both alcohols and acids [25].  

Evaluating cumulative production allowed us not only to identify the most 

productive conditions after 5 reaction cycles, but also to assess, indirectly, the best 

conditions for retaining biocatalyst activity —operational stability. Experimental data for 

cumulative production fitted Eq. 3.12, coefficients β12 and β22 had p-value > 0.05 and 

were thus deemed non-significant, so Eq. 6.1.5 was obtained with R2 > 0.95, and adjusted-

R2 and predicted-R2 values differing by less than 0.2. 

𝐶𝑢𝑚. 𝑝𝑟𝑜𝑑. (µmol) = 1036 + 99 × [𝑎𝑐𝑖𝑑] − 170 × 𝑎𝑐𝑖𝑑: 𝑎𝑙𝑐𝑜ℎ𝑜𝑙 − 370.2 × [𝑎𝑐𝑖𝑑]2 (6.1.5) 

As expected, increasing the initial acid concentration to about 400 mM resulted in 

increasing cumulative production while higher acid levels lead to a decline (Figure 

6.1.3B, Table 6.1.1). This was a result of increased acid concentrations detracting from 

operational stability in the biocatalyst for the above-described reasons. Raising the 

proportion of alcohol (i.e., lowering the acid:alcohol mole ratio) increased cumulative 

production, in line with previous results and consistent with the protective role of the 

alcohol [26]. Although a high alcohol concentration in the reaction medium can also have 

a negative impact on enzyme performance, none of the concentrations used in this study 

fell above that theoretical threshold (Figure 6.1.3B). The negative impact of short-chain 

alcohols on esterification has been ascribed to their sequestering water molecules needed 

to maintain the 3D conformation and activity of the lipase [27]. 
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Based on the previous results, an initial butyric acid concentration of 410 mM and 

an acid:alcohol mole ratio of 0.5 were chosen as optimal to maximize single-batch and 

cumulative ester production. The predicted maximum values (256.28 and 1282.78 µmol, 

respectively) were experimentally validated —the highest deviation was only about 2.5%. 

6.1.2.3. Isoamyl butyrate synthesis reaction scale up and fusel oil employment 

The previously established optimum butyric acid concentration and acid:alcohol mole 

ratio were used to scale up the esterification reaction to a laboratory bioreactor as 

described in Section 3.15.2.2. Commercial isoamyl alcohol and fusel oil were used as 

substrates to assess single-batch yield, initial esterification rate, productivity and enzyme 

operational stability, and finally to compare the results obtained between both substrates. 

The high moisture content of fusel oil required drying over 3 Å molecular sieves for 48 h 

[28] and centrifugation to remove any solid residue prior to use. The proportion of 

isoamyl alcohol concentration in dry fusel oil as assessed by GC/MS (see Section 3.18.3 

for further information about chromatographic analysis) was 92%, other alcohols such as 

ethanol and pentanol were also found [29]. 
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Figure 6.1.4. Isoamyl butyrate esterification yield profile with butyric acid and 

commercial isoamyl alcohol (A) or fusel oil (B) as substrate. The solid line corresponds 

to the quadratic fitting of the experimental data. 

 

 Figure 6.1.4A shows the esterification yield obtained with commercial isoamyl 

alcohol as substrate, which reached 91% after 720 min. The fact that the yield obtained 

after 5 h was similar to that previously found in 15 mL tubes confirmed that the reaction 

was successfully scaled up. As can be seen from Figure 6.1.4B, the esterification yield 

with fusel oil was similar to that obtained with commercial isoamyl alcohol. As expected, 

fusel oil gave a lower yield after 720 min reaction (84% instead of 91%) owing to the 

presence of other alcohols also acting as substrates and hence using some butyric acid. 

Productivity in the first reaction batch was similar with commercial isoamyl alcohol and 

fusel oil (31.09 vs 28.7 mM h–1). These productivities are only slightly lower than those 

previously obtained with Lipozyme TL IM (55 mM h–1) [11]  and Rhizopus sp. lipase (78 

mM h–1) [19], and could be improved by increasing the reaction temperature or the 

amount of biocatalyst used. However, a deeper economic analysis would be needed to 

confirm whether increasing productivity at the expense of altering some variables might 

compromise the feasibility of the bioprocess. In any case, these results show that EO-
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proROL stands as a promising biocatalyst for industrial production of natural isoamyl 

butyrate. 

 
Figure 6.1.5. Relative yield (%) of consecutive isoamyl butyrate esterification cycles 

with butyric acid and commercial isoamyl alcohol (black) or fusel oil (grey) as substrate. 

The yield for the first cycle was taken to be 100%. Initial esterification rate of butyric 

acid by commercial isoamyl alcohol (white circles) or fusel oil (grey circles). 

 

 The initial esterification rates were close to 0.8 µmol min–1 with both alcohols 

(Figure 6.1.5), which suggests that the biocatalyst reacted identically with the isoamyl 

alcohol present in both substrates. Operational stability was also identical with both 

substrates (Figure 6.1.5). Thus, the relative yield decreased by about 40% after 5 reaction 

cycles with both. Similar operational stability results have been reported in ethyl butyrate 

[30] and butyl acetate production [24]. The half-life (t1/2) of the biocatalyst during 

esterification was calculated by fitting the relative yields to Eq. 3.14 (Table 6.1.2).  

Table 6.1.2. Parameter values for Eq. 3.14 and correlation (R2) upon 

fitting of relative yields with commercial isoamyl alcohol and fusel oil. 

Alcohol k1 k2 c R2 

Commercial 

isoamyl alcohol 
2.498 0.0926 99.986 0.9571 

Fusel oil 0.1122 0.9124 26.629 0.9944 

 



 

278 

 

Although relative yields were similar with both substrates (Figure 6.1.5), the 

biocatalyst exhibited a slightly higher operational stability with commercial isoamyl 

alcohol. As a result, the biocatalyst half-life with the latter (7 batches, equivalent to 84 h 

reaction) was only slightly greater than that with fusel oil (6 batches or 72 h reaction). 

This result can be ascribed to the presence of detrimental compounds (e.g., acids, esters, 

remaining moisture after water separation or other impurities) in fusel oil [31].  

6.1.2.4. Structural isomers: 3-methylbutanol and 2-methylbutanol 

As stated in Section 3.18.3, isoamyl alcohol (3-methylbutanol) and active amyl alcohol 

(2-methylbutanol) are structural isomers that cannot be fully resolved by ordinary GC 

[28]. However, using GC/MS in this work allowed the two to be successfully resolved, 

thereby allowing us to assess the specificity of EO-proROL for each isomer in the 

esterification reaction (Figure 6.1.6). 

 
Figure 6.1.6. Percent composition of the butyrate esters obtained from 3-methylbutanol 

(solid line, black symbols) and 2-methylbutanol (dotted line, white symbols) in 

commercial isoamyl alcohol (circles) and fusel oil (triangles). 
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Commercial isoamyl alcohol was found to consist of 94% 3-methylbutanol and 

6% 2-methylbutanol, whereas fusel oil contained 70% 3-methylbutanol and 30% 

2-methylbutanol. Therefore, 2-methylbutanol was the minor isomer in both substrates, 

albeit in a different proportion. As a result, if EO-proROL had been identically specific 

for both structural isomers the esterification products should have retained the same 

isomer composition of the initial alcohols. However, the proportion of 2-methylbutanol 

ester exceeded the expected value (Figure 6.1.6) from the very beginning of the reaction 

(especially with fusel oil, which gave 2-methylbutyl butyrate as the major ester). 

Therefore, EO-proROL was clearly more specific to 2-methylbutanol than it was to 

3-methylbutanol, which contradicts the results of previous studies suggesting that enzyme 

activity was adversely affected by proximity of the methyl group to the 

hydroxyl group [7]. 

6.1.3. Conclusions 

Immobilized Rhizopus oryzae lipase (EO-proROL) proved a suitable biocatalyst for 

producing natural isoamyl esters of acetic and butyric acid, especially the latter, in 

cyclohexane. A central composite rotatable Box-Hunter design predicted a 410 mM initial 

butyric acid concentration and an acid:alcohol mole ratio of 0.5 to be the optimum values 

for maximizing single-batch and cumulative production of isoamyl butyrate, which 

peaked at 256.28 and 1282.78 µmol, respectively. These predictions were validated by 

deviations less than 2.5% from the experimental results and proved at some extent the 

potential protective role of alcohol for enzyme activity. The reaction was successfully 

scaled up from 15 mL tubes with orbital stirring to a laboratory bioreactor with a final 

volume of 150 mL and mechanical stirring. The results obtained by using commercial 
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isoamyl alcohol in the bioreactor were compared with those provided by fusel oil. Both 

substrates gave similar yields (91% with commercial alcohol vs 84% with fusel oil), 

initial reaction rate (0.8 µmol min–1 with both substrates), operational stability (40% 

activity loss after 5 runs with both) and productivity (31.09 vs 28.7 mM h–1). Besides, the 

enzyme was proved to be more specific to 2-methylbutanol than it was to 3-methylbutanol 

notwithstanding previous results suggesting the activity to be hindered by the proximity 

of the methyl group to the hydroxyl group. 

Based on the results, EO-proROL stands as a suitable biocatalyst for industrial 

production of natural isoamyl butyrate, even from an inexpensive substrate such as fusel 

oil to comply with the principles of circular economy. 
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6.2.1. Introduction 

Polylactic acid (PLA) is a biodegradable polymer commonly used to manufacture 

packaging materials, containers and stationery items on the grounds of its high 

transparency and processability [1]. Because it is biodegradable and biocompatible, PLA 

has aroused much interest for medical and agricultural uses. Thus, the USA FDA and 

European Medicine Agency (EMA) have approved its use in various food and surgical 

applications such as drug-releasing systems. Thanks to these salient advantages, the PLA 

global market is expected to amount to USD 6 billion by 2025 [2]. 

PLA is a polyester typically obtained by polymerization of 2-hydroxypropionic 

acid, more commonly known as “lactic acid” (LA), which is a chiral molecule occurring 

as two different enantiomers (viz., L- and D-lactic acid; Figure 6.2.1). Lactic acid forms 

primarily through bacterial fermentation of corn starch, which gives the L enantiomer 

mainly (yield > 99.5 %) [3]. The significance of LA chirality lies in the ability to modulate 

some properties of PLA by using appropriate proportions of each enantiomer [4,5]. 

 

Figure 6.2.1. Lactic acid enantiomers: L-lactic acid (left) and D-lactic acid (right). 

 

Lactic acid monomer is an α-hydroxyacid bearing a hydroxyl group close to a 

carboxyl group. This makes it especially suitable for self-polymerization by esterification. 

As stated in Section 1.6.5, there are two main ways of synthesizing PLA, namely: ring-

opening polymerization (ROP) and direct LA condensation. Although both are usually 

conducted in the presence of a chemical catalyst, lipases have lately emerged as 
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advantageous alternatives for compliance with the principles of “Green Polymer 

Chemistry”. For instance, lipases avoid the need for chemical catalysts such as Zn and Sn 

oxides, which can contaminate the end product with unwanted hazardous residues —a 

source of special concern for medical applications. Besides, enzymes possess an 

increased catalytic activity that results in greater turnover; also, they can be used under 

milder operating conditions, as regards temperature and pressure, reduce energy use as a 

result and avoid the need for toxic or hazardous solvents [6–9]. As stated in previous 

chapters, using lipases in immobilized form can provide additional advantages such as 

facilitating separation of the resulting polymer from the enzyme in order to avoid the 

presence of unwanted residues in the end product, enabling recovery and reuse of the 

enzyme, increasing its stability and leading to a more cost-effective overall 

bioprocess [10]. 

 The results of this chapter are part of the BIOCON-CO2 European Project that 

seeks to fix the CO2 emitted into the atmosphere by steel companies and to transform it 

into chemical products with greater added value. Besides, the carbon neutrality of these 

great gas emitters is sought. Amongst these chemicals, the lactic acid employed as 

substrate for PLA synthesis can be found. In this sense, the methylotrophic yeast 

Komagataella phaffii (Pichia pastoris) was used for heterologous production of Rhizopus 

oryzae lipase (proROL) and Candida rugosa lipase 1 (CRL1). The two enzymes in free 

form, and proROL additionally immobilized onto polymethacrylate based supports from 

Purolite® (EO-proROL), were assessed for PLA production by direct LA condensation 

and ring-opening polymerization (ROP). The former pathway was examined for the 

influence of the reaction solvent in order to maximize LA conversion and converted LA 

amount. The operating conditions were optimized in terms of initial LA concentration 
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and total amount of enzyme used, in activity units (AU), by using a central composite 

design in combination with response surface methodology. ROP was conducted in two 

different solvents, toluene and anisole, in which lactide was soluble, using the same 

reaction conditions as in direct LA condensation and proROL. 

6.2.2. Results and discussion 

6.2.2.1. Direct lactic acid condensation: lipase source 

Various lipases have previously been used for LA direct condensation and resulted in 

variable reaction yields, which highlights the importance of choosing an effective 

biocatalyst [7,11]. In this work, the performance of CRL1 and proROL in LA 

polymerization, following the reaction procedure described in Section 3.17.1, was 

assessed by comparing the resulting LA conversions, analyzed through titration (Section 

3.21). First, identical amounts (AU) of each lipase (see Section 3.3) were added to a 

reaction medium containing toluene —an extensively used organic solvent for 

polymerization reactions [7,12]. Under these conditions, proROL outperformed CRL1 in 

conversion by a factor exceeding 12 (Table 6.2.1). However, the specificity of the lipases 

for pNPB —the substrate used in the lipolytic activity test— may have differed and led 

to an inaccurate comparison. 
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Table 6.2.1. Percent lactic acid conversion with proROL and CRL1 in toluene. The 

amount of lipase added to reaction medium was normalized in terms of AU or lipase 

mass. 

Variable proROL CRL1 

Conversion (added lipase normalized by AU) 82.22 ± 1.29 6.67 ± 0.23 

Conversion (added lipase normalized by mass) 83.01 ± 1.02 38.64 ± 1.02 

AU mg–1 lyophilized powder 148 ± 5.20 2132 ± 23.44 

AU mg–1 protein 3008 ± 3.45 52520 ± 128  

% Lipase/protein in lyophilized powder 32.3 ± 0.23 35.1± 0.29 

 

The effects of this potential bias were circumvented by densitometric analysis 

(SDS-PAGE, Section 3.6.1) of the two enzymes in lyophilized powder form. As can be 

seen in Table 6.2.1, both contained a similar proportion of enzyme. Using an identical 

amount of lipase for direct LA condensation increased conversion with CRL1 by a factor 

of 5.8 but still failed to bring it close enough to the levels obtained with proROL, which 

were about 2.20 times higher. Therefore, proROL proved a more efficient biocatalyst for 

polymerizing LA in terms of conversion and was thus chosen for further testing.  

6.2.2.2. Direct lactic acid condensation: reaction solvent 

The use of organic solvents in biocatalytic processes is continuously spreading by effect 

of their enabling the use of hydrophobic substrates, suppressing unwanted side reactions  

such as hydrolysis, minimizing contamination and, especially with lipases, shifting 

thermodynamic equilibrium toward synthesis [13,14]. However, there is no way of 

predicting how a biocatalyst will behave in a given reaction conducted in a certain organic 

solvent [15]. 

 In this work, identical amounts (AU) of proROL were used to catalyze LA 

polymerization in various solvents spanning a wide range of Log P values (Table 6.2.2); 
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Log P, however, is not the only reaction variable influencing lipase performance, which 

can be in fact also affected by others factors such as denaturation capacity of the 

solvent [13].  

Table 6.2.2. Percent lactic acid conversion with proROL in 

different solvents spanning a wide range of Log P. 

Solvent Conversion (%) log P 

Isooctane 26.67 ± 0.67 4.6 

Heptane 25.58 ± 0.55 4 

Cyclohexane 76.27 ± 0.29 3.4 

Toluene 82.22 ± 1.29 2.5 

2-Methylpyridine 19.52 ± 0.58 1.1 

Pyridine 24.13 ± 0.21 0.7 

THF 7.5 ± 0.36 0.46 

 

Clearly, solvents with low Log P values can be expected to have a strongly adverse 

impact by stripping structural water from the enzyme [16]. The best result (conversion 

slightly over 80%) was obtained with toluene (Log P = 2.5). According to some authors, 

water plays a central role in direct condensation reactions. However, adding a proportion 

of water of 1.5% to the medium [8] made no difference here, probably because the 

substrate itself contained a large amount of moisture that could not be removed with 

classical choices such as silica gel, because it masks enzymatic LA polymerization —the 

sole usage of silica gel has been described to promote LA self-polymerization and even 

its use in conjunction with lipases has shown worse results [17]. 

6.2.2.3. Direct lactic acid condensation: toward the use of green solvents 

Green chemistry is promoting a shift from polluting to more environmentally friendly 

industrial processes by boosting efficient use of renewable materials while avoiding waste 
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production, and the need for toxic or hazardous reagents and catalysts, in producing 

chemicals [6,18]. 

 Using toluene as solvent here gave the best conversion results in the direct 

condensation of LA with proROL as catalyst. Although this organic solvent can be 

bioremediated by using some fungi and bacteria, its toxicity makes its use rather 

controversial [19]. The LA polymerization reaction should thus be conducted in an 

alternative, green solvent [20] —preferably one obtained by processing agricultural crops 

or natural products— of similar Log P and/or structure —or, alternatively, no solvent 

(i.e., by solvent-free reaction) [21]. Three different green solvents were tested here, 

namely: limonene, anisole and p-cymene. As can be seen from Table 6.2.3, conversion 

peaked with limonene (83.12 %), which even outperformed toluene in this respect.  

Table 6.2.3. Percent lactic acid conversion with proROL in green 

solvents of different Log P values and chemical structures. 

Solvent Conversion (%) Log P 

p-Cymene 65.25 ± 0.38 4.1 

Limonene 83.12 ± 0.89 3.4 

Toluene 82.22 ± 1.29 2.5 

Anisole 71.51 ± 0.96 2.1 

 

On the other hand, conversion in the solvent-free reaction was zero, probably 

because the enzyme was inactivated by LA. In fact, high acid concentrations were 

previously found to denature enzymes and render them inactive as a result [22,23] (see 

Section 6.1.2). Also, moisture in the reaction medium may have thermodynamically 

promoted hydrolysis over esterification —the reaction substrate contained 80% LA in 

water. Based on the results, limonene was chosen as alternative reaction solvent for 

further testing. 
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6.2.2.4. Direct lactic acid condensation: immobilized and free proROL 

Enzyme immobilization enables more environmentally friendly reactions as it allows 

enzymes to be reused, downstream reactions eased, and —usually— enzyme stability and 

cost-effectiveness increased [24]. In this work, proROL was covalently immobilized onto 

glutaraldehyde-treated polymethacrylate supports containing epoxide and octadecyl 

surface groups (EO-proROL). The resulting biocatalyst was used with limonene as 

solvent for LA polymerization as described in Section 3.17.1. However, conversion was 

2.44 times lower than that with free enzyme (34% vs 83.12%). In addition, reused 

EO-proROL resulted in no conversion. This unforeseen outcome for an immobilized 

biocatalyst can be ascribed to denaturation of the enzyme or to steric problems of 

immobilized lipase in producing a polymer. The latter hypothesis was discarded as the 

biocatalyst was repeatedly washed with chloroform to remove all polymer potentially 

adsorbed onto the biocatalyst prior to reuse. On the other hand, the former hypothesis was 

confirmed by subjecting recovered immobilized proROL to lipolytic qualitative activity 

testing with pNPB, both before and after washing with chloroform. The test confirmed 

the absence of enzyme activity after the first LA polymerization batch. Therefore, no 

further research was performed with immobilized biocatalyst. 

The optimum reaction time for direct LA condensation was established by using 

the enzyme in free form in limonene as solvent and analyzing duplicates of independent 

vials under identical conditions for different times up to 336 h (Figure 6.2.3). Based on 

the resulting profile, the polymerization reaction was catalyzed largely within the first 

24 h; also, no increase in conversion was observed after 96 h, probably because the 

enzyme was inactivated or equilibrium reached by then. This led us to assess activity in 
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recovered lipase (specifically, in a sample of amorphous mass in the pellet; Section 3.21). 

The sample was subjected to the pNPB lipolytic test and found to have no activity. 

Therefore, the enzyme was completely inactivated within 96 h. These results are 

consistent with previous reports on EO-proROL inactivation. 

 
Figure 6.2.3. Conversion profile for LA polymerization with proROL in free form and 

limonene as solvent. 

 

A design of experiments (DoE) approach was used to optimize especially relevant 

variables influencing direct LA condensation [8]. For this purpose, variable initial LA 

concentrations and amounts (AU) of lipase following a Box-Hunter design (Figure 6.2.4) 

were used to assess their effect on LA conversion and LA converted. The latter response 

allowed us to identify reaction conditions that resulted in very high conversion but 

catalyzed small total amounts of LA by effect of conversion being a relative value 

dependent on the initial LA concentration. The resulting matrix (Figure 6.2.4) comprised 

11 experiments whose data were fitted to Eq. 3.12 and used to construct the response 

surfaces of Figure 6.2.5 for easier interpretation. Table 6.2.4 shows the coefficients and 

statistical significance of the different functions as established by ANOVA. 
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Figure 6.2.4. Box-Hunter design matrix representing the LA concentration and AU 

used to maximize LA conversion and LA converted in the direct condensation reaction. 

 

 

 

 

 

 

Figure 6.2.5. Experimental response surfaces for conversion (A) and converted LA (B) 

at different initial lactic acid concentrations and amounts of enzyme (AU). The red dots 

correspond to the design points listed in Table 6.2.4. Measured values greater and 

smaller than the predictions are shown in dark and light red, respectively 
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Table 6.2.4. Box-Hunter design, independent variables, responses values obtained and 

results of the ANOVA analysis. 

Box-Hunter Design 

Experimental 

run 

Variables Responses 

[LA] 

(mM) 

Activity units 

(AU) 

Conversion 

(%) 

Converted LA 

(mmol) 

1 3500 25500 10.03 2.81 

2 3500 25500 14.91 4.16 

3 5267 8175 2.38 1.00 

4 5267 42824 3.57 1.50 

5 1732 42824 84.12 11.66 

6 3500 1000 5.69 1.59 

7 6000 25500 0 0 

8 1000 25500 79.77 6.38 

9 3500 25500 13.20 3.69 

10 1732 8175 11.11 1.54 

11 3500 50000 22 6.16 

Statistical Analysis 

Responses 
F test 

p-value 

LOF 

test 

p-value 

R2 Adjusted-R2 Predicted-R2 

Conversion <0.01 0.06 0.95 0.92 0.77 

Converted LA <0.01 0.47 0.96 0.94 0.87 

Model Conversion Converted LA 

Parameters Coefficient p-value 
Coefficien

t 
p-value 

β0 12.88 < 0.01 3.68 < 0.01 

β1 –25.26 < 0.01 –2.46 < 0.01 

β2 12.16 < 0.01 2.13 < 0.01 

β12 –17.96 < 0.01 –2.40 < 0.01 

β11 13.15 < 0.01 NS > 0.05 

β22 NS > 0.05 NS > 0.05 
NS: not statistically significant 

 

The coefficient β22 for LA conversion in Eq. 6.2.1 (obtained model for LA 

conversion response) was not statistically significant (p > 0.05). Also, R2 for the reduced 

quadratic model exceeded 0.95 and the difference between adjusted-R2 and predicted-R2 

was less than 0.2, so the goodness of fit was acceptable. 

Conv. ( %) = 12.88 − 25.26[LA] + 12.16AU − 17.96[LA]AU + 13.14[LA]2        (6.2.1) 
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 Interestingly, the initial LA concentration had a crucial influence, with a quadratic 

effect on conversion. On the other hand, the amount of enzyme added, in AU, only had a 

linear influence on conversion in addition to its joint influence with the LA concentration. 

As expected, the greater the amount of enzyme used was, the higher was conversion. 

Although similar results have previously been reported [7,8], some authors found 

conversion to peak and then decline above a given amount of enzyme [25].  

 Regarding LA converted, as with conversion, the data provided by the Box-Hunter 

tests were fitted to Eq. 3.12 resulting in Eq. 6.2.2 (model for LA converted). 

𝐶𝑜𝑛𝑣. 𝐿𝐴 (µ𝑚𝑜𝑙) = 3.68 − 2.46[𝐿𝐴] + 2.13𝐴𝑈 − 2.40[𝐿𝐴]𝐴𝑈  (6.2.2) 

 Interestingly, Eq. 6.2.2 exhibited a similar trend to Eq. 6.2.1 except that the 

quadratic effect of LA was not significant. However, as can be seen from the respective 

response surfaces in Figure 6.2.5, high LA concentrations led to decreased conversion 

and converted LA. This outcome may have resulted from the above-mentioned ability of 

acids to inactivate enzymes. Besides, esterification reactions —the basis for direct LA 

condensation— have been shown to fit the ping-pong kinetic model, so they may undergo 

substrate inhibition [26]. 

 Consequently, an initial LA concentration of 1482 mM and an amount of enzyme 

of 42600 AU were chosen as optimal to maximize conversion and converted LA. The 

predicted conversion (89.18%) and amount of converted LA (12.6 mmol) were 

experimentally confirmed with a deviation never exceeding 3.94%. 

 Based on the results of the 11 Box-Hunter tests, a correlation between reaction 

conversion and the molecular weight of PLA was sought in the NMR spectra (Section 

3.22). However, no PLA was found in several samples obtained at variable conversion 
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levels. Lassalle et al. [8] encountered a similar discrepancy between conversion and 

gravimetric tests but found no satisfactory explanation. In our experience, the problem 

may be related to using samples downstream for NMR analysis, due to the differential 

solubility of LA, its oligomers and PLA in the solvents [27]. Consequently, further 

experiments should focus on the improvement of the downstream process. 

6.2.2.5. Ring-opening polymerization (ROP) 

Ring-opening polymerization has been widely reported to yield PLA with a higher 

molecular weight than direct LA condensation. However, its using a lactide rather than 

LA makes the reaction challenging as it requires harsh conditions to obtain cyclic diesters 

despite fairly successful attempts at alleviating them [28–30]. 

 Various lipases including porcine pancreatic lipase and Candida antarctica lipase 

B have enabled enzymatically catalyzed ROP processes [8,31,32]. In this work, ROP was 

conducted with the same biocatalysts used for direct LA condensation, namely: 

immobilized proROL (EO-proROL), free proROL and free CRL1, which were assessed 

for performance in toluene and anisole as solvents (solvents in which lactide was soluble). 

Reaction runs were done as described in Section 3.17.2 and the resulting homopolymers 

analyzed by NMR spectroscopy (Section 3.22). 

Free CRL1 resulted in no polymerization, even though other authors previously 

succeeded with it [33,34]. On the other hand, free and immobilized proROL enabled 

polymerization in both solvents. There were no differences in outcome between solvents, 

so anisole stands as a more suitable option as it is the greener —less environmentally 

adverse— of the two. Interestingly, free and immobilized proROL provided LA dimers 
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(Figure 6.2.5) and hence PLA polymers of very small molecular weight relative to 

previous reports, around 3-5 kDa [25,31,33].  

 

Figure 5. 1H NMR spectra for samples of the products obtained with EO-proROL (A) 

and a blank (B). The asterisks in B denote signals for residual lactide. 

 

This outcome may have resulted from the low temperature used, which was the 

same as that for direct LA condensation in order to enable comparison of the ability to 

obtain PLA through two different pathways under identical mild conditions. 

Nevertheless, ROP stands as a more promising choice for lipase-based polymerization, 

but direct LA condensation warrants further research on the grounds of its potential as an 

environmentally friendly route for PLA production. Especially considering that this 

reaction is part of a European project based on the fixation of atmospheric CO2 for the 

production of various compounds, including lactic acid, to carry out this polymerization. 

6.2.3. Conclusions 

Rhizopus oryzae lipase (proROL) and Candida rugosa lipase 1 (CRL1) efficiently 

catalyzed direct LA condensation. Under the best operating conditions, the former 

exhibited 2.20 higher conversion and proved a more suitable biocatalyst for this pathway. 

Using various reaction solvents for direct LA condensation with free proROL showed 



 

304 

 

low Log P values to detract from reaction performance as the likely result of the solvents 

stripping essential water from the enzyme. Limonene, a green solvent, resulted in the 

highest conversion values (up to 83.12%). Alternative approaches intended to make the 

reaction more cost-effective and environmentally friendly such as using the enzymes in 

immobilized form or solvent-free reactions failed as they led to lower conversion or no 

conversion at all. The reaction conditions used inactivated both free and immobilized 

proROL after 96 h of direct LA condensation. Conversion and converted LA were 

successfully maximized by using a Box-Hunter design, the former peaking at 89.18% and 

the latter at 12.6 mmol with an initial LA concentration of 1482 mM and an amount of 

enzyme of 42600 AU. Irrespective of conversion, no PLA was apparent in the NMR 

spectra, which suggests that further research is needed to detect PLA potentially formed 

through this pathway.  

Free and immobilized proROL were also more effective than was CRL1 in 

synthesizing PLA (in dimeric form) by ring-opening polymerization. No difference in 

biocatalyst performance was observed with toluene and anisole as solvents, so the latter 

was chosen for further work on the grounds of its being a greener choice. Based on the 

foregoing, ring-opening polymerization (ROP) is a more suitable pathway for enzyme-

based synthesis of PLA than is direct LA condensation. However, further research into 

the former is needed with a view to alleviating the harsh operating conditions required to 

obtain lactides. Also, the results can open up new prospects for the chemoenzymatic 

synthesis of PLA by performing ROP in a chemically catalyzed step to obtain the lactide 

and a subsequent enzyme-based step for its polymerization. 
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7. General conclusions 

This thesis has attempted to improve Rhizopus oryzae lipase (ROL) features as biocatalyst 

to use it in various reactions of industrial interest, including biodiesel, natural flavors and 

biopolymers production. Correspondingly, the thesis has focused on improving ROL 

heterologous production in the methylotrophic yeast Komagataella phaffii (Pichia 

pastoris). 

Firstly, by using the production of biodiesel from alperujo oil (olive pomace oil) 

as a model reaction with rROL (mature sequence ROL), the effect of immobilization 

support on the obtained biocatalyst was assessed and optimized. The presence of 

hydrocarbon chains functional groups in the immobilization supports (both onto 

polymethacrylate- and magnetite-based supports) promoted the operational stability of 

the biocatalyst. However, these groups had no effect on initial reaction rate although 

magnetite-based biocatalysts were doubled by Purolite®-based biocatalysts in this 

parameter and the best performing magnetite-based biocatalyst was 20% less stable than 

EO-rROL —the biocatalyst with highest operational stability, formed by rROL 

immobilization onto polymethacrylate-based support with epoxide and octadecyl surface 

groups. Therefore, further studies were only carried out with EO-rROL. 

EO-rROL was used to evaluate the production of second- and third-generation 

biodiesel with alternative substrates to olive pomace oil. The initial transesterification rate 

with all the substrates assessed was identical, notwithstanding the different free fatty acid 

(FFA) content in each oil. However, this parameter and acyl-acceptor concentration 

proved crucial and synergistically influential in operational stability as FFAs increase the 

polarity of the reaction medium and therefore act as buffering agents for the high polarity 

of the acyl-acceptor and also its deactivating capacity. 
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EO-rROL based synthesis of biodiesel was successfully scaled up to a 50 mL 

mini-reactor for industrial proof of concept by using waste cooking oil as substrate 

making enzymatic biodiesel feasible and complying with the principles of circular 

economy. Besides, the biocatalyst showed a remarkable half-life, over 35 batches, 

notwithstanding the acyl-acceptor employed, ethanol or methanol. 

Given the importance in industry of inline monitoring of reactions, in compliance 

with CPV and PAT principles, a NIR spectroscopy probe was inserted in the reactor 

during biodiesel synthesis with WCO, using gas chromatography as the reference 

technique. The models obtained from the NIR spectra for both employed acyl-acceptors 

correlated remarkably well with the results of gas chromatography with a prediction error 

(RMSEP) of 2.0% for methanol and 2.1% for ethanol. Therefore, regardless of the acyl-

acceptor, the adding strategy or the use of immobilized biocatalyst, which could generate 

background noise in the measurement, it was possible to accurately monitor inline 

enzymatic biodiesel synthesis by NIR spectroscopy. 

Once immobilization support was optimized, rROL was modified by adding the 

28 C-terminal amino acids of the native prosequence of ROL —which have been 

described to act as intramolecular chaperone— to the N-terminal of the mature sequence 

(proROL). The positive effects of this truncated prosequence were evaluated at different 

levels. First, in terms of bioprocess engineering, the presence of the truncated 

prosequence proved to decrease lipase harmful effects during its heterologous production 

in K. phaffii under methanol-inducible promoter (PAOX1). In fact, the maximum specific 

growth rate value for proROL producing strain, as well as the lipase production and 

volumetric productivity were higher than these with rROL-producing strain, supporting 

the stress reduction hypothesis and enabling a more efficient and cost-effective 

bioprocess. Moreover, it was also tested that the truncated prosequence of ROL can be 
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assumed to alleviate the deleterious effects of the lipase and enable its constitutive 

production in K. phaffii, unlike with rROL, whose constitutive expression must be 

hindered due to its phospholipase activity. Therefore, truncated prosequence enabled a 

methanol independent proROL production achieving a more environmentally friendly 

bioprocess with final lipase activity and productivities similar to the best strategy reported 

so far for proROL production (proROL PAOX1-strain under methanol non-limited fed-

batch at 3 g L-1).  

Second, in terms of biochemical characterization, proROL showed similar 

patterns to these from rROL, although some differences were detected. Besides the higher 

molecular weight, proROL was found to have a more stable conformation as optimum 

pH and temperature values did not show any change regardless the ionic strength of the 

medium, unlike it was observed for rROL. In terms of substrate specificity with ester of 

p-nitrophenol, proROL exhibited a similar trend to native ROL and different from rROL 

supporting the importance of these 28 amino acids in lipase catalysis since they have been 

described to be close to the active center. However, the most significant difference was 

the increased stability of free proROL in comparison to free rROL under all the stability 

tests performed at different pH, temperature and presence or absence of alcohols 

(methanol and ethanol). Even when immobilized, proROL showed higher stability than 

rROL in presence of different organic solvents. Furthermore, after incubation of the free 

enzyme under non-sterile conditions, selective hydrolysis of the 28 amino acids was 

observed, as with other similar lipases such as that of Rhizopus niveus, due to the presence 

of contaminating proteases in the medium. These results were demonstrated by N-

terminal analysis suggesting that these 28 amino acids are naturally designed to be 

removed.  
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Similarly, the truncated prosequence increased operational stability of 

immobilized proROL in biodiesel and ethyl butyrate production, although no influence 

on initial reaction rate was observed, which suggests that EB-proROL and EB-rROL 

interact identically with the substrates under the studied conditions, no matter the results 

obtained for free proROL and rROL specificity analysis. Thus, in general, 28 C-terminal 

amino acids of the native prosequence have proved to affect different aspects of the 

enzyme, including increased stability and decreased deleterious effects during its 

synthesis, likely due to the influence of the 28 amino acids in enzyme folding, as they act 

as intramolecular chaperone. After optimizing immobilization support and lipase 

sequence, immobilized proROL onto polymethacrylate-based support containing epoxide 

and octadecyl (EO) surface groups was used for further research on isoamyl esters 

(natural flavors) and biopolymers (polylactic acid, PLA) production. 

EO-proROL proved to be efficient in the esterification reaction of isoamyl acetate 

and butyrate in cyclohexane, being the production of the latter the one that showed better 

results and whose synthesis was optimized through a Design of Experiments (DoE) 

following a Box-Hunter design. The optimal conditions found through DoE were 

successfully validated and then scaled up to a laboratory reactor, for industrial proof of 

concept. Commercial isoamyl alcohol and fusel oil were used exhibiting similar results. 

Therefore, EO-proROL stands as a suitable biocatalyst for industrial production of natural 

isoamyl butyrate, even from an inexpensive substrate such as fusel oil to comply with the 

principles of circular economy. Besides, it was found that EO-proROL is more specific 

to 2-methylbutanol than it is to 3-methylbutanol, notwithstanding previous results 

suggesting the activity to be hindered by the proximity of the methyl group to the 

hydroxyl group. 
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proROL was tested for direct lactic acid condensation to produce PLA. Under all 

the studied conditions, regarding amount of lipase and reaction solvent, free proROL 

outperformed the conversion obtained with free Candida rugosa lipase 1 (CRL1), also 

tested in this section. Green solvents and immobilization of proROL (EO-proROL) were 

assessed to achieve a more environmentally friendly biotransformation, and although the 

latter attempt failed, free proROL achieved the highest lactic acid conversion reported so 

far in this work with limonene as green solvent. Direct LA condensation reaction was 

optimized by means of a DoE with a Box-Hunter design and although high conversions 

were achieved (89.18%), no PLA was detected in any samples through nuclear magnetic 

resonance (NMR) analysis. Besides, an alternative route for PLA synthesis was tested, 

the ring-opening polymerization of lactide. Through this route, lactic acid dimers 

detectable by NMR were obtained and proROL (both free and immobilized) 

outperformed free CRL1 performance under thee studied conditions. Therefore, this data 

opens up a new research line to carry out the chemoenzymatic synthesis of PLA through 

ring-opening polymerization by performing a first chemically catalyzed step (lactide 

formation) with the consecutive enzyme-based polymerization of lactides. 

In summary, Rhizopus oryzae lipase has proved to be a suitable biocatalyst to 

perform industrially relevant biotransformations. Furthermore, the thorough study carried 

out in this thesis, including the evaluation of the joint expression of the truncated 

prosequence of the native lipase plus the mature sequence, the use of different 

immobilization supports and the scale up of the most promising reactions together with 

new approaches focused on the use of inline monitoring techniques, such as NIR 

spectroscopy, have brought proROL to a “ready to use” state at the industrial scale. 
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8. Abbreviations 

 

28proROL-gene 

Gene encoding a truncated prosequence of Rhizopus oryzae 

lipase 28 C-terminal amino acids fused to the N-terminal of 

the mature lipase region 

28proROL PAOX1-plasmid Plasmid containing the sequence of proROL under PAOX1 

28proROL PGAP-plasmid Plasmid containing the sequence of proROL under PGAP 

proROL PAOX1-strain 
Genetically modified Komagataella phaffii strain used to 

produce proROL under PAOX1 

proROL PGAP-strain 
Genetically modified Komagataella phaffii strain used to 

produce proROL under PGAP 

2-MAG 2-monoacylglycerol 

Ac Acids 

Al Alcohols 

ALO/OP Alperujo oil (olive pomace oil) 

AOX Alcohol oxidase 

AU Activity units 

BR Batch reactor 

C Conversion (%) 

CA Capric acid 

CBE Cocoa butter equivalents 

CI 
Covalently immobilized or stabilized biocatalyst through 

crosslinking 

CO Canola oil 

CRA Caprylic acid 

CRL Candida rugosa lipase 

DAG Diacylglycerol 

DCW Dry cell weight 

ddPCR Droplet digital PCR 

Deff Effective diffusivity 

DO Dissolved oxygen 

DoE Design of experiments 

EB 
Purolite® polymethacrylate matrix support containing 

Epoxide and butyl functional surface groups 

EB-rROL rROL covalently immobilized onto EB support 

EB-proROL proROL covalently immobilized onto EB support 

EDTA Ethylenediaminetetraacetic acid 

EDVB 
Purolite® polymethacrylate matrix support containing 

epoxide and divinylbenzene functional surface groups 

EDVB-rROL rROL covalently immobilized onto EDVB support 

EDVB-proROL proROL covalently immobilized onto EDVB support 

ee Enantiomeric excess 

entire-proROL 
Rhizopus oryzae lipase including the whole prosequence 

and mature sequence 

EO 
Purolite® polymethacrylate matrix support containing 

epoxide and octadecyl functional surface groups 



 

322 
 

EO-rROL rROL covalently immobilized onto EO support 

EO-proROL proROL covalently immobilized onto EO support 

EPAX  1050TG TAG rich in omega-3 PUFAs 

Es Esters 

EtOH Ethanol 

FAME Fatty acid methyl esters 

FFA Free fatty acid 

FLD Formaldehyde dehydrogenase 

GAP Glyceraldehyde-3-phosfate dehydrogenase 

His Histidine 

HMFS Human milk fat substitutes 

HPLC High-performance liquid chromatography 

IA Immobilization through adsorption 

ICL Isocitrate lyase 

ID Incorporation degree (%) 

IE Immobilization through physical entrapment 

JO Jatropha oil 

KO Karanja oil 

L Long-chain fatty acid 

LA Lactic acid 

M Medium-chain fatty acid 

MAG Monoacylglycerol 

MeOH Methanol 

MLFB Methanol limited fed-batch 

MNLFB Methanol non-limited fed-batch 

MSFBR Magnetically-stabilised fluidized bed reactor 

MUF 4-Methylumbelliferone 

Mut+ Methanol utilization plus phenotype 

Muts Methanol utilization slow phenotype 

MW Molecular weight (kDa) 

NBS N-bromosuccinimide 

NIR Near infrared 

nROL native lipase secreted by Rhizopus oryzae 

OA Oleic acid 

OO Olive oil 

OP/ALO Olive pomace oil 

OPO 
TAG with oleic acid in sn-1,3 positions and palmitic acid 

in sn-2 position 

OS Operational stability 

PA Palmitic acid 

PAOX1 Inducible alcohol oxidase 1 promoter 

PBR Packed bed reactor 

PCA Principal component analysis 

PFL Pseudomonas fluorescens lipase 

PFLD1 Inducible formaldehyde dehydrogenase 1 promoter 

PGAP 
Constitutive glyceraldehyde-3-phosphate dehydrogenase 

promoter 

pI Isoelectric point 
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PLA Polylactic acid 

PLS Partial least-squares 

PMSF Phenylmethylsulfonyl fluoride 

pNPB p-nitrophenyl butyrate 

PPL Porcine pancreatic lipase 

proROL 

R. oryzae lipase containing the N-terminal of mature 

sequence attached to 28 C-terminal amino acids of the 

prosequence 

proROL-gene 

Gene encoding the prosequence of 97 amino acids fused to 

the N-terminal of the mature lipase region of 269 amino 

acids 

proROLm proROL modified by the activity of proteases 

PUFA Polyunsaturated fatty acids 

PVA Polyvinyl alcohol 

qp Specific production rate (AU gX−1 h−1) 

RMSEC Root mean square error of calibration 

RMSEP Root mean square error of prediction 

RO Rapeseed oil 

ROL Rhizopus oryzae lipase 

ROP Ring-opening polymerization 

rROL 
Rhizopus oryzae lipase containing mature sequence of R. 

oryzae lipase 

rROL-gene Gene encoding the sequence of rROL 

rROL PAOX1-plasmid Plasmid containing the sequence of rROL under PAOX1 

rROL PGAP-plasmid Plasmid containing the sequence of rROL under PGAP 

rROL PAOX1-strain 
Genetically modified Komagataella phaffii strain used to 

produce rROL under PAOX1 

rROL PGAP-strain 
Genetically modified Komagataella phaffii strain used to 

produce rROL under PGAP 

RSM Response surface methodology 

S Short-chain fatty acid 

SA Stearic acid 

SCG Spent coffee ground 

SDS-PAGE 
Sodium dodecyl sulfate polyacrylamide gel 

electrophoresis  

SGLB Solid gas liquid bioreactor 

SL Structured lipids 

SLLB Solid liquid liquid bioreactor 

SO Sunflower oil 

STR Stirred tank reactor 

SYO Soybean oil 

TAG Triacylglycerol 

TGA40 Commercial oil 

TGA55E Hydrolyzed TGA40 oil 

TGA58F Mortierella alpina single-cell oil 

TPB Three phase bioreactor 

UPR Unfolding protein response 

WCB Whole cells biocatalyst 
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WCO Waste cooking oil 

X Biomass (gX) 

Y Yield (%) 

YP/X Product-biomass yield (AU gX−1) 

YX/S Biomass-substrate yield (gX g substrate−1) 

εp Porosity of the particle 

ρp Density of the particle 

Φ Weisz–Prater Criterion 

μ Specific growth rate (h-1) 
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10. Annexes 

Table 10.1. Weisz–Prater criterion for pomace oil transesterification with methanol in the presence of various biocatalysts immobilized 

onto a polymethacrylate matrix. Φ and Deff were calculated from Eq. 3.9 and 3.10, respectively, using σ = 1 and τ = 1.41 in the latter. 

Porosity (εp) and specific volume of the supports were 0.6 and 1.4 cm3 g–1 support. 

Biocatalyst 
robs (mol 

s–1 cm–3) 

Biocatalyst 

weight (g) 

ρp (g 

cm–3) 

Specific area 

(m2 g–1) 

robs (mol 

gparticle
–1 s–1) 

Cm,0 (mol 

cm–3) 

Dm,a (cm2 

s–1) 

Deff 

(cm2 s–1) 
Φ 

EB-rROL 1 1.81·10-07 0.2 0.72 152 8.11·10-06 4.41·10-04 1.18·10-06 5.04·10-07 2.20·10-08 

EB-rROL 2 2.39·10-07 0.2 0.72 152 1.07·10-05 4.41·10-04 1.18·10-06 5.04·10-07 2.91·10-08 

EB-rROL 3 4.31·10-07 0.2 0.72 152 1.93·10-05 4.41·10-04 1.18·10-06 5.04·10-07 5.23·10-08 

EB-rROL 4 5.93·10-07 0.2 0.72 152 2.66·10-05 4.41·10-04 1.18·10-06 5.04·10-07 7.20·10-08 

EB-rROL 5 6.44·10-07 0.2 0.72 152 2.89·10-05 4.41·10-04 1.18·10-06 5.04·10-07 7.83·10-08 

EO-rROL 1 1.34·10-07 0.2 0.72 139 5.99·10-06 4.41·10-04 1.18·10-06 5.04·10-07 1.94·10-08 

EO-rROL 2 1.68·10-07 0.2 0.72 139 7.55·10-06 4.41·10-04 1.18·10-06 5.04·10-07 2.45·10-08 

EO-rROL 3 2.11·10-07 0.2 0.72 139 9.44·10-06 4.41·10-04 1.18·10-06 5.04·10-07 3.06·10-08 

EO-rROL 4 4.94·10-07 0.2 0.72 139 2.22·10-05 4.41·10-04 1.18·10-06 5.04·10-07 7.18·10-08 

EO-rROL 5 6.57·10-07 0.2 0.72 139 2.95·10-05 4.41·10-04 1.18·10-06 5.04·10-07 9.54·10-08 

EDVB-

rROL 1 1.51·10-07 0.2 0.72 59 6.77·10-06 4.41·10-04 1.18·10-06 5.04·10-07 1.22·10-07 

EDVB-

rROL 2 2.18·10-07 0.2 0.72 59 9.76·10-06 4.41·10-04 1.18·10-06 5.04·10-07 1.75·10-07 

EDVB-

rROL 3 2.51·10-07 0.2 0.72 59 1.13·10-05 4.41·10-04 1.18·10-06 5.04·10-07 2.02·10-07 
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Figure 10.1. Correlation between the two employed activity tests in the present thesis. 

Activity conditions described in Section 3.3. R2 = 0.99.
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Notes 
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