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Summary 

Nosocomial or hospital acquired infections are those acquired by hospital patients due to 

contaminated equipment, bed linens, or humidity in the environment, among others. In order to 

minimize the number of HAIs, antibacterial fabrics have been developed by incorporating 

bactericidal nanoparticles into them. However, these materials lose their activity over time 

increasing the risk of contamination and infection. Therefore, bacterial detection in situ is 

required. As a strategy to detect bacteria, metabolic indicators are molecules that only change in 

direct contact with live bacteria due to bacterial metabolism, producing a change in conductivity, 

pH or color. Electrochromic metabolic indicators have shown the ability to act as electron 

acceptors in the bacterial respiration process, such as Prussian blue, which has a different color 

for both its oxidized and reduced forms. The current PhD thesis is focused on the study of the 

bacterial-sensing response of Prussian blue, its application to the development of smart materials 

and their implementation in antimicrobial textiles and water filter membranes for the prevention 

of bacterial infections.  The incorporation of bacterial sensing molecules in the smart materials will 

allow the in situ determination of the life-time of the bactericide materials and their effectiveness 

in the control of bacterial infections. This technology, initially conceived to prevent HAI in hospital 

settings, has been of interest in other application sectors including schools, elderly homes, public 

transport or public furniture, among others. 
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Resumen 

Las infecciones nosocomiales o infecciones asociadas a la atención médica (IAAS) son 

aquellas adquiridas por pacientes hospitalizados debido a equipos contaminados, ropa de cama o 

humedad en el ambiente, entre otras fuentes de infección. Con el fin de minimizar el número de 

IAAS, se han desarrollado tejidos antibacterianos incorporando en ellos nanopartículas 

bactericidas. Sin embargo, estos materiales pierden su actividad con el tiempo aumentando el 

riesgo de contaminación e infección. Por lo tanto, la detección de bacterias in situ es requerida. 

Como estrategia para detectar bacterias, los indicadores metabólicos son moléculas que solo 

cambian en contacto directo con bacterias vivas debido al metabolismo bacteriano, produciendo 

un cambio en la conductividad, el pH o el color. Los indicadores metabólicos electrocrómicos han 

demostrado la capacidad de actuar como aceptores de electrones en el proceso de respiración 

bacteriana, como el azul de Prusia, que tiene un color diferente tanto para su forma oxidada como 

reducida. Esta tesis doctoral se centra en el estudio de la respuesta de detección bacteriana del 

azul de Prusia, su aplicación en el desarrollo de materiales inteligentes y su implementación en 

tejidos antimicrobianos y membranas de filtros de agua para la prevención de infecciones 

producidas por bacterias. La incorporación de moléculas detectoras de bacterias en los materiales 

inteligentes permitirá determinar in situ el tiempo de vida de los materiales bactericidas y su 

eficacia en el control de infecciones bacterianas. Esta tecnología, inicialmente concebida para 

prevenir las IAAS en entornos hospitalarios, ha sido de interés en otros sectores de aplicación 

como colegios, residencias de ancianos, transporte público o mobiliario público, entre otros. 
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1.1 Bacterial Infections: Impact, Risks, Treatments and Prevention  

Bacteria are microorganisms commonly associated with several healthcare and safety 

problems, including infectious diseases, food poisoning and water pollution. The World Health 

Organization (WHO) positions two infectious diseases, i.e., lower respiratory infections and 

diarrheal disease, in the top ten causes of death worldwide.1 Besides, the same institution 

estimates a total of 600 million foodborne illnesses and 420,000 deaths per year associated with 

the ingestion of contaminated food and water.2 Antibiotics, the first barrier to bacterial infections, 

are now losing effectiveness due to their overuse in healthcare and farming.3 This fact results in 

the emergence of a number of multidrug-resistant pathogens worldwide, which are not sensitive 

to antibacterial compounds and thus, very difficult to treat and control. For this reason, the 

prevention of bacterial infections from contaminated sources is now considered a priority, and 

particular attention has been paid to environments with individuals highly susceptible or more 

often adversely affected by infections such as hospitals, schools or nursing homes. In the case of 

Figure 1.1. HAIs infographic. ECDC healthcare associated infections infographic adapted from ref 10. 
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hospitals, the incidence of “nosocomial” or “hospital-acquired infections” (HAIs), this term 

referring to those infections that the patient acquires under medical care, is very high both in 

developing and in developed countries.4–9 The European Centre for Disease Prevention and 

Control (ECDC) has estimated HAI incidence in more than 8.8 million infections and 37.000 direct 

deaths per year only in Europe, contributing indirectly to 110.000 additional deaths. 10 Apart from 

that, the ECDC also relates HAIs with more than 16 million extra days of hospital stays every year, 

economic losses of approximately € 7 billion/year, considering direct costs only,11 and other socio-

economic adverse effects summarized in Figure 1.1. 

In order to estimate the impact of HAI in society, it is fundamental to determine bacterial 

infection prevalence. This parameter contributes to evaluate the population’s health and provides 

clear indications of the dynamics of the disease, which is strongly correlated with infection risk 

factors. Infection prevalence is generally estimated as either the proportion of infected individuals 

(“individual-based estimation”) or the proportion of samples (“anonymous estimation”) in which 

evidence of infection is detected.12 Considering that, HAIs prevalence has been estimated to be 

around 7 % in high-income countries (7 affected patients per 100 patients; see Figure 1.2),11 while 

Figure 1.2. Prevalence of HAIs in high-income countries (1995-2010). 
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reaching values above 10 % in low-/middle-income countries, e.g., 33 % in India13 and 13 % in 

Ethiopia.14  

In both high- and low-income countries, most of HAIs are caused by one of the following five 

bacterial species, i.e., Staphylococcus aureus, Enterococcus species, Candida species, Escherichia 

coli and Pseudomonas aeruginosa, and result in pneumonia, surgical site infections, bloodstream 

infections, respiratory infections, urinary tract infections or skin and soft tissue infections.15,16 HAIs 

are associated with the presence of contaminated air, surfaces/materials or water, and the most 

common means of transmission are (Figure 1.3):17 

 Translocation, caused when the own microbiota of the affected patient moves to a 

new site of infection. 

 Patient-to-patient transmission, which can be produced by direct physical contact or 

through indirect way. 

 Healthcare workers as a source of infection. 

 Infections from the environment, produced by aerosols, contaminated water used for 

drinking or washing, and contaminated food. 

 Medical devices or facilities as a source of infection, such as shared instruments, 

furniture or hospital fabrics. 

From the previous ones, airborne spread in aerosols, respiratory droplets from body fluids 

and contact transmission from unclean surfaces containing bacteria are the most common ways 

of transmission, the latter representing the majority of the transmissions in healthcare settings. 

The WHO and other institutions such as the ECDC, are well aware of this situation and have 

proposed a roadmap with several interventions to minimize bacterial spreading in healthcare 

facilities.  

Core strategies consist of a competency-based training and monitoring of adherence with 

feedback of results for good practices, which require the participation, complicity and adherence 

of the hospital staff. These good practices include precaution in the manipulation of medical 

devices and the establishment of good hygiene and disinfection protocols such as hand hygiene, 

environmental cleaning and disinfection, and the use of personal protective equipment, among 
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others.18,19 Additionally, complementary actions are now being considered, which are less 

dependent on human intervention and, thus, less susceptible to human errors. These involve the 

systematic replacement of medical devices, which implies patient discomfort and increases 

treatment costs,20 and surface modification/coating of medical devices, fabrics, air/water filters 

and furniture with antimicrobial/antifouling compounds. 

 

 

This strategy is being explored at both research and industrial level, and companies like 

Dupond, Akzo Nobel N.V. or The Sherwin-Williams Company are now providing 

antimicrobial/antifouling coating technologies for the production of biocide surfaces. Based on 

that need, a new market on antimicrobial coatings has emerged, which is calculated to be USD 4.2 

billion in 2022 and projected to reach USD 7.36 billion by 2025, at a CAGR of 8.2 %. This significant 

Figure 1.3. Main routes of HAIs transmission. 
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increase in the antimicrobial coating market is calculated considering the increasing demand from 

the medical and healthcare sector associated with a more stringent government regulations and 

changes in the norms and standards in the healthcare sector.21 The modification of hospital 

fabrics, including pajamas, curtains, feathers, pillows, comforters or any other textile implemented 

in the room furniture, as well as water and air filters, or medical devices such as catheters, is 

considered one of the most promising strategies to prevent bacterial infection and spreading. 

Recent trends in antimicrobial coatings and smart materials to prevent bacterial infections and 

transmissions in healthcare settings will be discussed in the following sections.   

1.2 Antimicrobial Coating Agents and Technologies  

In this section, the most recent advances in surface modification for the production of 

materials with antibacterial and antifouling activity are presented and discussed, with special focus 

on cotton/cotton-polyester textiles and nitrocellulose filters due to their wide use in healthcare 

facilities and their relationship with bacterial transmissions associated to HAIs. 

1.2.1 Antimicrobial textiles 

Among fabric products, polyester and cotton are the most common materials employed for 

apparel and textile goods, being responsible for over 70 % of the global fiber market in 2019.22  

They are also the first choice hospital fabrics, particularly in  the case of  material in direct physical 

contact with the human skin (e.g., bedclothes, underclothes, socks, non-implantable medical 

textile materials like bandages, plasters, gauze dressing, wadding, etc. and hygiene products such 

as gowns, caps, and uniforms). Since this kind of materials are the most susceptible of bacterial 

transmissions by contact with contaminated surfaces, the production of antimicrobial textiles 

based on cotton and polyester is gaining attention over the last few years, being one of the fastest 

growing sectors of the textiles industry.23  

Two main aspects should be considered in the production of textiles with biocide activity, 

namely (i) the type of biocide molecule, which determines the antimicrobial mechanism of the 
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material and its effectiveness; and (ii) the coating technology, which determines the stability and 

performance of the antimicrobial molecule, and should be adapted to the physic-chemical 

properties of the materials and the production costs.  

1.2.1.1 Type of biocide molecule and antimicrobial mechanisms 

Regarding the biocide molecules, several antimicrobial compounds have been implemented 

into textiles, including quaternary ammonium compounds (QACs),24–26 halogenated phenols (such 

as pentachlorophenol, chlorocresol or  triclosan, among others),27–29 polybiguanides,30,31 

chitosan,32–34 N-halamines,35–37 metal/metal-oxide based NPs (e.g. Ag, Cu, CuO, TiO2, ZnO, etc.)38–

41 and antimicrobial peptides (AMPs),42 among others. Each antimicrobial molecule presents 

different mechanisms, which may influence their antimicrobial activity and the final effectiveness 

and performance of the material. The main possible antimicrobial mechanisms are summarized in 

Figure 1.443 and the antimicrobial mechanisms performed by each type of biocide molecule are 

explained below. 

 

Figure 1.4. Antibacterial NPs toxicity mechanisms. Possible toxicity mechanisms of NPs against bacteria. Copyright 
2012. Reproduced from ref 43 with permission from Elsevier Ltd. 
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In the case of QACs, a positive charge is located at the N atom in solution, which allows their 

attachment to the anionic fiber of the textile by ionic interaction. This positive charge is also 

responsibly of their antibacterial activity, forming attractive interactions with the negatively 

charged cell membrane of the microorganism. This phenomenon produces the inactivation of 

bacterial cells by damaging the cell membranes, denaturing structural proteins and disrupting the 

cell structure.44,45 QACs also produces the loss of multiplication ability in the bacterial DNA.46 Their 

antimicrobial activity remains active as long as the compound is attached to the textile. 

Among the halogenated phenols, triclosan (5-chloro-2-(2,4-dichlorophenoxy) phenol) is the 

most used biocide. Triclosan essentially produces the inhibition of fatty acid biosynthesis by 

blocking the lipid biosynthesis (e.g. phospholipids, lipopolysaccharides and lipoproteins), as well 

as by interacting with amino acid residues of the enzyme-active site in the membrane, causing the 

instability of cell membranes.23,30 

Polybiguanides are polycationic amines made of cationic biguanide repeat units separated 

by aliphatic chains. The antimicrobial activity of these compounds is based on the electrostatic 

attractions occurring between the positively charged biguanide groups and the negative charges 

present on the bacterial cell surface. Besides, their hydrophobic properties also contribute to this 

antibacterial activity, which produce the cell membrane disruption and the lethal leakage of 

cytoplasmic materials.47 

Chitosan is a cationic polymer derived from chitin. Their antimicrobial mechanism is not 

clear, but it is generally accepted that the positively charged primary amine groups in the structure 

can interact with the negatively charged bacterial surface, resulting in extensive changes in the 

cell surface and cell permeability, leading to the release of intracellular substances. Chitosan may 

also interact with the bacterial DNA avoiding the protein synthesis.34 

Other biocide compounds are the N-halamines, which are heterocyclic organic molecules 

that may contain one or two covalent bonds between nitrogen and a halogen, being usually 

chlorine, but it can also be bromine or iodine. They are effective antibacterial compounds since 

the electrophilic substitution of Cl by H in the presence of water results in the production of free 

Cl cations that bind to the microorganisms, interfering their metabolic pathways and leading to 
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their destruction. The resulting N-H bond can be restored by reacting it with Cl or Br donor 

compounds (such as sodium hypochlorite or sodium hypobromite, among others), regenerating 

the antimicrobial system.48 

Metal and metal oxides NPs have been widely produced and used as antibacterial coatings, 

being Ag, TiO2, ZnO and CuO the most exploited ones.48 Their nano-size and charge confer them 

with antimicrobial activity. In fact, the antimicrobial effect of the metal NPs decreases with the 

particle size, since small particles have larger specific surfaces for interacting with microorganisms. 

The main toxic mechanism of NPs is performed by oxidative stress, producing reactive particles 

able to damage lipids, proteins and bacterial DNA.49 However, the antibacterial mechanism may 

vary between NP type. In the case of Ag-NPs, their antibacterial mechanism is not fully elucidated 

and there are different proposed hypothesis. One of them is based on the penetration of these 

NPs on the bacterial cells by endocytosis.50 Other authors support that their antibacterial capacity 

depends on the Ag-NPs aggregation, having more antibacterial effect in a dispersed NPs solution 

than when forming agglomerates.51 Contrarily, some works support the formation of clusters and 

their anchorage to the bacterial cell surface as the main mechanisms.52 Although the mechanism 

is fully elucidated, it is widely accepted that their main antibacterial effect is based on Ag partial 

oxidation and release of Ag+ ions, producing disruption of ATP production and DNA replication, 

disruption protein synthesis and/or causing cell lysis.53  

On the other hand, the antimicrobial properties of TiO2, and most of the metal oxides, arise 

from their photocatalytic activity to kill microorganisms by the production of reactive oxygen 

species generation. These species are able to oxidize the lipid molecules on the cell membrane, 

producing its disruption.54,55 

Finally, AMPs are natural compounds made up of a large number of small proteins and 

presenting high antimicrobial activity against several microorganisms. Antibacterial mechanisms 

of AMPs are based on the interruption of internal cellular processes from macromolecular 

synthesis (e.g., RNA, DNA synthesis) to the loss of ATP from actively respiring cells.56  

Due to their different mechanisms, stability and effectiveness, each molecule type presents 

advantages and disadvantages, which are summarized in Table 1.1. 
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Table 1.1. Summary of the main advantages and disadvantages of antimicrobial agents implemented in textiles. 

Antimicrobial agent Examples Advantages Disadvantages 

QACs 

- benzalkonium chloride (BC) 

- stearalkonium chloride 

- cetrimonium chloride/bromide (cetrimide) 

- cetylpyridin chloride (CPC) 

- active against a wide range of 
microorganisms 

- easy detachment from the textile fibers 

- poor washing durability 

- poor biodegradability 

- low efficiency against biofilms 

Halogenated 
phenols 

- triclosan 

- pentachlorophenol 

- chlorocresol 

- control on the action mechanism 

- high antimicrobial action 

- generate bacterial resistances 

- specific to some bacterial types 

- toxicity 

Polybiguanides 

- poly(hexamethylene biguanide) (PHMB) 

- bisbiguanide chlorhexidine 

- potent and broad spectrum bactericidal 
agent 

- water soluble 

- low toxicity 

- large amount needed 

- potential bacterial resistance 

Chitosan 

Derivatives of Chitosan: 

- Quaternized Chitosan derivatives 

- Carboxyalkylated Chitosan derivatives 

- Chitosan-Amino Acid conjugates 

- non-toxicity 

-biodegradability 

-biocompatibility 

- finishing not durable 

- high dependence on the molecular weight, 
pH and temperature 

N-halamines 

- amine N-halamines 

- amide N-halamines 

- imide N-halamines 

- recyclable antimicrobial effect 

- efficient against a broad spectrum of 
bacteria 

- long-term stability and low cost 

- poor UV stability 

- adsorbed Cl after treatment, producing 
unpleasant odor and discolor of the fabric 

Metal NPs  

and  

Metal/oxide NPs 

- Ag, Cu, Au, Se 

 

- Ag2O, CuO, TiO2, ZnO, SiO2, MgO 

- wide antimicrobial actions against different 
bacterial types 

- effective at low concentrations 

- high stability and antimicrobial action 

- nanotoxicity 

- Ag+ release 

AMPs 

- pexiganan 

- L-cysteine 

- daptomycin 

- broad spectrum of antimicrobial activity 

-environmentally friendly  

-low antimicrobial resistance 

- usually presents problems of release from 
the substrate 
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QACs are the most commonly used antimicrobial agents in textiles because of their proved 

efficiency after implementation in fabrics of different structure and composition. However, their 

stability into the textiles fibers through ionic interactions is very low, and QACs  are quickly 

released to the medium during washing.23,57 Besides, their antimicrobial effectiveness  decreases 

at high microbial densities (e.g. biofilm formation) and they also present poor biodegradability.45  

Triclosan, the most common member of the halogenated phenols family, is a strong 

antimicrobial agent, very effective against a wide range of microorganisms including antibiotic-

resistant bacteria. Its mechanism have been widely studied, established and accepted. 

Nevertheless, the widespread use of triclosan as antimicrobial agent has resulted in the 

emergence of bacterial resistances.30  

N-halamines, on the other hand, present the particularity of being able to restore their 

antimicrobial activity through a chemical process after used.  These low-cost agents present strong 

biocide activity against a broad spectrum of bacteria, and are stable for long-time periods.36 The 

main problem of these compounds is that after treatment, some residual halogens can be trapped 

on the fibers, conferring to the fabrics an unpleasant odor and discoloration. This fact makes their 

application in the textile industry complicate.44  

Compared to the last group, polybiguanides present higher antibacterial capacity, being 

more effective against Gram-positive than for Gram-negative bacteria. Besides, they present low 

toxicity and water solubility.30 However, biguanides also present some drawbacks like the demand 

of large amount of product to accomplish an effective antimicrobial activity or the bacterial 

resistance developed by some types of polybiguanides.58  

Due to its wide antimicrobial spectrum and high antimicrobial activity at lower 

concentrations, textiles coating with antimicrobial-metal and metal oxide NPs are gaining 

attention in the last years. Among them, silver is the most common NPs currently used for 

antimicrobial textiles production.59 However, textile modification methods involving NPs may 

present cytotoxicity, and Ag in particular has demonstrated preliminary indications of bacterial 

resistance development.60,61 
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On the other hand, many peptides are already used in medicine, such as daptomycin, 

pexiganan or psoriazyna. Some others are under development, such as plectasin NZ2114 or L-

cysteine, which are promising as durable antimicrobial agents. They present a broad antimicrobial 

spectrum against several microorganisms including Gram-positive and Gram-negative bacteria.62 

Furthermore, their natural origin prevents the antimicrobial resistance and make them 

environmentally friendly. However, their easy release form some substrates can become a 

drawback.63 

Apart from the biocide agent used in the coating of the textile, the technology applied for 

that purpose has a huge influence in the final product. The main coating technologies employed 

in textiles industry are exposed and compared below, as well as their advantages and drawbacks. 

1.2.1.2 Coating Technologies 

The coating technology used to implement the biocide agent is fundamental since it 

determines the properties of the final antimicrobial textile. An ideal antimicrobial textile should 

keep the original properties of the non-modified material, while presenting a broad spectrum 

antimicrobial activity, durability of the antimicrobial activity throughout the life of the textile and 

low toxicity to human beings. Among these goals, antimicrobial durability may be the greatest 

challenge for researchers, because textiles are subjected to multiple actions, such as wear, 

washing, drying, ironing etc., during their life. 

Based on the latter, two coating technologies are commercially available nowadays, mostly 

focused on the production of silver-based antimicrobial textiles:  

 incorporation into polymer melts before fiber formation using e.g. in situ 

polymerization,64,65 sol-gel technique66 and laser ablation;67  

 impregnation onto the fibers. 

In general terms, the incorporation of the antimicrobial molecules into the polymer melts 

before fiber formation allows the production of the antibacterial textile fibers before textile 

production. It provides high stability to the antimicrobial compounds in the textile and a huge 

versatility in the manufacturing process, ensuring both the stability and durability of the 
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antimicrobial activity and the complementarity with industrial textile production lines. However, 

this technology also presents important drawbacks. First, the exposure to a melt-processing stage 

causes significant morphological changes to the antimicrobial molecules, this compromising their 

structure and antibacterial activity. This is critical in the case of organic molecules such as enzymes, 

QACs and antibiotics, which may lose their antimicrobial activity when implemented in the textile 

fibers through this technology. Even the antibacterial activity of inorganic NPs can be 

compromised with this technology, being necessary to use large amounts reagents (>3 % in the 

case of silver) to achieve adequate antimicrobial effects. Additional drawbacks of the technology 

include problematic spinning and yarn breakage, the use of toxic reagents and the impossibility to 

prepare micro/nano fibers.  

In the case of impregnation, this process is much simpler and requires softer experimental 

conditions, being able to impregnate antimicrobial compounds of any nature, including organic 

and inorganic ones. After impregnation, the material remains on the textile surface, but it is not 

incorporated inside the fibers. For this reason, the antimicrobial compound is superficial and may 

be released to the medium with facility, compromising the durability of the antimicrobial activity 

in the textile. This low stability of the antimicrobial coating is one of the main drawbacks of 

impregnation, when compared to the previous one. Apart from that, inorganic molecules 

impregnated on the fabric from a coating solution produce deposits on the textile surface, which 

may produce negative effects on the user. For example, silver NPs impregnated with 

Smith&Nephew’s ActicoatTM solution produce large amount of the nano-crystalline particles that 

tend to release into the wound, causing irritation.  

Attempts to create fiber-based products having effective antimicrobial properties with 

minimum agent release have been unsuccessfully produced so far. For this reason, other 

technologies are now being explored, mostly applied to metallic NPs, metal oxides and metal salts. 

These methods are conventionally divided into two: 

 “Sol”-methods, involving the direct deposition of colloidal suspensions of the 

antimicrobial agent, e.g., sonochemical coating68 or plasma deposition69. 
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 Solution methods, employing precursor solutions to synthetize in situ the 

antimicrobial molecule on the textile surfaces, e.g., intermatrix synthesis70. 

In sonochemical coating, the antimicrobial molecule is incorporated in the textile after 

application of high intensity ultrasounds in water medium. The ultrasonic waves (at frequency 

rates of 20 KHz - 1 MHz) generates the so-called cavitation phenomenon, which corresponds to 

the formation, growth and collapse of bubbles in the solution.71 Thus, microjects and shock waves 

produced by the acoustic cavitation project the NPs towards the textile fibers, forming stable and 

homogeneous coatings. High-intensity ultrasound is a highly scalable, simple, fast, efficient and 

environmentally friendly approach for surface functionalization. In addition, this process has been 

upvoted by IUPAC as a top-ten emerging technology in 2021, highlighting the durability of 

antibacterial textile coating.72 However, the use of high power intensities and the erosion of the 

tips may represent some drawbacks in the reproducibility of samples.73 

Plasma deposition involves the deposition of organic-metal complexes with antimicrobial 

activity on the surface of the textile. This method allows the formation of very thin layers (few 

microns) in a fast and simple process involving the evaporation of the complex at low temperature 

to avoid textile damage, the generation of the room-temperature plasma (i.e. oxygen plasma with 

the volatile antimicrobial complex) and the deposition on the textile. The material is quite stable 

after deposition, providing high antibacterial effectiveness for long times. Main disadvantages are: 

(i) plasma coating requires low-volatility metallic/metal oxide complexes, which not easy to 

synthetize; and (ii) the technology is quite energy demanding and thus, more expensive than 

others.  

Intermatrix synthesis refers to a chemical process where the ions in the precursor solution 

are retained by ionic interactions with the charged groups in the polymeric support matrix and 

reduced in situ to form metallic or metal oxide NPs.74,75 The process can be repeated several times 

with the same precursor solution, thus increasing the NPs size, or with other solutions, resulting 

in the production of core-shell NPs with synergistic effects.76 The NPs in the material matrix are 

stable for long time periods and provide high antimicrobial activities. However, the procedure is 

restricted to matrices with reactive functional groups, such as cotton or cellulose, and metal/metal 
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oxide NPs based on ionic precursors. Additionally, the formation in situ of these compounds 

requires the use of large amounts of reagents in the synthesis and aggressive reducing agents that 

may compromise textile integrity and properties.   

Finally, other antimicrobial finishes based on resin binders with silver-ions overcoat,77 binder 

systems or transfer methods from a donor fabric to a target textile in the presence of moisture 

and upon exposure to heat,78 the use of inorganic metal salts79 or zeolites80 has also been 

described. In general, most of these coating technologies are currently under development and 

often require time-consuming or harsh fabric pre-treatments such as chemical activation. In 

addition, the stability of the antimicrobial agent after coating with these technologies is relatively 

low, and they  require subsequent coating stabilization using different cross-linking techniques.81 

Without cross-linking, the release of the active agents during fabric exploitation remains a major 

concern, which compromises the durability of the antibacterial effect and the safety at use, 

increasing the risk of contamination and infection.  

1.2.2 Antimicrobial and anti-biofilm water treatment membranes 

Biofouling is generally defined as the deleterious attachment of bacterial cells and 

extracellular polymeric substances (EPS) to a solid surface, finally resulting in the formation of a 

biological structure known as biofilm. EPS are constituted of lipids, proteins, polysaccharides and 

nucleic acid released from bacteria and it helps in biofilm formation. Once the biofilm is mature, 

it present some dynamism recruiting bacteria from the medium but also releasing fragments 

containing high bacterial concentrations to the medium. Thus, biofilms are important bacterial 

contamination and infection sources and should be controlled. Additionally, biofilms are the main 

obstacle in membrane filtration systems, owing to the decreased permeates flux and therefore 

increased operation and maintenance costs.82 

Traditional techniques for water contaminants treatment include adsorption, coagulation-

flocculation, precipitation, electro dialysis or ion exchange, among others. However, these 

methods come along with several drawbacks and their efficiency for membrane biofouling 

mitigation is questioned. For example, adsorption processes are tedious to develop with long 
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protocol times and produce the agglomeration of NPs. Precipitation method is considered 

ineffective when high concentrations of heavy metals are present and produces high amounts of 

toxic sludge. With coagulation-flocculation methods, the sludge produced has better settling and 

dewatering characteristics, however, the volume of sludge generated is much higher. 

Electrodialysis implies high operational costs due to energy consumption and membrane fouling. 

Finally, ion exchange has high treatment capacity and removal efficiency, but the cost is also high 

due to synthetic resins generation.83 

For this reason, nowadays physicochemical approaches  based on chemical compounds are 

currently used to control membrane biofouling, e.g. chlorine, which eliminate bacteria and thus 

any risk of contamination. The continuous injection of chemicals in the water networks is costly, 

time-consuming and results in the formation of toxic and carcinogenic by-products. Other 

techniques are ozonation and ultraviolet radiation, but their implementation is expensive and 

ozone can also create mutagenic and carcinogenic by-products. 

Due to the important limitation of current technologies, new approaches are now being 

explored to prevent biofilm formation, which are based on surface modification of the membranes 

by coating or grafting them with antifouling and/or antimicrobial agents.  

1.2.2.1 Membrane modification with antifouling agents 

The use of materials on which bacteria adhere less, e.g. silicone,84 is considered as first 

choice to prevent bacterial colonization and spreading. Silicone is hydrophobic and initially 

prevents bacterial attachment. However, this effect is not lasting since this material favors 

nonspecific protein adsorption, resulting in the formation of protein layers on the material surface 

that promote bacterial recruitment and attachment, and thus biofilm formation after some time. 

Other molecules with higher anti-adhesion properties85 such as surface PEGylation86 significantly 

minimize bacterial attachment and colonization, but require hazardous polymerization reactions87 

that compromise the material properties and its biocompatibility. 

Other strategies rely on the enhancement of the hydrophilicity of the membranes. In 

hydrophilic membranes, hydrogen bonds can be formed with the adjacent water molecules, 
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creating a thin water boundary between the membrane and bulk solution. This layer minimizes 

hydrophobic foulants adhesion to the membrane, preventing the biofilm formation.88 Polymeric 

membranes are hydrophobic, so more susceptible to biofouling. Thus, to enhance their 

hydrophilicity, membranes can be modified with different materials. One of the most effective 

methods to avoid biofilm adhesion is polymeric blending. With this process, two or more organic 

and/or inorganic materials are mixed to endow the membranes with the desired properties.89 In 

this context, different hydrophilic organic polymers have been used, such as polyvinyl pyrrolidone 

(PVP), chitosan or polyethylene glycol (PEG), among others. However, this strategy presents some 

drawbacks, like the poor compatibility of these polymers with polymer matrix. 

Another approach to minimize membrane biofouling is based on the quorum quenching 

(QQ). Quorum sensing is the cell-to-cell communication used by microorganisms to coordinate 

their behaviors including biofilm formation or detachment. This process requires the production 

and release of autoinducers, which are inactivated by QQ enzymes. Thus, these type of processes 

may produce the decrease of bulk viscosity, hydrophobicity and the amount of EPS released.90 

However, the QQ enzyme presents some drawbacks as high cost, the need for purification steps 

and the low enzyme stability.91 

Some hydrophilic metal oxides have been used to reduce fouling by increasing membrane 

hydrophilicity. This is the case of Al2O3,92 silica,93 zeolites94 or TiO2,95 among others. Apart from the 

antifouling properties, all these compounds also exhibit antibacterial properties, and the 

combination of both hydrophilic and antibacterial activity enhances their effectivity in preventing 

biofilm formation. For these reasons, most recent surface modification protocols for preventing 

bacterial colonization have been based on the use of nanomaterials as antimicrobial agents.  

1.2.2.2 Membrane modification with antimicrobial agents 

Several antimicrobial agents have been already coated into polymer membranes and used 

for water disinfection and microbial control. The most relevant are antimicrobial chitosan NPs, 

metal and metal/oxide nanomaterials (e.g., Ag, Cu, Au, ZnO, TiO2, CuO, ZrO2, SiO2 and Al2O3), 

enzymes and carbon nanomaterials (e.g., fullerenes, carbon nanotubes and graphene-based 

nanomaterials).96 Advantages and disadvantages of these materials are shown in Table 1.2. 
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Table 1.2. Summary of the main advantages and disadvantages of antimicrobial agents implemented in water filters. 

Antimicrobial agent Advantages Disadvantages 

Chitosan 

- high hydrophobicity  

- easy fabrication 

- good antibacterial activity and low organic 
fouling propensity97 

- can only dissolve in acidic solution98 
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TiO2 

- antibacterial and antifouling properties 

- presents photoactivity 

- nontoxic 

- photocatalytic membranes lack stability 

- the overall cost of the enhanced 
membranes99 

Ag, AgO 

- enhanced mechanical strength and 
antifouling properties 

- thermal and chemical stability 

- NPs release to water; prone to biofouling 
for continuous processes100 

- toxic at acid conditions101 

Al2O3 
- enhanced mechanical strength and 
antifouling properties 

- membranes highly sensitive to NPs 
concentration 

ZrO2 

- enhanced water retention 

- very stable at high temperatures and 
humidity 

- susceptible to fouling  

- expensive raw material 

SiO2 

- resistant to oil bearing water 

- high chemical and thermal stability 

- high permeability 

- susceptible to fouling  

- higher NPs concentration deteriorate 
performance 

Cu, CuO 

- resistant to microbes 

- enhanced mechanical properties 

- modifications may improve antifouling 

- lower price than Ag NPs98 

- low quality NPs by physical synthesis 

- toxic NPs by chemical synthesis 

- their leaching from the membranes can be 
harmful to the human being91 

ZnO 
- antibacterial and antifouling properties 

- selectivity 

- physical and chemical synthesis costly and 
harmful to the living beings91 

- poor chemical stability in acidic 
conditions102 

Enzymes 

- high activity 

- selectivity and specificity 

- non-toxic products97 

- difficult development and scalability of an 
enzymatically antimicrobial membrane97 
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 Fullerenes 

- non-toxic 

-biocompatible 

-may adsorb organic compounds 

- expensive103 

- low solubility and poor dispersibility104 

G/GO 

- high antimicrobial and antifouling activities 

- enhance mechanical strength 

- enhance permeability 

- difficult to scale-up for economic 
reasons105 

CNTs 
- high antimicrobial and antifouling activities 

- cheaper than other carbon nanomaterials 

- use restricted by their poor solubility in 
most solvents106 

- lack of control in the nanotubes 
alignment107 
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- Chitosan has been widely used in water and wastewater treatment systems as a 

coagulant/flocculant.108,109 It has been implemented by coating in storage tanks, sponges and 

polymeric membranes.110–112 Some advantages of this antimicrobial agent include hydrophilicity, 

which contribute to the biofouling mitigation, high antimicrobial activity and easy synthesis. As a 

main drawback, chitosan can only be dissolved in acidic media. Despite all its advantages, only a 

few studies have investigated chitosan as the single component of antimicrobial membranes. 

- Metal and metal/oxide materials have been used in water or wastewater treatment for 

decades because of their numerous advantages such as their low cost, easy synthesis,  ability to 

kill bacteria, UV stability and high hydrophilicity.91 Their incorporation into polymeric membranes 

produces the improvement of the physicochemical properties and performance of the 

membranes in terms of porosity, hydrophilicity, charge density, chemical, thermal and mechanical 

stability. Furthermore, they endow the membranes with antibacterial activity. That is, some of the 

metal/oxide NPs generate superoxide radical anions or hydroxyl radicals through a photocatalytic 

process.  These radicals are strong oxidizing agents and decompose organic matter.  In other NPs, 

the antimicrobial mechanism relies on electrostatic interactions between the metal/metal oxide 

and bacterial components, which disrupt their cellular membrane structure. Finally, they can also 

produce free radicals without the need for photocatalysis, thus creating oxidative stress and 

reactive oxygen species against bacteria and causing cell damage.113 However, depending on the 

metal or metal/oxide used, they may present some advantages or drawbacks, which are specified 

in Table 1.2. 

There are also several types of enzymes present in nature with antimicrobial characteristics, 

such as proteolytic enzymes, polysaccharide degrading enzymes, oxidative enzymes and 

antiquorum sensing enzymes. These proteins with biocatalytic activity have been used as anti-

adhesion and antimicrobial agents on the modification of membranes due to their high activity, 

specificity and selectivity. Additionally, the processes carried out by enzymes to eliminate biofilms 

and bacteria are mostly non-toxic and effective even under soft conditions.114 In terms of activity, 

they present a multi-functional antibacterial mechanism at different levels, including: i) the biofilm 

destabilization, ii) biofilm degradation; and iii) bacterial cell lysis.115 In this context, several types 

of enzymes have been used for decreasing biofouling formation in membranes, such as lysozyme, 
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savinase, dispersion B, alginate lyase, proteinase K and serratiopeptidase,63,116,117 among others. 

When immobilized in polymeric membranes, they are usually coupled with other antimicrobial 

components such as TiO2,118 organic molecules119 or graphene,120 to enhance the antibacterial and 

antifouling properties of the membrane. Despite their advantages, the development of an 

enzymatically antimicrobial membrane is quite complicated and not easily scalable.97 

- Carbon nanomaterials, such as fullerenes, graphene/graphene oxide and carbon 

nanotubes, are considered an emerging class of novel materials with antibacterial properties and 

their incorporation into polymeric membranes has been already achieved. In general, the use of 

carbon nanomaterials provide a great spectrum of advantages, such as electrical conductivity, 

mechanical resistance, thermal conductivity, photo-luminescence, transparency, constructional 

durability and antimicrobial activity against microorganisms.121 Their antimicrobial activity relies 

on their composition, surface modification, target microorganism and reaction environment.122 

Below, the specific antibacterial mechanisms for each type of carbon nanomaterial, as well as their 

advantages and drawbacks are exposed. 

Fullerenes are carbon atoms disposed in the form of a large spheroidal molecule. These 

compounds have proved antibacterial activity against both, Gram-positive and Gram-negative 

bacteria. However, often Gram-positive bacteria are more susceptible to fullerenes due to their 

interaction with the bacterial cell wall, producing cell wall destruction, alterations in the 

phospholipid structure, and increasing the permeability of the cell membrane.123 Fullerenes 

reduce the proportion of unsaturated fatty acids and increase the proportion of cyclopropane 

fatty acids in the bacterial cell wall of Gram-negative bacteria.123 Other theories support that 

fullerenes may inhibit the bacterial respiratory chain124 or can produce the induction of cell 

membrane disruption.125 Fullerenes have been used in wastewater treatment because of their 

high affinity and surface-volume ratios, making them ideal to capture contaminants from aqueous 

solutions (e.g. heavy metals).126 However, since fullerenes are expensive, normally they are 

embedded with other composites in antibacterial membranes, increasing the sorption structures. 

Fullerenes can be incorporated into different polymers by formation of donor-acceptor or 

covalent bonds, like poly(phenylene-isophthalamide) membranes,127 or tri-diethyl malonate 

membrane.128 Despite their numerous advantages, the use of fullerenes in membranes in 



 

21 
 

challenging because of their low solubility and poor dispersibility.104 For these reasons, their use 

is mainly produced in suspension. 

Graphene and graphene oxides (GO) are potential antimicrobial agents due to their 

extensive surface areas, thermal, electrical and physicochemical characteristics.129,130 The 

synthesis of GO is simple, fast and cheap and only presents minimal toxicity for mammalian cells 

at low concentrations.131 Their antimicrobial mechanism is based on the production of reactive 

oxygen species, which affect the cell membrane and cell wall of microorganisms by physical 

demolition and chemical oxidation, resulting in bacteria death and furthermore, a decrease in 

microbial resistance.132,133 Furthermore, GO has been combined with a great variety of NPs due to 

the increment in their antibacterial activity against a wider range of microorganisms, for example 

with gold NPs,134 titanium NPs,135 iron NPs136 or silver NPs,137 among others. Graphene and GO 

have been used for the development of membranes for water filtration. In fact, a singer-layer 

graphene has been used as a membrane itself in several works,138,139 due to its low hydrodynamic 

resistance produced by the thin monoatomic thickness and the formation of subnanometer pores 

on the graphene sheet.107 However, membrane surface modification is technically easier to 

achieve and to scale-up. Thus, the modification of polymer membranes with graphene and GO has 

been developed in many studies with high antibacterial and antifouling efficiency, increasing 

permeability and mechanical strength.140–143 However, there are economic obstacles that make 

their implementation in a scale-up process difficult.105 

Carbon nanotubes (CNTs) can be formed by single, double or multiple layers of graphene 

cylinders. CNTs studies are gaining interest in the recent years for a wide range of applications. 

However, their use is restricted because these materials are insoluble in most of solvents106 and 

surface modification is needed in many cases to improve their implementation. CNTs exhibit 

excellent antimicrobial activity probably due to the nano-size of these compounds. It is widely 

accepted that these compounds, which no toxic in their bulk form, increase their antibacterial 

activity when their size diminishes. It may be associated to an increase in the surface-to-volume 

ratio, which produces a strong bond with the cell wall or plasma membrane, thus enhancing their 

efficiency as antimicrobial agent. Antimicrobial mechanism of CNTs relies in their interaction with 

bacteria, producing the disruption of their cellular membrane, metabolic procedures and 



22 
 

morphology.144 These interactions are performed by direct contact with microorganisms, resulting 

in bacterial cell death and morphological changes that produce the loss of cellular integrity. 

Besides, after exposure to small CNTs, a more than fivefold increase of plasmid DNA, a twofold 

increase of RNA and efflux of cytoplasmic materials has been observed in solution.145 Regarding 

the membranes based on the use of CNTs, monolayer membranes formed by CNTs with 

antibacterial and antifouling properties have been reported for water treatment showing high 

performance in terms of permeability and decrease of biofilm formation.146,147 Nevertheless, the 

fabrication of CNTs monolayer implies vertically aligned CNT-based membranes, which is a great 

challenge and requires arduous multi-step processes, analogous to the graphene membranes 

fabrication. Their scale-up production can be more easily achieved by embedding CNTs into 

polymeric membranes taking into account that the use of CNTs is cheaper than other types of 

carbon nanomaterials. Nevertheless, the lack of control in the alignment of the nanotubes is still 

a drawback in this context and their chemical functionalization is required in most of the cases for 

ensuring compatibility of the hydrophobic nanomaterial with the fabrication process.148 

It is important to remark that all these antimicrobial agents are often combined in the 

polymeric membranes, which allows to the enhancement of their properties.  

A growing number of antimicrobial agents implemented in antibacterial surfaces are based 

on the use of organic molecules, such as QACs,149 polyhexamethylene guanidine hydrochloride 

(PHGH),150 4-vinylpyridine (4-VP),151 N-halamine compounds152 and capsaicin.153 Despite of being 

potential antimicrobial agents for biofouling reduction, the number of studies to fabricate 

antibacterial membranes is limited, especially for water treatment processes. 

Finally, new eco-friendly approaches relying on biological control of membrane biofouling 

have been also developed at laboratory level.154 However, limitations, primarily concerning the 

stability of the nanomaterials on the membranes, and thus the durability of the antimicrobial 

effect, exist. As in the case of cotton textiles, there is a need to reduce nanomaterial loss and to 

prevent the impact of the nano-coatings on humans and environment.  
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1.2.2.3 Antibacterial membrane preparation methods 

The selection of the appropriate methodology for functionalizing polymeric membranes 

with biocide agents is of crucial significance since determines the control of biofouling and 

antimicrobial properties of the membrane.  Surface functionalization should not alter or impair 

the original properties of the polymeric membrane, such as separation performance, permeability 

or selectivity. Choosing the most convenient method depends on the demands of each case, 

however some features on the membrane are intended to accomplish, such as high loading of 

antibacterial agents with good exposure, low aggregation and controlled release of antibacterial 

particles. Thus, there exist several approaches for membrane modification with biocide agents, 

being the most outstanding blending, surface grafting, surface coating, interfacial polymerization 

and layer-by-layer assembly. Their main features and drawbacks are exposed below.  

- Blending antibacterial nanofiller with polymer matrix. The incorporation of NPs into 

polymer matrix by physical blending is a wide used method for antibacterial membrane 

preparation because of its several advantages, such as having an extensive spectrum of 

antibacterial activity, easy fabrication and the preservation of the membrane structure, 

maintaining the separation properties.155,156 Normally, the blending process of the nanomaterials 

to polymeric membranes consists of dispersing NPs in the polymer solution and subsequent either, 

phase inversion (controlled polymer transformation from a liquid phase to a solid phase) or solvent 

evaporation. However, this method presents some important drawbacks such as a limited direct 

contact between bacteria and the NPs embedded in the membrane, which diminishes the 

biofouling resistance. Besides, it exits a leaching of the NPs after long-term use, which reduces the 

antibacterial activity and also causes secondary pollution by the flow of this NPs.157 To solve this 

last problem, some approaches have been developed based on the reinforcement of the 

interactions between the NPs and the polymeric membranes, mostly based on the addition of 

polymers electrostatically charged158 or the use of organically modified NPs with improved affinity 

to the polymer membranes.159 

- Coating antibacterial agents on polymer membrane surface. This method provides 

enhanced antibacterial properties to the modified membranes. For coating membrane surfaces 
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both, chemical and physical treatments have been used. These include dip coating,160 spin 

coating161 and direct filtration techniques.162 Dip coating is based on the immersion of the 

membrane into a solution with either, sol-gel precursor or a NPs suspension, followed by thermal 

treatment or simply sensing with water. This process is simple and the coatings’ surface can be 

adapted to optimize antibacterial and antibiofouling properties. Spin coating is developed by 

either, casting the solution on a spinning substrate or casting it on a static one and then applying 

the centrifugal force with the spinner. This method provides smoother, thinner and more uniform 

coatings than dip the coating method, although the assembly of multilayers in non-flat surfaces 

still remains a challenge. Finally, direct filtration of a suspension with antibacterial agents through 

polymeric membranes assisted by vacuum or hydraulic pressure is an effective antimicrobial 

coating method. Nevertheless, prior membrane functionalization is usually required since the final 

coatings have very low stability. 

- Interfacial polymerization of antibacterial agents is a rapid and effective method to produce 

thin film composite membranes at the interface between two phases, normally used in water 

desalination. The polymerization is a polycondensation reaction between two highly reactive 

monomers dissolved in two immiscible liquids. Generally, an aqueous solution containing diamine 

monomers is placed in contact with a porous substrate and the residual solution is removed. Then, 

organic solution containing monomers is deposited on the substrate, which is saturated with the 

aqueous solution, producing the physically attachment to the membrane substrate. The typical 

interfacial polymerization process is found in water/oil interface. Recently, this process has been 

used for the production of thin film membranes with antimicrobial activity, by co-depositing 

antimicrobial agents with aqueous monomers and then, attaching these compounds with the 

organic monomer in oil phase.163 These processes showed good solubility, permeability and 

antibacterial properties. However, depending on the composition of the membrane, this process 

requires a post-treatment to improve the stability of the obtained layer.164 

- Layer-by-layer self-assembly is an effective technique to produce functionalized multilayers 

on a membrane surface by assembling alternatively opposite charged species like 

polyelectrolytes.165,166 This technique allows a high control of the function and thickness of the 
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obtained multilayers. Nevertheless, conventional layer-by-layer assembly is based on dip coating, 

which relies in long protocols and may result in non-homogenous coatings. 

Finally, other membrane modification methods are based on electrostatic interactions 

between metal ions coordinated with positively charged polyelectrolytes and polymer membranes 

negatively charged,158 or surface grafting consisting in the in situ reduction of metal ions on the 

membrane surface.167 However, these processes are restricted to some specific metal ions and 

reducing agents, and are strongly limited by the physicochemical properties of the membrane. 

Since most polymers are chemically inert, these procedures normally require pre-treatments to 

introduce active functional groups into the membrane surface, which make the protocols to be 

longer and tedious to develop. 

In summary, both antimicrobial textile fabrics and filters suffer from important stability 

problems, resulting in the loss of antimicrobial activity over time. Once the antimicrobial activity 

of the material is lost, it becomes again susceptible of colonization, and new living and infective 

bacteria can be found in the material surface. To prevent risk infection, the presence of these 

microorganisms should be detected as soon as possible with fast, simple and sensitive 

technologies, which will additionally serve as shelf life indicators. Considering this, traditional and 

most advanced bacterial detection technologies are presented in the following sections, paying 

particular attention to those susceptible of implementation in textile fabrics and water treatment 

membranes.  

1.3 Bacterial Detection Techniques  

Although fast and sensitive bacterial detection is crucial for the control and prevention of 

infectious diseases, most of the technologies available nowadays still rely on laboratory techniques 

and instruments, mainly based on cell culturing, imaging168,169 or sequencing.170,171 As a step 

forward, standard microbial detection methods based on cell culturing and colony counting172 are 

now being replaced by simpler and less tedious technologies. Among them, two methods, namely 

the polymerase chain reaction (PCR),173
 based on the identification of specific oligonucleotide 
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sequences (e.g., genes), and the enzyme-linked immunosorbent assay (ELISA),174
 consisting of the 

recognition of specific external proteins (e.g., receptors) with selective antibodies, are now being 

implemented as routine technologies in a number of central laboratories in hospitals. 

Unfortunately, these techniques still require sample collection and transport to the central 

laboratory for analysis, which delays time-to-result and decision-making.  

With the aim to tackle the challenge of microbial detection out of the laboratory, portable 

and miniaturized versions of these techniques have been developed,175 also in the format of 

biosensors, where bacteria are detected and identified through selective DNA strains 

(DNAsensors)176 or antigens/antibodies (immune sensors).177 These portable systems allow to 

transport bacterial detection at the place of patient care (point-of-care),178,179 but in most of the 

cases they still rely on the processing of the sample, e.g. concentration and/or amplification, 

before analysis. Furthermore, they cannot differentiate between live and dead bacteria, which 

particularly relevant in the case of DNA-based technologies for the high stability of oligonucleotide 

strains. Although some strategies to distinguish live/dead bacteria have been already 

developed,180 only living organisms are infective and these systems are highly susceptible of false 

positives.  

Alternative test kits able to distinguish between live and dead bacteria are now commercially 

available and gaining popularity for their simplicity, easy detection, rapid response and high 

sensitivity. Most popular test kits are based on the detection of adenosine triphosphate (ATP)181 

or the use of either defined substrate technology (DST)182 or metabolic indicators.3,183 DST, e.g., 

Colilert Test or Colipat Test, are based on the use of nutrient-indicators, which are selectively 

metabolized by specific bacterial strains. In the case of the Colilert Test, two nutrient-indicators 

are incorporated in the substrate formulation for the selective detection of: (i) coliforms, which 

selectively metabolize ortho-nitrophenyl--galactoside (ONPG) molecules by their β-galactosidase 

activity, producing a brownish color by the release of O-nitrophenol; and (ii) Escherichia coli (E. 

coli), which is detected fluorescently after metabolizing MUG and releasing fluorescent 4-methyl-

umbelliferone molecules thanks to the activity of the E. coli enzyme β-glucuronidase. Although 

simple, the number of DST is very small since requiring specie-specific enzymatic activities not 

available for all bacteria. Additionally, these tests need bacterial proliferation in controlled 
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environmental conditions to provide reliable results. Finally, the detection of low bacterial 

concentrations is possible, but only after long incubation times at the previous conditions. For all 

these reasons, the implementation of this technology out of the laboratory is very challenging.  

Fluorescent determination of ATP is simpler, only requiring dispensing the detection solution 

on the surface under study. It is also much more sensitive than the previous one, enabling close 

to single bacterium detection after revealing the reaction with ATP by irradiation with UV-light. 

The detection mechanism is based on the fact that ATP is the main energy molecule in bacteria, 

and its presence is associated to bacterial contamination. This method is currently widely used in 

the identification of contaminated surfaces in the food industry.184 Its main limitation is on the 

need for spreading the reagent on the surface under study, thus being tedious and restricted to 

the small areas.  

Metabolic indicator refers to those molecules capable to change their properties in response 

to bacterial metabolism. This definition includes different types of chemical molecules, which can 

be classified according to their sensing strategy in:  

 pH-sensitive molecules, since bacterial metabolism reduces pH;185,186 

 conductivity-sensitive molecules, since bacterial metabolism tends to increase 

medium conductivity;187,188 

 redox molecules susceptible of reduction (i.e. accept electrons) by the proteins 

and/or mediators present in the bacterial electron transport chain (ETC).189,190  

In general, all these metabolic indicators respond to bacterial presence by changing their 

colour (chromic response). Main difference between them is that pH- and conductivity-sensitive 

molecules respond indirectly to bacterial metabolism, while redox metabolic indicators directly 

interact with the molecules responsible of bacterial metabolism in the plasma membrane. For this 

reason, redox metabolic indicators are more accurate, more sensitive and less prone to false 

positive than the other two.  
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1.3.1 Electrochromic metabolic indicators 

Redox metabolic indicators report on bacterial presence by changing of color after accepting 

electrons from protein/mediators involved in bacterial metabolism. These proteins/mediators 

responsible of the color change comprise the ETC. The ETC consists of a series of protein 

complexes, and other molecules, located in the plasma membrane. These molecules sequentially 

oxidize nutrients transferring the electrons from the initial electron donor, i.e. a carbon hydrate 

such as glucose, to the final electron acceptor, the latter generally being either oxygen for aerobic 

bacteria or sulfate, nitrate or fumarate for anaerobic ones.191 Hence, the electron donor transfers 

electrons to the first complex in the ETC. Electrons are then passed along a chain of redox centers 

in the adjacent proteins. The electron transference between centers occurs when the bottom 

redox center has higher affinity to electrons than the top one, or when the distance between 

adjacent redox centers permits an electron jump. Each electron transference process in the ETC 

produces small amounts of energy, which used to pump protons (obtained from the oxidation of 

organic molecules) through the plasma membrane. The proton unbalance is finally used to 

produce ATP thanks to the rotation of the protein subunits of the ATP synthase. A scheme of the 

ETC of E. coli is illustrated in Figure 1.5, which includes their principal components: NADPH (E0
 = 

320 mV), FADH (E0
 = 220 mV), FMNH (E0

 = 210 mV), NADH (E0
 = 320 mV) and cytochromes (E0

 = 

290 mV to + 80 mV).192  

 

Considering the previous description of the ETC, metabolic indicators are molecules capable 

to accept electrons from one or several proteins/mediators in the ETC. Some of them can even act 

as final electron acceptors. As already commented, many of these metabolic indicators change of 

Figure 1.5. Main components of the E.coli ETC, presented with the corresponding redox potentials (referred to NHE). 
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color after accepting electrons. The property of changing of color when oxidized or reduced is 

known as electrochromism and thus, most of redox metabolic indicators are also electrochromic 

molecules. Different electrochromic metabolic indicators capable of accepting electrons from 

bacterial ETC have been reported, mainly electrochromic organic dyes, metal oxides, conducting 

polymers or iron derivatives. Representative examples of each family are included in Table 1.3 as 

well as their properties, advantaged and drawbacks. 

Transition metal oxides (such as tungsten trioxide or polyoxometalates) have been widely 

used as inorganic electrochromic materials for bacterial detection.213–215 However, due to their 

redox potential, the application of these indicators is restricted to exoelectrogenic bacteria 

growing in anaerobic conditions. Furthermore, the synthesis of tungsten trioxide nanoclusters is 

still complex, affecting the cost of both compound production and the final test kit.  

Organic redox-active dyes, including azo dyes (e.g.tetrazolium salts) such as 5-cyano-2,3-

ditolyl tetrazolium chloride (CNC), 2-(4-iodophenyl)-3-(4-nitrophenyl)-5-phenyl tetrazolium 

chloride (INT) or 2-[4-iodophenyl]-3-[4-nitro- phenyl]-5-[2,4-disulfophenyl]-2H-tetrazolium 

monosodium salt (WST-1) have been extensively used as bacterial electron acceptors, being 

reduced mostly by plasma or/and membrane dehydrogenase enzymes.216–218 This type of salts are 

suitable for end-point cell viability assay, but are not very convenient for monitoring cell activity219 

since most of them are highly toxic and potentially mutagenic.199,220 Additionally, some of them 

present low-intensity color changes difficult to be detected with the bare eye. Alternatively, the 

organic dye resazurin, also known commercially as Alamar Blue,221,222 improve the chromatic 

change by providing more intense color changes. However, this compound is still difficult to detect 

visually since the color change involves is a small wavelength shift from blue to purple, which 

difficult to observe with the naked eye. In fact, fluorescence measurements are recommended by 

the supplier, particularly when assessing the detection of low bacterial concentrations. 
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Table 1.3. Different features of some electrochromic species that can behave as metabolic indicators. 

Electrochromes 
Standard redox 

Potential (E/mV) 
(vs. NHE) 

Molar extinction 
coefficient (M-1 cm-1) 

Toxicity Stability Advantages Disadvantages 

WO3 +500 193 
31300 M-1cm-1 (In dye 

molecule D35) 194 
Low toxicity 195 Stable at pH 6 196 

Strong absorption in 
the visible spectrum 
range and low cost 

Only work under 
anaerobic conditions 

and its synthesis 
remains complex 197 

CTC -200 (at pH 7) 198 
16240 M-1cm-1 (in 95% 
ethanol) (at 450 nm) 198 

High toxicity 199 
(Low efficiency at pH 
≠ 6.5) 200 (Insoluble 

in water) 198 

Produce suitable 
color changes and 
has been widely 

used 

Stable at 
determinate 
conditions 

Resazurin or 
Alamar blue 

+380 (at pH 7) 192 
47000 M−1 cm−1 (at 602 

nm) and 56000 M−1 cm−1 
(at 572 nm) 201 

Toxic to several 
cell lines 202 

Stable in culture 
medium (pH 

between 7.0 and 
7.4) 192 

Produces changes in 
color and 

fluorescence and the 
assay is simple 203 

Can produce false 
positives for its 

toxicity 204 

PANI 
Depends directly on 
the proton activity in 

the solution 205 
Data not available Low cytotoxicity 207 

High stability in 
acidic and alkaline 

solutions 208  

Facile preparation, 
low cost and 

environmental 
stability 209 

Low solubility, 
infusibility and weak 

processability 209 

Ferricyanide +440 (at pH 7) 
1040 M−1 cm−1 (at 420 

nm) 
Low toxicity 

Unstable at pH>12 
211 

Soluble in water 
Inconspicuous color 

changes 

Prussian blue +500 
30000 M−1 cm−1  (at 700 

nm) 212 
Low toxicity 

Stable at pH 
between 1 and 6.4 

Notable change of 
color and 

biocompatibility 

High insolubility in 
water 
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On the other hand, the use of conducting polymers as electrochromic sensors of living 

bacteria has gained interest recently. Among them, polyaniline (PANI) is one of the most employed 

due to its capacity to provide clear and intense color changes at different potentials. A smart chip 

for bacterial detection containing PANI as bacterial-sensing molecule has been recently 

reported.223 The device reports on bacterial presence with clear color change after selective 

recognition with specific antibodies. Different electrochromic responses are obtained by applying 

a constant potential to the functionalized electrodes, being proportional to bacterial 

concentration and thus enabling quantification. Additionally, it provides low limits of detection of 

102 colony forming units per 1 mL (CFU mL-1) of E. coli with the naked eye and 101 CFU mL-1 by 

using specific software. Main limitations of the device are: (i) the low-stability of the 

electrodeposited PANI layers on the electrode; and (ii) the need for incorporating biorecognition 

elements, e.g., antibodies, to detect selective bacterial strains. In addition, the device requires 

external instrumentation for the measurement, which makes its implementation in situ very 

difficult.  

Alternatively, PANI has been also employed as pH metabolic indicator due to its capacity to 

report on pH changes associated to bacterial metabolism.224 Nevertheless, its low solubility and 

the instability of pristine polyaniline in aqueous solutions make again very difficult to implement 

it for in-situ sensing. Furthermore, and as commented previously, pH metabolic indicators are 

susceptible to change in response to environmental conditions, being thus highly prone to false 

positives.  

Other conducting electrochromic polymer, such as the poly(3,4-propylenedioxythiophen-

alt-3,4-ethylenedioxythiophene) (PPE), have been also used due to their capacity to react with 

reducing species released by metabolically active bacteria.197 However, the implementation of 

conducting polymers in hospitals settings still requires extensive studies on their long-term 

toxicity.225–227 In addition, conducting polymers already present important issues related to their 

electronic properties, stability and processability.228 
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A different approach is the use of iron derivatives as chromogenic electron acceptors of 

bacterial metabolism. Ferricyanide is among the most common iron-based metabolic indicator, 

reporting on both Gram-positive and Gram-negative bacteria.229–232 Main advantages of 

ferricyanide are its high solubility, low toxicity and low cost. However, the metabolic reduction of 

ferricyanide involved a very weak color change from pale yellow to colorless ferrocyanide, which 

is hard to see with the naked eye. Alternatively, ferric hexacyanoferrate, also known as Prussian 

blue (PB), is a derivate from the previous molecule that keeps the good performing characteristics 

of ferricyanide (i.e. low toxicity, low redox potential able to interact with ETC proteins, etc.) but 

improve the chromatic change. In fact, PB presents an intense blue color, with an extinction molar 

coefficient almost 30 times higher than ferricyanide, becoming uncolored after bacterial reduction 

to Prussian white (PW).233–235 Due to its intense color change and biocompatibility, PB has been 

already employed as a redox mediator in the development of sensors and biosensors.236–238 

Since electrochromic metabolic indicators react with proteins/mediators present in the ETC 

of many bacterial species, they can be used to detect a wide variety of Gram-positive and Gram-

negative bacteria. It is important to remark that this redox reaction between the electrochromic 

molecule and the proteins/mediators in the ETC only occurs only when bacteria are metabolizing 

and thus, when they are alive and viable. For this reason, electrochromic metabolic indicators are 

used in bacterial viability test, antibiotic susceptibility test and in the identification of resistant 

bacteria.3,239–241  

As in the case of ATP, electrochromic metabolic indicators may be also used to identify 

contaminated surfaces with the limitation of requiring dispensing the precursor solution on the 

potentially contaminated surface. The presence of living bacteria results in the reduction of the 

electrochromic molecule and its color change. Contaminated surfaces may be thus identified using 

a simple and fast protocol, with the main limitation of requiring dedicated personnel to analyze 

the huge number of potentially risky surfaces. This is virtually impossible in large facilities such as 

hospitals or schools. In fact, different studies found pathogenic bacteria in hospital fabrics and in 

water systems,8,242 but, in practice, there is no way of knowing if a textile in use is contaminated 

or not. 
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The implementation of such molecules directly on the textile may result in smart materials 

able to report in situ the presence of living organisms. Such strategy has been already proposed 

and explored, generating a number of smart materials that will be discussed below. 

1.4 Smart Materials  

 By definition, a smart material is a material designed to change one or more properties in 

response to external stimuli, e.g. the presence of bacteria. What makes these materials so 

attractive is that the change takes place in situ, and without the need for employing additional 

reagents or experienced personnel. This phenomenon, generally reversible, confers them 

actuation and/or sensing capacity,243 which widely useful in several applications such as smart 

windows, smart textiles or biosensing. Smart materials generally combine two or more materials, 

commonly (i) a support material providing structural integrity and robustness, and (ii) one or more 

dopants responsible for the smart material activity (i.e. responsibility to stimuli). Support materials 

such as polymers,244 gels,245 paper,246 glass247 or fabrics248 have been already produced, which are 

normally combined with dopants of different natures including molecular switches,249 magnetic 

particles,250 pH indicators,251 or electrochromic metabolic indicators, among others.  

Smart materials are generally classified according to their activity. One of the most common 

classifications divides them into:  

 Passive smart materials, when the material can transfer energy but without 

responding to it, e.g. optical fibers that transfer electromagnetic waves. 

 Active smart materials, when it responds to stimuli by one of the following 

mechanisms:252,253  

(i) modifying their geometry or properties after application of electric, thermal or 

magnetic fields, for example photochromic glasses that change of color by the 

presence of sunlight;  

(ii) changing energy from one form to another, like the solar cells that convert solar 

energy into electricity. 
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Another classification considers the response of the smart material to the applied stimuli.  

They are categorized into:  

- Thermo-responsive materials or shape memory alloys, smart materials that can reach 

different shapes and return to the original one by varying the temperature or stress.254 

Applications of these materials are found in many varied areas, like textile industry, automotive 

applications, biomedicine, aerospace engineering, etc.255,256  

- Piezoelectric materials, which are able to produce electrical signals when a mechanical 

pressure is applied on them and vice versa. These materials can be used in optical-tracking devices, 

magnetic heads, computer keyboards, sensors and energy harvesting devices, among others.254,257 

- Magneto restrictive materials, which also respond to mechanical pressure but with 

magnetic fields rather than electric ones. Some applications of these materials are motors, 

hydraulic actuators and small-frequency high-power sonar transducers.258 

- pH-sensitive materials, which change of color with the pH. There is a wide range of 

applications for these materials such as sensors,259 smart packaging of food,260 smart insulin 

delivery,261 and others. 

- Chromogenic systems, which experience a color change in response to electrical, optical or 

thermal changes. These include: (i) thermochromic materials that change of color with the 

temperature; (ii) electrochromic materials that respond to an applied potential; and (iii) 

photochromic materials, when the change of color is produced in response to the exposure to 

light at a specific wavelength. Many applications are based on these materials in a wide range of 

fields, such as automotive or information displays, architectural market, smart textiles or 

biosensors, among many others.262–264 

Based on that classification, smart materials with capacity to respond to the presence of 

microorganism will be discussed in the next section, and concretely those based on fabrics and 

water filters.  
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1.4.1 Smart Materials for Bacterial Detection 

A wide range of smart materials have been used in different fields of application for bacterial 

detection, such as smart colorimetric biosensors,265 smart graphene biosensing systems,266 

piezoelectric polymers267 or smart microfluidics devices for contaminated food detection,268 

among many others. This section will be focused on the studies developed in smart textiles, wound 

dressings (in the form of hydrogels or cellulose-based materials) and membranes for bacterial 

detection. 

Smart textiles and wound dressings with capacity to report on bacterial colonization have 

been explored and already reported. Main strategies in the development of smart bacterial-

sensing textiles consist of the coating of the textile with organic constructs (e.g., phospholipid 

vesicles), hydrogels or pH-sensitive compounds (e.g. polymers or organic dyes), which storing 

colorimetric and/or fluorescent substances inside. The presence of bacteria results in the breakage 

of the organic construct, which releases the colorimetric/fluorescent indicator producing the 

subsequent color change of the textile. As an example, phospholipid vesicles (liposomes) strategy 

has been used for wound dressings fabrication.269 Vesicles were stabilized with a synthetic 

polymerizable lipid by lateral cross-linking within the lipid bilayer. The released 

colorimetric/fluorescent indicator was produced after a toxin-mediated breakdown of the vesicle 

secreted by bacteria, which conferred the textile with selectivity against some specific virulent 

bacterial strains. In this sense, the liposome composition could be tuned by altering the lipid and 

fatty acid composition of the membranes, to make the vesicle selective to specific toxins/enzymes 

produced by some pathogens. Different types of vesicles were tested and most of them shown 

changes in color and fluorescence signals after 6 h of incubation. The same strategy was used in 

the development of a smart hydrogel wound dressing prototype, designed by the same authors.270 

In this case, the dressing was made of hydrated agarose film and the fluorescent dye within the 

vesicles were mixed with agarose and dispersed into the hydrogel matrix. Fluorescent and color 

detections were achieved in 4 h for some pathogenic strains. The sensitivity was dependent on 

the facility of the strain to grown in biofilm form. However, strategies based on the use of vesicles 
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are prone to false positives since changes on environmental conditions may produce the 

breakdown of liposomes inducing the release of the indicator. 

Analogously, hydrogel film coatings (e.g. chitosan) with chromogenic or fluorogenic reporter 

moieties have been used by exploiting the activity of characteristic alpha-glucosidase or elastase 

enzymes to metabolize these gels.271 The fluorogenic and chromogenic substrates were covalently 

conjugated to a matrix of chitosan-derived hydrogel. In the presence of these bacterial enzymes, 

the substrates were cleaved and the existence of bacteria was revealed by colorimetric and 

fluorescence responses. Presence of both, Gram-positive and Gram-negative bacteria was 

detected in 1 h and the limits of detection of the enzymes were of the order of 10-9 M. 

Nevertheless, enzymes have poor stability and the reproducibility of the results is difficult to 

achieve. 

Recently, the organic molecule tricyanofuran hydrazine (TCFH) chromophore has been 

incorporated into cotton fabrics for smart textile production sensitive to pH and temperature 

changes.272 Changes in pH and temperature produced a switching in the TCFH molecule. TCFH was 

cross-linked in situ with calcium alginate (to avoid steric hindrance of its molecular switching) 

forming a thin layer on the cotton textiles by dip-coating method. Resulting textiles showed color 

changes from red to yellow after 24 h of incubation with Gram-positive bacteria and from red to 

purple after 6 h of incubation with Gram-negative bacteria. Bacterial concentration used for the 

experiments was not reported and textiles showed no cytotoxicity. Analogously, the same authors 

used anthocyanin chromic dye (sensible to pH variations) for its immobilization into cotton fabrics 

using potassium alum as mordant.273 After 12 h of incubation with Gram-negative bacteria, textile 

shown color changes from blue to purple. Similarly, textile color changes from purple to green 

were obtained for 18 h with Gram-positive bacteria. 

In the same context, a smart bandage sensitive to pH for optical determination of wound 

status has been developed.274 The bandage was fabricated by immobilizing cellulose particles 

covalently modified with a pH indicator dye into a biocompatible hydrogel. Thin layers of the 

obtained hydrogel were casted into commercial wound dressings and the pH variations were 

monitored with a novel radio-frequency identification-based-contact-less readout platform via a 
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low cost optoelectronic interface. Resulting smart bandage presented color changes well 

correlated with pH variation. Similarly, a smart self-assembled multilayer film was fabricated as pH 

and temperature sensor for wound dressings.275 The film was developed by formation of hydrogen 

bonds and hydrophobic interactions between hydroxypropyl methylcellulose (HPMC) and 

epigallocatechin-3-gallate (EGCG). The release of EGCG from the resulting complex was produced 

in basic pH, accompanied by a color change and H2O2 generation, which allowed both, detecting 

and killing bacteria respectively. However, as in the strategies based on the use of vesicles, 

changes in pH conditions can be produced by environmental conditions, resulting in false positives. 

Furthermore, in most of cases, these sensing compounds are also susceptible to temperature 

changes, which decrease even more the selectivity of the method to the presence of live bacteria.   

In a different approach, Eu3+-induced polyelectrolyte nano-aggregates (EIPAs), a light-

emitting nanomaterial, have been incorporated into cotton fabrics for the detection of bacteria.276 

EIPAs were chemically bonded into cotton textiles through pentaerythritol crosslinking agent by 

grafting process. Obtained smart fabrics showed durable and bright fluorescence, and toxicity 

assays were negative towards mammalian cells. Besides, after 24 h of incubation, they exhibited 

antibacterial activity against Gram-positive bacteria and sensing properties with Gram-negative 

bacteria via fluorescence quenching. The same compound was used in the production of a smart 

wearable fabric material with sensing and antimicrobial properties.277 In this sense, sodium 

alginate was used as substrate for layer-by-layer assembly of Eu and Ag-NPs, endowing the textile 

with antibacterial activity. The sodium alginate improved the biocompatibility of the complex, 

which was combined with pentaerythritol and embedded into cotton fabrics by grafting. Resulting 

textiles showed sensing properties against Gram-positive bacteria, Gram-negative bacteria and 

transition metals through a dynamic fluorescence quenching mechanism, in addition to good 

antibacterial properties. Thus, the use of Eu provides a new and potentially attractive strategy to 

fabricate smart sensing and antibacterial textiles. However, this approach also presents some 

drawbacks. First, Eu has to be coordinated with organic ligands since the emission from an isolated 

Eu ion is weak because of its tight absorption on UV light. It also shows slight cytotoxicity,278 so the 

release of such ions from the textiles may difficult their real application. Furthermore, color 
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changes are related to the presence of bacteria and transition metals, making it susceptible to 

false positives in the case of real samples. 

 Recently, another approach has been published, which developed on cellulose derivative 

membranes. The method consisted of a multi-layer wound dressing made of polyvinyl alcohol 

(PVA) foam and electrospun sodium carboxymethylcellulose (CMC) surface mesh with bacterial 

sensing and antibacterial properties.279 Antibacterial function was endowed by adding stearyl 

trimethyl ammonium chloride (STAC) into the PVA foam. The sensing capacity was produced with 

a laser photodynamic response of methylene blue (MB), which also enhance the antibacterial 

activity of the dressing. MB is an organic antimicrobial cationic dye, which lose its blue color when 

in contact with bacteria due to the absence of oxygen by bacterial metabolism. Obtained wound 

dressings showed good antibacterial and sensing capacities against Gram-positive and Gram-

negative bacteria. Color changes were observed after 6 h of incubation with both bacteria for 

samples without antibacterial agent (optical density = 0.8). When this was present, samples took 

more than 48 hours to change their color. Compared to the previous approaches, this method 

offers an antibacterial and sensing system for itself, with no need of adding external reagents or 

hydrogels. However, MB dye has harmful impact on water quality. In fact, several methods are 

being developed for its removal,280 what difficulty its implantation in water treatment membranes. 

As a conclusion, interesting smart materials have been developed with 

antimicrobial/antifouling, bacterial sensing or combining both antibacterial and bacterial sensing 

capacities, but still presenting important limitation in terms of scalability (capacity to produce 

them with mass production technologies) and stability of the biocide/sensing molecules. New 

approaches are thus necessary to tackle this important societal challenge in the near future.   
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The main objective of this PhD thesis is the development of smart materials based on the 

use of electrochromic metabolic indicators for the control and prevention of bacterial infections. 

To achieve this objective, two smart materials, i.e., textiles and water filters, will be studied and 

endowed with bacterial-sensing and antibacterial properties through the incorporation of Prussian 

blue nanoparticles and bactericidal agents, respectively. In this context, the following specific 

objectives have been envisioned: 

 To determine the most suitable sensing probe to be implemented in smart materials, 

which has to be sensitive only to live bacteria, to produce clear color change 

detectable with the bare eye, to be biocompatible, to present stability and durability 

in the material and to be easy to implement by mass-production technologies. 

 To study and characterize the electrochromogenic properties of the two forms of 

Prussian blue, namely soluble and insoluble and their response to bacterial 

metabolism in both, suspension and after electrodepostion into ITO-PET transparent 

electrodes. 

 To achieve homogeneous and stable coatings of Prussian blue into polyester-cotton 

textiles and study their bacterial-sensing capacity against both, Gram-negative and 

Gram-positive bacteria. 

 To develop smart textile by the implementation of the sensing molecule into 

antibacterial fabrics for the determination of the self-life of the bactericide textile. 

 To improve the sensitivity and time of response of the smart textiles by testing 

different modification methods, such as cyanotype process. 

 To develop smart membrane filters able to detect the presence of live bacteria in 

water by a simple color change produced on the filter surface. 

 To endow the filter samples with antibacterial and sensing capacities for the 

development of smart filters. 
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Materials and 
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3.1 Reagents 

All chemicals used in this thesis are listed below. All of them were used as received unless it 

stated. All aqueous solutions were always prepared using deionized water (water conductivity = 

17 MΩ). 

Potassium ferricyanide (K3[Fe(CN)6]), iron(II) chloride (FeCl2), hydrogen chloride (HCl 37%), 

phosphate buffer saline (PBS), ammonium iron (III) citrate, Mueller-Hinton broth 2 (MH), 2-(N-

morpholino)ethane-sulfonic acid hydrate (MES hydrate), 2-hydroxyethyl cellulose with an average 

molecular mass of 380 kDa, Dulbecco’s Modified Eagle’s Medium (DMEM, supplemented with 10% 

fetal bovine serum, 1% penicillin/ streptomycin solution), cooper (II) acetate, ammonia, 

nitrocellulose membranes - 0.2 µm (Whatman) and mixed cellulose esters membranes (MF-

Millipore) were purchased from Sigma-Aldrich (Spain).  

Iron (III) chloride anhydrous (FeCl3), Zobell Marine Broth and Live/Dead BacLight Bacterial 

Viability Kit (Invitrogen) were obtained from Fischer Scientific (Spain).  

Glucose, sodium borohydride (NaBH4), potassium phosphate dibasic trihydrate 

(K2HPO4·3H2O), potassium dihydrogen phosphate (KH2PO4), hydrogen peroxide (H2O2) and Silver 

nitrate (AgNO3) were from Panreac (Spain).  

Soya Casein Digest Lecithin Polysorbate Broth (SCDLP) medium was obtained from Scharlab 

S.L (Spain).  

Potassium chloride (KCl) and oxalic acid were purchased from Probus.  

3.1.1 Solutions and media preparation 

Phosphate Buffer 0.1 M was prepared by mixing 2.625 g of KH2PO4 and 7.010 g of 

K2HPO4·3H2O in 500 mL of milli-Q water. 

PBS 0.1 M was obtained by dissolving one tablet in 200 mL of deionized water, as specified 

by the supplier. 
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MH medium was prepared according to the supplier: 22 g were diluted in 1 L of deionized 

water. The pH was adjusted to 6.2 with HCl 0.1 M. 

MES 0.1 M was obtained by diluting 1.95 g in 100 mL of deionized water. The pH of the 

solution was adjusted to 6.2 with HCl 0.1 M. 

For Zobell Broth preparation, 37.4 g of the solid broth reagent were diluted in 1 L of 

deionized water, as indicated by the supplier. 

All the media were sterilized in an autoclave from Selecta before use (autoclave conditions: 

121 ⁰C in wet environment for 25 minutes). 

3.2 Synthesis of PB-NPs 

Depending on the counter-ion used for charge compensation, two forms of PB can be 

synthetized: the one called “insoluble” (PBIns), which incorporates iron as counter-ion, and the 

“soluble” (PBSol) containing potassium ions. Both PB forms are composed of insoluble PB particles 

and result in blue-colored suspensions, but they present important structural and functional 

differences, e.g. in the deposition kinetics. That is, while PBSol-NPs present slow deposition kinetics 

by the small size of the particles, PBIns-NPs, containing aggregations of NPs, precipitate quickly.1–3 

PB-NPs were synthetized by a chemical reaction of ferric and hexacyanoferrate ions in 

aqueous solution (i.e. water) until a dark blue colloid is formed.3,4 For PBSol synthesis, equimolar 

solutions (30 mM) of FeCl2 and K3[Fe(CN)6] were used. Concretely, 25 mL of the ferricyanide 

solution were slowly added to 25 mL of the iron dichloride resulting in a dark blue solution 

corresponding to PBSol formation. On the other hand, PBIns was synthesized by mixing 50 mL of 15 

mM K3[Fe(CN)6] with an excess of FeCl2 (30 mL, 0.1 M). In this case, the iron dichloride solution 

which was added dropwise to the ferricyanide producing the formation of the dark blue 

precipitate corresponding to the PBIns. The precipitate was left to deposit and cleaned twice with 

distilled water. Figure 3.1 shows the differences between the deposition kinetics of the soluble 

and insoluble forms after their synthesis, which confirmed the correct synthesis of both PB forms. 



68 
 

As previously demonstrated, light can affect PB-NPs stability,5 hence synthetized NPs were stored 

protected from light until used. 

 

3.3 Coating Technologies 

3.3.1 PB-NPs electrodeposition on ITO-PET electrodes 

Electrochemical studies required the electrodeposition of PB-NPs on the working electrode 

(WE) surface. In this case, a three-electrode spectroelectrochemical cell was used (Figure 3.2), 

where poly(ethylene terephthalate) sheets coated with conductive indium tin oxide (ITO-PET) 

substrates were used as WE, a platinum wire was the counter electrode (CE) and Ag/AgCl (3M KCl) 

was used as the reference electrode (RE). 

Two different PB electrodeposition procedures were performed and compared, namely 

potentiostatic and galvanostatic electrodeposition. Potentiostatic electrodeposition was based on 

previous publications.6,7 Briefly, a solution containing equimolar concentrations of K3[Fe(CN)6] and 

FeCl3 (10 mM) in 1 M HCl was prepared and immediately electrodeposited at a constant potential 

of 0.4 V vs. Ag/AgCl (3M KCl). Electrodeposition times between 20 and 120 seconds were 

evaluated.  

In the galvanostatic electrodeposition, the previous solution was electrodeposited but this 

time at a constant charge of 40 μA cm-2 (24 μA, when considering the active area of the WE, i.e. 

Figure 3.1. Shyntesis of PBSol 
and PBIns.Picture of the two-
synthetized forms of PB: 
soluble and insoluble. 
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0.6 cm2). For comparison with potentiostatic electrodeposition, this charge was applied between 

20 and 120 seconds.  

Between the processes, the solution was agitated under constant stirring to ensure 

homogeneous distribution of the components of the precursor reagent among the solution. Once 

electrodeposited, both potentionstatically and galvanostatically PB-modified ITO-PET electrodes 

were rinsed with deionized water to remove non-electrodeposited molecules and air-dried before 

electrochemical studies. Finally, the electrodeposited PB was transformed into its K+-containing 

PBSol  form7 in order to improve its stability and homogeneity. To this end, PB-ITO-PET electrodes 

were incorporated again in the electrochemical cell together with the platinum wire CE and the 

Ag/AgCl (3M KCl) RE. Ten cyclic voltammetries were then performed in 1 M KCl (pH ≈ 2.5) by 

scanning the potential between 0.7 and -0.4 V (vs. Ag/AgCl RE) at a scan rate of 20 mV s-1 to induce 

its transformation into PBsol. Electrochemical measurements were conducted with the 

electrochemical workstation μ-Autolab Type III and controlled with the software Nova 2.1.4 

(Metrohm Autolab B.V.). 

 

Figure 3.2. Electrochemical set-up used for the PB-NPs electrodeposition on ITO-PET electrodes. 
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3.3.2 Sonochemical coating on polyester-cotton textiles of PB and CuO-NPs 

PB and CuO-NPs were deposited on polyester-cotton textiles using the sonochemical coating 

processes described below. 

For the PB-NPs coating, polyester-cotton fabrics (KLOPMAN, Italy) from industrial 

production of hospital pyjamas were used as model hospital textiles. The sonochemical coating 

process is illustrated in Figure 3.3 and employed an ultrasonic transducer (Ti-horn, 20 kHz, 750 W, 

Sonics and Materials CV334, USA). The power (21.5 W) and intensity (0.43 W/ cm3) were 

determined calorimetrically by measuring the temperature increase in the ultrasonic vessel, as 

reported previously.8 

Polyester-cotton fragments (3 × 3 cm; approx. 0.18 g each) were immersed in the ultrasonic 

pot already containing 50 mL of the PB-NPs aqueous suspension. In the optimization of the 

sonochemical coating process, PB (of both soluble and insoluble forms) at concentrations from 

0.03 to 0.3 mM and sonication times of 5, 15 and 30 min were evaluated at a temperature of 20 

°C keeping the amplitude of the ultrasonic probe at a 35 %. This amplitude was high enough to 

provide textiles with a homogeneous distribution of NPs, resulting in color homogeneity, but 

without compromising the integrity of the textile. Higher amplitudes were observed to produce 

textile damage. 

Figure 3.3. Set-up used for the 
sonochemical coating of the 
polyester-cotton textiles with PB. 
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Besides the PB-NPs coating, some fabric samples were previously sonochemically coated 

with antibacterial CuO-NPs in order to endow the textiles with both bacterial-sensing capacity and 

antimicrobial activity. 

This antibacterial coating was performed in Klopman Int. SRL (Italy) with an industrial 

sonochemical coating machine designed under the EU-funded project PROTECT, using the 

following protocol. A 0.01 M copper acetate water solution was introduced in the ultrasonic 

reactor (0.2 g copper acetate for each 100 mL reaction volume). Polyester-cotton fabric sample 

(50 cm width, 5 meter length) was immersed in that solution and the sonicator was turned on (90 

% amplitude) until the temperature reached 60 ⁰C (5-7 min). Then, ammonia was added dropwise 

until pH 8. The initial color of the solution was blue and it turned to brown after ammonia addition. 

The sonochemical process resulted in homogeneous and highly colored textile samples. 

3.3.3 PB coating on polyester-cotton textiles and filters by cyanotyping process 

In addition to the sonochemical coating process, PB-NPs were also introduced on polyester-

cotton textiles and water-treatment filters using cyanotype-based technology. 

For that purpose, the following solutions were prepared, following the protocol detailed in:9 

i) 25 grams of ferric ammonium citrate diluted in 100 mL of water and ii) 10 grams of potassium 

ferricyanide diluted in 100 mL of water. Equal amounts of each solution were mixed, always in this 

order, and the process was performed in the dark or in very low light to avoid photo-chemical 

reaction. The substrates under study were then immersed in the precursor solution and then left 

to dry in an induction oven (Model FD-53, Binder, DE) at 40 ⁰C for 30 minutes, and in the dark. 

Three types of substrates were employed, namely (i) polyester-cotton fabrics, (ii)  nitrocellulose 

(NC) filters with 0,2 µm pore size and (iii) mixed cellulose ester (MCE) filters with 0,22 µm and 0,45 

µm pore size. After drying, all substrates presented a yellowish coloration by the adsorption of 

iron-based molecules. Samples were then irradiated at a wavelength of 365 nm with an UV light 

supplying a power density 52 mW cm-2 (UV lamp Dymax Model 5000 UV Flood). Several irradiation 

times between 10 and 120 seconds were evaluated to optimize cyanotyping. After irradiation, 

filters were revealed by immersion in an acidified water solution, producing the almost immediate 
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appearance of an intense blue color associated to PB formation. The samples were kept in the 

solution during 10-15 min to remove all the impurities and stored at room temperature.  

A scheme of the cyanotype-based synthesis is illustrated in Figure 3.4, taking the 

modification of the filters as example. Textiles modification protocol was completely analogous to 

it.  

 

3.3.3.1 Optimization of the cyanotype process in NC filters 

Filters of different composition, i.e. MCE and NC, and pore size, i.e. 0.22 and 0.45 µm, were 

coated using the cyanotype process described above. The UV irradiation time was optimized by 

analyzing the range between 10 and 90 s of UV irradiation. Reflectance measurements were 

performed after irradiation and developing, in order to study the homogeneity and color intensity 

of the PB-modified samples. Reflectance measurements were performed with a 

reflection/backscatter probe (QR600-7-SR125BX, Ocean Insights) simultaneously connected to the 

light source (DH-200-BAL, Mikropack GmbH, Ocean Optics, Largo, FL, USA) as well as to an external 

spectrophotometer (WE6500; Ocean Optics, Largo, FL, USA). The following experimental 

conditions were used for the experiment: wavelength range between 420 and 910 nm and 

integration time of 250 ms. The absorbance spectrum was obtained in five different points of the 

modified filters in both surfaces, i.e., the front and the backsides, which enabled to evaluate light 

penetration in the material. 

Figure 3.4. Scheme of the cyanotyping process followed for the modification of the filters with PB-NPs. 
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3.3.4 Intermatrix Synthesis of Ag-NPs on nitrocellulose filters 

As commented in the Introduction chapter, the Intermatrix Synthesis (IMS) allows in-situ 

production and stabilization of metal/metal oxide NPs on polymeric substrates containing 

accessible functional groups. The IMS protocol involves the exchange of the counter ions of the 

accessible functional groups in the substrate by ionic precursors of the NPs of interest, e.g. Ag+ in 

the case of Ag-NPs. Next, the ionic precursors are reduced with a chemical reducing agent, 

resulting in the in situ formation of the NPs in the polymeric substrate.  

In this case, Ag-NPs were produce in situ on NC filters by following the IMS protocol detailed 

in 10,11, aiming to confer them antimicrobial activity. The IMS protocol involved the immersion of 

NC filters (25 mm diameter) with a pore size of 0.2 µm in a precursor solution containing AgNO3 

in a concentration between 0.4 to 100 mM for 30 minutes. Then, 0.05 M NaBH4 solution was added 

to the samples for 15 minutes, reducing Ag ions into metallic Ag and producing the adhesion of 

the Ag-NPs to the NC fibers. Finally, samples were washed with distilled water to remove non-

reacted compound and unattached molecules and left to dry at 37 ⁰C for 18 hours.  

3.4. Bacterial cultures  

Escherichia coli ATCC 25922 (E. coli) and Staphylococcus aureus (ATCC 29213) (S. aureus) 

were used as model Gram-negative and Gram-positive bacteria, respectively. Pseudomonas putida 

CAE 95 % Azti 1942 (P. putida), Alteromonas sp. SED-606 (Alteromonas) and Vibrio SED-513 (Vibrio) 

were also employed in the case of filters for being some of the most common bacterial strains 

present in water samples 12–14.  

E. coli and S. aureus were grown aerobically in a Luria-Bertani (LB) broth overnight (18 h) at 

37 °C under constant shaking (Infors CH-4103 Bottingen). After centrifugation (5804 R Eppendorf 

centrifuge, Germany) at 2700xg for 10 min, the supernatant was removed and the pellet was re-

suspended in different media depending on the experiment, namely: MH medium, 0.1 M MES (pH 

adjusted to 6.2 in both cases with 1 M HCl), phosphate buffer (pH 7.2) or water. 
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Conversely, P. putida, Alteromonas and Vibrio were incubated aerobically in a Zobell Marine 

broth overnight (18 h) at 25 ⁰C under constant shaking. Then, the same process as described above 

was followed, re-suspending the pellet in water. 

The bacterial concentration was initially determined spectroscopically by measuring the 

optical density at 600 nm of the suspension with a Smartspec Plus spectrometer (Bio-rad, 

California, US) and adjusting it between 0.16 − 0.17 A.U., which corresponded to a concentration 

of around 108 CFU mL-1. The real bacterial concentration of the suspension was determined by cell 

culturing in either LB (for E. coli and S. aureus) or Zobell Marine Agar plates (for P. putida, 

Alteromonas and Vibrio), and counting. 

3.5 Electrochromic Properties of PB Materials  

Spectroelectrochemistry was used to study the electrochromic capacity of free PB-NPs in 

suspension and after coating polyester-cotton fabrics and ITO-PET electrodes. In the case of PBSol-

NPs suspensions, the position and intensity of the redox potential peaks, their reversibility and 

stability were evaluated by using the spectroelectrochemical cell showed in Figure 3.5. The cell 

combined an electrochemical cell and a spectroscopic cuvette, which implemented in a single 

structure. The electrochemical cell was composed by a three-electrode configuration, with (i) a 

platinum mesh WE to avoid the physical adsorption of colloidal PB on the electrode surface, (ii) a 

platinum wire CE and (iii) an Ag/AgCl (3M KCl) RE. The spectroscopic cuvette integrated in the 

previous one consisted of a thin layer quartz glass with two different optical paths (BAS Inc). In this 

case, a 0.5 mm optical path cuvette was employed to analyze PBSol samples in suspension. To 

perform the measurements, the cuvette was introduced in a holder from Ocean Optics coupled 

with optical fibers while the electrodes were connected to the potentiostat. Electrochemical 

measures were conducted by applying CVs at 20 mV s-1 from -0.25 to 0.5 V to a PBSol suspension 

of 1 mM in 0.1 KCl and 0.1 M oxalic acid medium. In addition, the reduction of PB to PW was 

obtained by applying -0.5 V for 2 min in the same previous conditions.  
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On the other hand, the sandwich configuration illustrated in Figure 3.6a was employed to 

study the electrochromic behavior of PB-NPs deposited on polyester-cotton fabrics. This 

configuration allowed the study of the electrochemical properties of solid materials without the 

need for using solvents. In the sandwich configuration (Figure 3.6b), platinum electrodes were 

located in front of the PB-coated textiles, with a solid hydrogel electrolyte layer in between, i.e. 2- 

hydroxyethyl cellulose. The working electrode was the Pt mesh used in the previous experiment. 

Cellulose-based electrolytes were prepared by dissolving 2-hydroxyethyl cellulose (380 kDa) in 1 

M KCl to a final concentration of 6.5% (w/v). Reagents were mixed under magnetic stirring, 

increasing the temperature until boiling. The solution was then left to dry at room temperature 

and then implemented in the sandwich. Electrochemical measurements were conducted by CVs 

developed between 0.4 and -0.3 V at different scan rates (1, 5, 10 and 20 mV s-1). Furthermore, 

an electrolysis was conducted on fresh and old prepared samples by applying -0.5 V during 15 min. 

Spectrochemical measures were coordinated by using a trigger and developed at a wavelength 

range between 420 and 910 nm with an integration time of 200 ms.  

 

Figure 3.5. Three-electrode 
spectroelectrochemical cell 
used for the PB-NPs study in 
suspension. 
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In the case of PB-ITO-PET electrodes, spectroscopic and electrochemical analysis were 

conducted sequentially, and not simultaneously as in the previous cases, by using the set-up 

illustrated in Figure 3.7. This set-up was composed by a holder to introduce the spectrochemical 

cuvette coupled with optical fibers, which were connected to the light source and to an external 

spectrophotometer. Spectrochemical measurements were controlled by Ocean View software. 

These measures were combined with the electrochemical ones, conducted with the 

electrochemical workstation μ-Autolab Type III and controlled with the software Nova 2.1.4. 

Electrochemical measurements were performed in the same three-electrode electrochemical cell 

used for the electrodeposition of the ITO-PET electrodes. 

Experimentally, on the already electrodeposited PB-ITO-PET electrodes (see section 3.3.1), 

spectroelectrochemical and electrochemical measurements were conducted at different times (0, 

1, 5, 10 and 24 h) of incubation with E. coli bacterial suspensions of 108 CFU mL-1 to study the 

electrochromic reduction of the electrodeposited PB layer produced by bacteria.  

Spectrochemical measurements were performed first, by introducing the quartz cuvette 

containing the PB-modified electrodes in MH (pH 6.2) medium into an Ocean Optics holder that 

ensured a fixed position for the optical fibers and avoided the interference of the incident light 

during the measurement. Absorbance measurements were then performed in the wavelength 

Figure 3.6. Cell used for the spectroelectrochemical study of the PB-modified textiles. a) Picture of the 
spectroelectrochemical cell. b) Scheme of the assembly of the spectroelectrochemical cell, PB -modified textiles 
and the solid hydrogel electrolyte.  
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range between 420 and 910 nm, with an integration time of 200 ms. As a control, electrodes were 

submerged in MH medium and the absorbance was measured after 24 h of incubation. 

Immediately thereafter, electrodes were introduced in the electrochemical cell containing 

25 mL of MH and measured chronoamperometrically by applying a constant potential of 0.6 V vs. 

Ag/AgCl (3M KCl) for 80 s. ITO-PET electrodes in MH without any treatment were used as controls. 

All the measurements were carried out at room temperature. 

 

3.6 Bacterial Sensing Activity of PB Materials  

The evaluation of the bacterial sensing capacity of the PB-based materials and NPs 

suspensions has been one of the main objectives of the current thesis. For this reason, a number 

of techniques and protocols have been employed, which detailed below. It is important to remark 

that the protocols detailed below were applied to both PB-based materials and materials 

containing PB and antimicrobials NPs. 

Figure 3.7. Experimental set-up used for electrochemical and spectrochemical measurements on PB-ITO-PET 
electrodes. 
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3.6.1 PB-NPs suspensions 

The bacterial-sensing capacity of PB-NP suspensions, either in their soluble or insoluble 

forms was evaluated spectroscopically. Absorbance measurements of PB-NP suspensions were 

performed in 96-well plates using the Thermo Electron Multiskan EX plate reader (VWR 

International, Pennsylvania, US) and Ascent software (VWR International, Pennsylvania, US) for 

data recording. PB and bacterial solutions were freshly prepared every day. Their concentrations 

were adjusted to the magnitudes detailed in each experiment and mixed in MH medium just 

before starting the experiment. Absorbance spectra in the wavelength range between 400 and 

900 nm were acquired every hour for the duration of the experiment, obtaining three replicates 

for each condition. In PB data analysis, the contribution of bacterial scattering was subtracted from 

absorbance spectra to simplify results interpretation. Spectrum lines were additionally smoothed 

by using the Savitzky-Golay algorithm to remove background noise.  

The capacity of PB-ITO-PET electrodes to respond to bacteria was evaluated electrochemical 

and spectroscopically. PB-ITO-PET electrodes were incubated in 108
 CFU mL-1 E. coli suspensions 

in MH medium (pH = 6.2) for either 0, 1, 5, 10 or 24 h at 37 C. After the incubation, the electrodes 

were implemented into the setup presented in Figure 3.7 and the metabolic transformation of PB 

to PW was evaluated chronoamperometrically and by absorbance analysis. 

Chronoamperometrically, a potential of 0.6 V vs. (Ag/AgCl RE) was applied to the PB-ITO-PET 

electrode for 80 seconds, which corresponded to the reduction potential of PW. The current 

generated and the charge, this understood as the area under the current vs. potential curve, was 

determined and used to study bacterial reduction. In parallel, the change in the absorbance 

magnitude at 680-720 nm, which corresponded to the maximum absorption of PB, was 

determined as also used to evaluate bacterial reduction and thus, the capacity of these electrodes 

to sense bacteria. 
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3.6.2 PB-modified textiles 

The bacterial-sensing activity of PB-modified polyester-cotton textiles containing either PB 

alone or PB/antimicrobial-NPs was evaluated by image acquisition after immersion of the samples 

into bacterial suspensions. Samples were always analyzed during the first 15 days of preparation 

to ensure repeatability of the results. In all cases, color changes were monitored in real time with 

a digital microscope camera DigiMicro 2.0 Scale. Images were taken every 10 minutes and 

analyzed using the freeware ImageJ. The three RGB channels were separated choosing the red 

one for quantification since it was the most sensitive. The percentage of color lost was calculated 

by comparison with the initial color of the unmodified sample. 

Textiles samples were analyzed in wet and dry conditions. In the first case, 1 × 1 cm modified 

samples (approx. 0.02 g) were immersed in bacterial suspensions containing 105 to 109 CFU mL−1. 

The effect of different solutions/buffers on the bacterial sensing capacity of the textiles was 

evaluated first. Water, LB, 0.1 M PBS at pH 6.2, 0.1 M PBS at pH 7.2, and 0.1 M MES buffer (pH 

6.2) supplemented with 0.1 % glucose, to ensure bacterial metabolism, were incubated with the 

samples for 4 days and continuously monitored. In a second study, samples containing PB-NPs, 

CuO-NPs or both NPs were incubated with E. coli suspensions containing a concentration of 109, 

108 and 107 CFU mL-1 either in MES medium (pH 6.2) or in phosphate buffer (pH 7.2), both 

supplemented with 0.1 % of glucose. The incubation process lasted 9 days, refreshing the bacterial 

suspension every 72 h of incubation to guarantee the presence of living microorganisms in the 

medium.  

On the other hand, cyanotype-based modified textiles were also analyzed in dry conditions 

by incorporating 1 x 1 cm samples in plate dishes containing LB medium with agar. Different E. coli 

suspensions were prepared (from 102 to 108 CFU mL-1) in MH medium at pH 6.2 and 100 µL 

aliquots were added to different areas of the textile samples. As control, MH medium with no 

bacteria was also tested. The experiment was performed into an oven (Conterm, P. Selecta) at a 

constant temperature of 37 C.  
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3.6.3 PB-modified filters 

The bacterial-sensing activity of the PB-modified filters with and without antibacterial Ag-

NPs was evaluated by measuring the color change of the filters at different experimental 

conditions, i.e. UV irradiation times between 30 and 120 s, the filters material and the pore size. 

For that purpose, 10 mL of E. coli suspensions containing 107 CFU mL-1 in MH medium (pH 6.2) 

were passed through modified filters, either NC (pore size = 0.2 µm) or MCE ones (pore size = 0.22 

or 0.45 µm), using a holder that allowed the filtration of the samples. After filtration, the activity 

of the bacteria retained on the filters was evaluated by immersing them into 2 mL of MH broth 

medium. During the incubation, the color change was monitored for 50 h using a micro camera. 

Modified filters without bacteria were used as control. The experiment was repeated three times 

to study the repeatability of the assay. Once the optimal conditions were selected, the color 

change of the filters was tested with different concentrations of bacteria in the range between 102 

- 107 CFU mL-1 in MH (pH 6.2) by following the previous protocol.  

3.7 Confocal microscopy 

Confocal images of the smart textiles and filters were used to evaluate the number of live 

and dead bacteria attached to the sample, and thus their contact killing capacity. To this end, 

smart samples were incubated with E. coli suspensions containing 109 CFU mL-1 at 37 C for 72 

hours. After that, the samples were rinsed with distilled water and stained with the Live/Dead 

BacLight Bacterial Viability Kit (Invitrogen), as detailed by the supplier. Concretely, 1.5 µL of 3.34 

mM SYTO9 and 1.5 µL of 20 mM propidium iodide were diluted with water up to a final volume of 

1 mL. After that, 100 µL of the previous Live/Dead staining solution was dispensed on the textile 

surface and incubated for 30 min. After washing the excess of stain with PBS, confocal images of 

the smart textiles were taken with a confocal microscope (Leica TCS SP5) at an excitation 

wavelength of 470 nm. Three-dimensional reconstruction was performed with the Image J 

software, where live bacteria (stained with SYTO9) appeared in green (emission wavelength = 630 

nm) and dead bacteria (stained with propidium iodide) emitted in the red region of the visible 
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spectra (emission wavelength = 530 nm). The percentage of live bacteria was obtained as the 

average of five different areas of identical surface. 

3.8 Bactericide NPs Release Evaluation 

The stability of the bactericide NPs on the smart materials (i.e. CuO-NPs polyester-cotton 

fabrics and Ag-NPs on NC filters) was studied by Inductively-Coupled Plasma – Optical Emission 

Spectrometry (ICP-OES) with an optical emission spectrometer (Perkin-Elmer, optima 4300DV) 

and a microwave digestion station (Milestone, Ultrawave). Colony counting assays were also 

conducted through the protocol detailed in Figure 3.8 to complement the previous ICP-OES assays. 

In the case of CuO-modified textiles, samples were submerged in MES medium for 24 h and 

an aliquot (1 mL) was analysed by ICS-OES to determine Cu2+ concentration in Cu2+ mg per mL of 

MES. Simultaneously, a second aliquot of 1.5 mL of the medium was incubated with a bacterial 

suspension initially containing 108 CFU mL-1 E. coli for 24 h at 37 C. After incubation, the final 

bacterial concentration was determined by plating in agar dishes and colony counting. Textiles 

without antibacterial treatment were used as control samples.  

 

Figure 3.8. CuO-NPs release 
study. Scheme of the process 
followed to study the CuO-NPs 
release to the medium 
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In the case of the NC filters, the ICP-OES, 10 mL of E. coli suspensions containing between 

104 and 108 CFU mL-1 bacteria in water were filtered using the different samples: NC filters 

modified with only PB-NPs, with only Ag-NPs and containing both PB and Ag-NPs. Each filter was 

cut in four parts and incubated in 2 mL of MH medium. Filter samples without bacteria were used 

as control. The ICP-OES analyses of the medium were performed in duplicate after different 

incubation times, namely 2, 7, 10 and 28 h.  

3.9 Structural and Compositional Studies 

This section details the techniques and protocols employed to study the structure and composition 

changes of the PB-electrodes and the smart materials.  

3.9.1 SEM and EDX measurements 

The surfaces topology of PB-electrodeposited layer and the smart textiles were studied by 

Field Emission Scanning Electron Microscopy (FE-SEM) using an AURIGA® series en04 SEM 

(CarlZeiss) coupled to Oxford Inca Energy Dispersive X-Ray Analysis (EDX).  

The smart filters were metalized with Au-NPs previously to their study in the FE-SEM (Carl 

ZEISS Merlin).  

3.9.2 AFM measurements 

The layer thickness of the PB-modified electrodes was analyzed by atomic force microscopy 

(AFM) using a Nanoscope IV Dimension 3100 (Veeco Instruments). Measurements were 

performed in tapping mode by using a probe (OTESPA-R3) from Bruker.  

3.9.3 XAS analysis 

X-ray absorption (XAS) spectra at Fe K-edge were measured for the characterization of the 

smart textiles modified with either PB and/or CuO NPs, employing the CLAESS beamline at the 

ALBA synchrotron using a Si (311) double crystal monochromator 16. The harmonic rejection was 
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achieved by a proper combination of angle and coating of collimating and focusing mirrors. The 

beam size at the sample position was adjusted to 300 x 300 m2. The beamline was calibrated 

using a Fe foil measured in transmission mode and the energy of the first maximum in the 

derivative spectrum was taken at 7112 eV. The incident and transmitted intensity were detected 

by two ionization chambers filled with a mixture of He/N2/Kr. The samples were placed at 45 

degrees to the incident beam and measured at room temperature in fluorescence mode. The 

fluorescence signal (Fe K) was detected by a six-channel silicon-drift detector. Data analysis was 

performed using ATHENA and ARTEMIS software 17.  

3.10 Cytotoxicity Tests 

PB-NPs cytotoxicity was determined in the human fibroblast cell line MRC-5 (ATCC Line Bank, 

Virginia, USA) by using the colorimetric MTT (3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium 

bromide) assay. The protocol was based on a previous publication 18. Concretely, MRC-5 cells were 

cultured in complete Dulbecco’s Modified Eagle’s Medium (DMEM, supplemented with 10% foetal 

bovine serum, 1% penicillin/ streptomycin solution). When confluent, cells were exposed to 

different concentrations of PBSol and PBIns. After 24 h of incubation, wells were washed with PBS, 

and the MTT solution (5 mg mL-1) was added and incubated for 1 h (37 °C, 5% CO2). After washing 

with PBS, the purple formazan generated by MTT metabolism of viable cells was solubilized with 

DMSO. The optical density of each well was determined at 570 nm in a spectrophotometer reader 

(BioTek® Synergy HT, Vermont, USA). Cell viability was expressed as percentage in relation to non-

treated cells. 
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4.1 

Soluble and Insoluble PB-NPs for Electrochromogenic 
Bacterial-Sensing 

 

Abstract 

Among the techniques developed for bacterial 

detection, those based on metabolic indicators are 

progressively gaining interest due to their 

simplicity, adaptability, and, most importantly, 

their capacity to differentiate between live and 

dead bacteria. PB may act as a metabolic indicator, 

being reduced by bacterial metabolism, producing a visible color change from blue to colorless. 

This molecule can be present in two main forms, namely, the soluble and the insoluble, having 

different properties and structures. In the current chapter, the bacterial-sensing capacity of 

soluble and insoluble PB will be tested and compared both in suspensions as PB-NPs and after 

deposition on transparent ITO-PET electrodes. In the presence of live bacteria, both soluble and 

insoluble PB forms are metabolized and completely reduced to the PW state in less than 10 h. 

However, when electrodeposited on ITO-PET electrodes, bacterial reduction of PB is detected in 

less than 1 h, being the soluble PB form the one presenting the fastest metabolic reduction 

kinetics. This study paves the way to the use of PB as a metabolic indicator for the early detection 

of bacterial infection in fields like microbial diagnostics, surface sterilization, food and beverage 

contamination, and environmental pollution, among others. 
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4.1.1 Selection of the Sensing Probe Based on the Knowhow of the Group  

To develop smart materials for bacteria detection, different issues should be taken into 

account. First, the detection should be performed in situ, by the own material, without the need 

for sample collection and transport to central laboratories. Related to the former, the material 

should detect bacteria directly and without the need for employing reagents or products that 

require manipulation or human intervention. This is fundamental in the case of large 

infrastructures, e.g. hospitals, since the control of the high number of surfaces present there may 

be virtually impossible.  

Second, the material should be sensitive only to live bacteria. Bacteria, due to their high 

colonization capacity and ability to attach and form complex biological structures such as biofilms, 

are expected to be almost everywhere. In the case of antimicrobial materials, bacterial presence 

may be even higher since bacteria in contact with them die and remained attached to their 

surfaces, acting as a pre-layer that may benefit the attachment of new bacteria. However, dead 

bacteria are not infective and their detection may result in false positive results. For this reason, 

all sensing strategies sensitive to bacterial antigens, enzymes and DNA are discarded since they 

are sensitive to both, live and dead bacteria.  

Considering the previous requirements, the sensing methodology used along this thesis will 

be focused on the use of metabolic indicators directly implemented in the material surface, which 

directly respond to live bacteria though a color change, without requiring any additional reagent 

or manipulation. From the myriad of metabolic indicators, those based on electrochromic 

molecules are selected here for being the only ones directly interacting with proteins/mediators 

of the ETC. Since these proteins/mediators involved in catabolic processes are quite conservative 

and present similar redox potentials, metabolic indicators of bacterial metabolism may be 

considered a general sensing mechanism able to report on the presence of many living Gram-

positive or Gram-negative bacteria. Additionally, electrochromic molecules present other 

properties that make them very attractive in the production of smart materials, such as (i) being 

able to report on the presence of live bacteria though a simple and intense color change 

detectable even with the bare eye; (ii) being stable and low cost; (iii) presenting low toxicity; and 
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(iv) being susceptible of implementation into the end products through simple and scalable 

coating technologies. 

Keeping this in mind, several studies have been conducted in our research group related to 

the use of electrochromic molecules as metabolic indicators. The first one was developed in the 

framework of Ferran Pujol’s thesis. In this sense, fast and sensitive chromic toxicity bioassays 

based on the metabolic reduction of ferricyanide when in contact with E. coli were developed 

either, in solution1 and after ferricyanide entrapment on cellulose-paper discs.2 In both cases, a 

color change from yellow to colorless was produced. However, this molecule was discarded in this 

thesis since ferricyanide color changes are not intense enough to be easily detected with the bare 

eye. Moreover, the implementation of small ferricyanide particles on polymeric substrates, 

electrodes or textiles is not simple, and would make the smart textile development very complex. 

As a step forward, an electrochromic iron (III)-complexed alginate hydrogel sensitive to 

bacterial metabolism was developed in a collaboration between Ferran Pujol and Jiri Dietvorst.3 In 

this case, bacteria were entrapped into the hydrogel matrix, producing the oxidation of Fe (II) ions 

to Fe (III) and forming the hydrogel in situ. Then, the mixture was incubated with an antibiotic and 

after some time, ferricyanide was added. Remaining living bacteria could reduce ferricyanide to 

ferrocyanide, which reacted to the Fe (III) ions present in the hydrogel producing PB. With this 

approach, the color change was produced from yellow to blue, which was much more notable 

than in the previous case. 

Improving previous protocol, a new bacterial detection methodology based on the 

cyanotype method was developed in the framework of Jiri’s thesis. The detection of low 

concentrations of bacteria was achieved with a photocatalytic-based reaction in which iron-based 

compounds were metabolically reduced in the presence of light, resulting in the formation of PB 

and a strongly blue colored precipitate.4 Metabolic activity of live bacteria was detected in 3 h of 

reaction with a sensitivity close to single bacterium. This fundament was applied for developing a 

sepsis kit for fast detection of bacteria in whole blood.5 Thus, viable bacteria was entrapped on 

filter fibers and incubated with iron compounds with constant illumination. Then, living bacteria 

reduced part of the Fe (III), producing a blue color on the filters surface due to PB formation. 
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However, the illumination of the sample required during the process, as well as the manipulation 

of reagents to complete the assay or the high solubility of ferricyanide, are drawbacks that difficult 

the implementation of these approaches in textiles or filters for the in situ detection of bacterial 

infections.  

Considering these previous results, alternative sensing molecules should be considered as 

metabolic indicators to be implemented into textiles and/or filters. For the selection of the most 

suitable electrochromic molecule, ferricyanide, Presto blue, PB and PB precursors (ferricyanide + 

iron chloride) were evaluated and compared for being non-toxic, and presenting low reduction 

potentials that made them susceptible of metabolic reduction. In a preliminary test, E. coli and 

Staphylococcus aureus (S. aureus) were used as model Gram-negative and Gram-positive bacteria, 

respectively, to evaluate the suitability of the selected electrochromic molecules. Metabolic 

indicators were incubated with E. coli concentrations from 10 to 1010 CFU mL-1 at 37 C. Results 

after 24 h of incubation are illustrated in Figure 4.1.1.  

Important color changes were observed by bacterial concentrations above 106 CFU mL-1 in 

all cases, which associated to bacterial metabolism. Below such concentration, Presto blue 

samples remained with the same initial color while some slight reduction of colour intensity was 

Figure 4.1.1. Initial test for selecting the most suitable electrochromic metabolic indicator. ELISA-plate illustrating the 
color change of the three electrochromic molecules ferricyanide, Presto blue and PB 24 h after incubation with E. coli 
bacterial suspensions from 10 to 1010 CFU mL-1. 
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observed in the ferricyanide and PB samples between 103 and 105 CFU mL-1. PB formation from 

the precursor solution was not observed in any case. Similar results were obtained after incubation 

of the electrochromic molecules with S. aureus, demonstrating the potential application of the 

sensing mechanism to these two bacterial families. As commented above, most electrochromic 

metabolic indicators were soluble molecules, not able to be implemented in the textile. Thus, only 

PB was considered in future implementation assays since based on insoluble NPs is easy to 

implement to textiles and filters.  

 4.1.1.1 Prussian blue 

PB is one of the most used and ancient coordination materials known nowadays. It was 

discovered accidentally by Diesbach in 1704, and since then it has been widely used as pigment in 

paints, lacquers, printing inks and laundry dyes due to the high intensity and durability of its color 

6 (Figure 4.1.2).  

PB can be synthesized chemically following two protocols:7 

(i) mixing ferric ions and hexacyanoferrate (II) ions: Fe3+ + [FeII(CN)6]4-; 

(ii) mixing ferrous ions and hexacyanoferrate (III) ions: Fe2+ + [FeIII(CN)6]3-. 

In both cases, an immediate formation of a dark blue colloid is observed. 

Ferric hexacyanoferrate or PB complex has a tridimensional polymeric network structure 

consisting of alternate Fe (II) and Fe (III) located on a face centered lattice in where the Fe (III) ions 

are surrounded octahedrically by nitrogen atoms and Fe (II) ions by carbon atoms.6 The remaining 

Figure 4.1.2. Prussian blue in pigments and paints. a) Picture showing the intense blue color of a PB pigment. b) Paint 
made of PB (Starry Night by Vincent Van Gogh, 1889). 
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charge is compensated by either potassium or ferric ions. When the charge is compensated by 

potassium ions, PB is known as “soluble” (PBSol) and ferric counterions lead to what is called 

“insoluble” PB (PBIns). Nevertheless, both compounds are highly insoluble in water and, in fact, 

these terms refer to how fast PB-NPs are deposited. That is, for PBSol, the PB-NPs are suspended 

for long times due to their small size, which results in low deposition kinetics. Conversely, PBIns 

contains NP aggregates that tend to precipitate quickly.8,9 Schemes for the two structures are 

shown in Figure 4.1.3.10 Both forms of PB present similar, but not identical, color changes and 

standard redox potentials.  

 

Electrochemical and optical properties of PB have also been widely studied. PB presents a 

deep blue color, connected with an intense charge-transfer absorption band of the compound 

around 700 nm. When the iron atoms present in PB structure are reduced from Fe (III) to Fe (II), 

the formation of PW or also known as Everitt’s salt is produced, which is colorless. On the contrary, 

the oxidation of Fe (II) to Fe (III) in the PB complex produces the formation of Berlin green, with a 

greenish-yellow color and a characteristic absorption band at 420 nm.11–14 

Due to its multiple and varied properties, PB has proven to be suitable for a wide range of 

application fields such as energy, biomedicine, biosensing or smart materials. Some examples 

include the production of alkaline ion (Li+/Na+/K+) batteries,15,16 hydrogen storage,17 drug 

Figure 4.1.3. Structures of the PB forms. a) Structure of PBSol, with the centers of the cubic cells occupied by K+ ions. b) 
Structure of PBIns, where the coordinative sphere of FeIII is completed by water. Colors of the atoms: FeII (green), FeIII 
(red), C (black), N (blue), K (yellow), and H2O (purple). The figure reproduced from ref 10, with permission from the 
Royal Society of Chemistry. 
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delivery,18 biomedical imaging,19 therapeutic hyperthermia,20 self-powered electrochromic 

windows21 or as artificial enzyme peroxidase,22 among many others. 

Therefore, PB has been selected as sensing indicator for the development of this thesis 

because of its ideal properties, namely:  

 A high redox potential, which make it able to interact with proteins and mediators 

from the ETC.23 Preliminary results support this statement.24 

 Simplicity of implementation in textiles and filters, as demonstrated by the fast that it 

has been used as a traditional textile dye.25,26 

 High extinction molar coefficient and evident color change after reduction, which 

visible with naked eye.27,28 

 Low or null toxicity and biocompatibility, as demonstrated by a number of publications 

where it is used as redox mediator in biosensors.6,14,27,29,30 

However, the differences between the soluble and insoluble forms of PB and their influence 

on its capacity as a bacterial electron acceptor have been poorly studied.  

In this chapter, the electrochromic differences of the two PB forms in bacterial detection are 

extensively studied and discussed both in suspension and when immobilized in electrodes for 

optical and/or electrochemical transduction. 

4.1.2 Study of the electrochromic properties of soluble and insoluble PB-NPs 

For a better understanding of the PB bacterial-sensing mechanism, optical and 

electrochemical properties of both PBSol and PBIns were studied. Although both forms of PB were 

insoluble in most solvents, PBSol was partially peptized and solubilized in oxalic acid for its 

analysis.31 To avoid the physical adsorption of colloidal PB on the electrode surface, a platinum 

mesh was used as working electrode (WE). In these experimental conditions, 1 mM PBSol was 
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measured by cyclic voltammetry (CV) at 20 mV s−1 in 0.1 M KCl supplemented with 0.1 M oxalic 

acid, obtaining repeatable and reliable electrochemical recordings (Figure 4.1.4a). 

In the ETC of E. coli, the exchange of electrons is produced between several primary 

dehydrogenases and terminal reductases, which are linked by three quinones: ubiquinone (E° = 

0.1 V vs. NHE), demethyl menaquinone (MQ) (E° = 0.04 V vs. NHE), and MQ (E° = -0.08 V vs. NHE).32 

From Figure 4.1.4a, a standard redox potential of 0.2 V vs. Ag/AgCl (3M KCl) (0.4 V vs. NHE) was 

obtained, which should be appropriated to oxidize the proteins and mediators involved in the ETC. 

Even cytochrome d, the most positive component of E. coli ECT with a midpoint potential of 0.27 

V vs. NHE,33 should be oxidized by PB-NPs.  

To simulate the metabolic reduction of colloidal PB-NPs by bacterial metabolism, a potential 

of -0.5 V (vs. Ag/AgCl (3 M KCl)) was applied to the NP suspension for 2 min. As shown in Figure 

4.1.4b, a lighter color of the suspension was obtained, associated with the PB reduction, where 

the typical colloidal nature of the PBSol suspension could also be appreciated with the bare eye. 

On the other hand, PBIns could not be peptized/solubilized with oxalic acid and presented 

fast sedimentation kinetics that impeded its characterization directly in suspension. For this 

reason, PBIns was electrodeposited on conductive and transparent ITO-PET electrodes for 

electrochemical and optical analysis. Two PBIns electrodeposition procedures were performed and 

Figure 4.1.4. Electrochemical and optical characterization of PBSol in suspension. a) CV of an aqueous suspension of 1 
mM PBSol in a 0.1 M KCl and 0.1 M oxalic acid medium at 20 mV s−1. b) Suspension color change obtained after applying 
-0.5 V for 2 min in the same previous conditions. 
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compared, namely, potentiostatic (constant potential) and galvanostatic (constant charge). 

Electrodeposition results are presented in Figure 4.1.5, including (i) images of the electrodeposited 

electrodes at different electrodeposition times, (ii) scanning electron microscopy (SEM) images of 

electrodes electrodeposited for 80 s, and (iii) CVs obtained from all electrodeposited electrodes.  

The thickness of the electrodeposited layers performed at each electrodeposition time was 

determined by atomic force microscopy (AFM) and the images are presented in Figure 4.1.6 for 

the potentiostatic electrodeposition and in Figure 4.1.7 for the galvanostatic electrodeposition. 

Figure 4.1.5. Comparative scheme for PBIns electrodeposition on ITO-PET electrodes by potentiostatic and galvanostatic 
techniques. Different parameters are shown, such as (i) images of the PB-electrodeposited electrodes at different 
deposition times, (ii) SEM images of PB electrodeposited for 80 s, and (iii) CVs recorded from PB-deposited electrodes. 
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Figure 4.1.6. AFM images of potentiostatic PB layers. AFM images of PB electrodeposited on ITO-PET electrodes by 
potentiostatic technique at different electrodeposition times (from 20 to 240 s). 

Figure 4.1.7. AFM images of galvanostatic PB layers. AFM images of PB electrodeposited on ITO-PET electrodes by 
galvanostatic technique at different electrodeposition times (from 20 to 240 s). 
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With both electrodeposition strategies, longer electrodeposition times produced thicker PB 

films with deeper color intensities and larger current magnitudes in the CVs. Conversely, peak 

separation also increased with the electrodeposition time by a reduction of charge transfer 

capacity when increasing the thickness of the electrodeposited layer. The relationship between 

the PB-layer thickness and the electrodeposition time is represented in Figure 4.1.8. In both cases, 

an E° of 0.12 V vs. Ag/AgCl (3M KCl) (0.32 vs. NHE) was obtained. This redox potential value was 

slightly smaller than the one obtained by the soluble form in suspension, but sufficiently high to 

react with most of the redox components of the bacterial ETC. Comparing both techniques, 

potentiostatic electrodeposition provided higher peak and color intensities, which were 

associated with the formation of larger particles and a thicker PB layer, as observed by SEM (Figure 

4.1.5) and AFM (Figure 4.1.6 and Figure 4.1.7).  

Considering previous results, 80 s of potentiostatic electrodeposition, which corresponded 

to a PB layer of around 200 nm (Figure 4.1.8), was chosen as the optimal condition for 

spectroelectrochemical studies. 

 

 

 

Figure 4.1.8. PB-layer thickness for potentiostatic and galvanostatic electrodeposition techniques. PB-layer thickness 
measured on all of the modified electrodes by the AFM technique vs. the deposition time (n = 5). 
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In spectroelectrochemical assays, the electrodeposited electrodes were submerged in the 

cell containing 1 M KCl, and 10 CVs were registered between 0.7 and -0.4 V (vs. Ag/ AgCl (3M KCl)) 

at 20 mV s−1. Along the cycles, small differences were observed between the first scan and the 

other nine. Regarding the standard redox potential value, it was a clear shift of approximately 20 

mV (Figure 4.1.9a). The spectroscopic change was more evident, where the PB band initially at 720 

nm was shifted to 710 nm, showing a decrease in the absorbance peak value after the 

development of 10 cycles (Figure 4.1.9b).34 The shift in the peak potential and absorbance 

magnitude suggested structural changes in PB along with the reduction to PW and subsequent re-

oxidation. The following mechanism was proposed based on previous studies,35–38  which is 

illustrated in equations (4.1.1) and (4.1.2): 

 

 

 

Fe4
III[FeII(CN)6]3 + 4K+ + 4e− ⇄  K4Fe4

II[FeII(CN)6]3 
                              PBIns                                                     PW 

(4.1.1) 

  
KFeIII[FeII(CN)6] +  K+ +  e− ⇄   K2FeII[FeII(CN)6] 

                    PBSol                                                     PW 
(4.1.2) 

Figure 4.1.9. Spectroelectrochemical differences between PBSol and PBIns. a) Development of 10 CVs from 0.7 to -0.4 V 

vs Ag/AgCl (3M KCl) at 20 mV s−1 to the electrodeposited PB films. The first scan corresponds to PBIns (green), while 

the rest correspond to the progressive formation of PBSol (dark blue). b) Absorbance spectrum obtained from freshly 
electrodeposited PB (PBIns, in green) and after applying 10 CVs (PBSol, in blue). 
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PBIns was first electrodeposited on the ITO-PET electrodes. When potential cycles were 

applied in K+-rich media, potassium cations occupied the PB cavities during PW oxidation, turning 

the initial PBIns into PBSol in the following cycles. Furthermore, the decrease in the value of the peak 

current among cycles, as shown in Figure 4.1.9a, confirmed the loss of iron atoms in the PB 

structure when PBIns was converted into PBSol. Although indistinguishable by the bare eye, both 

soluble and insoluble forms of electrodeposited PB presented slightly different optical and 

electrochemical properties (a difference of about 20 mV in the standard redox potential, 10 nm in 

the absorbance peak, and a decrease in current and absorbance values), which may affect their 

capacity to react with proteins in the ETC and thus, to sense bacteria. 

4.1.3 Bacterial-sensing activity of soluble and insoluble PB-NPs in suspension. 

Bacterial-sensing activity of both soluble and insoluble forms of PB was analyzed and 

compared using E. coli as a model microorganism. PB suspensions were prepared with the same 

initial absorbance magnitude, i.e. 0.9 AU at wavelength of 716 nm, in order to be produce 

comparable spectroscopic responses. To determine the concentration present in the PB 

suspension after the synthetic process, the extinction molar coefficient (ε) of both suspensions 

was determined using the spectrochemical cell with different light paths illustrated in Figure 

4.1.10a by applying the Beer-Lambert law (equation (4.1.3): 

 

where, A is the absorbance (AU), ε is the extinction molar coefficient (M-1 cm-1), c is the 

molar concentration (M) and l is the optical path length (cm). 

The molar extinction coefficient was estimated as the slope of the plot illustrated in Figure 

4.1.10b, where the absorbance magnitude of each PB suspension is represented versus the length 

of the light path. It is important to remark that the concentration in the measurements is constant 

and only the path length change between measurements. 

Molar extinction coefficient values of 8.4 × 103 and 3.4 × 104 M−1 cm−1 were obtained for soluble 

and insoluble PB, respectively, which were in agreement with those theoretically reported in39, i.e. 

A = ε · c · l (4.1.3) 
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3.0 × 104 M−1 cm−1 for the PBSol at a wavelength of 700 nm. Based on these coefficients magnitude, 

the concentrations of the PB suspensions were estimated to be 0.28 mM for the PBSol and 0.07 

mM for the PBIns.  

 

PB-NP suspensions were incubated with E. coli concentrations between 10 and 108 CFU mL−1 

for 24 h, and acquiring absorbance spectra between 420 and 900 nm every hour for the duration 

of the experiment with a plate reader. The results from the incubation of both soluble and 

insoluble PB with a bacterial concentration of 108 CFU mL−1 are illustrated in Figure 4.1.11a and 

Figure 4.1.11b, respectively. In both cases, initially, the PB peak around 700 nm is observed, which 

disappeared over time due to PB reduction to PW by bacterial metabolism. However, a general 

increment of absorbance in the full wavelength range was observed, which was associated to 

bacterial scattering and their growth along the experiment. To better observe the color shift 

produced by bacterial metabolic reduction of PB-NPs, the contribution of bacterial scattering was 

subtracted from the spectra. After scattering subtraction, the peak decrease at 700 nm 

corresponding to the reduction from PB to PW was clearly observed for both PBSol and PBIns, as 

shown in Figure 4.1.11c and Figure 4.1.11d, respectively. However, some scattering was still 

present in the PB spectra after bacterial scattering subtraction at low wavelengths, which was 

associated to the formation of PB-NPs aggregates. The magnitude of this aggregate NPs scattering 

Figure 4.1.10. Scheme of the spectrochemical cell used to determine the molar extinction coefficient of PBSol and PBIns 
suspensions. b) Absorbance measurements obtained at 716 nm for PBSol and PBIns by varying the light path and linear 
regression values (n = 3). 
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was more intense in the case of PBIns, which, in fact, produced larger particles more susceptible to 

scatter light.  

 

 

Although the rates of color change were larger for higher bacterial concentrations, 

metabolic reduction activity was observed in all bacterial samples under study, even the more 

diluted ones. The peak reduction kinetics at 740 nm after 24 h of incubation is represented in 

Figure 4.1.11e and Figure 4.1.11f for soluble and insoluble PB, respectively. In the case of 108 CFU 

mL−1, a complete reduction to PW was achieved in less than 10 h in both cases, while the lowest 

concentration (10 CFU mL−1) required 20 h of incubation for a total color change. It should be also 

Figure 4.1.11. Bacterial-sensing activity of PB-NPs in suspension. Absorbance spectra obtained over time for: a) PBSol 
and, b) PBIns, when incubated with a bacterial concentration of 108 CFU mL–1 in MH medium (pH 6.2). Absorbance 
spectra resulting when data from bacterial scattering was extracted, for: c) PBSol and, d) PBIns. Absorbance values at 
740 nm obtained from the previous graphs versus reaction time after E.coli inoculation at different concentrations 
(between 10 and 108 CFU mL–1) with (e) PBSol and (f) PBIns, during 24 hours in MH medium (pH 6.2). For all graphs 
shown, n = 3. 
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remarked that, at the beginning of the experiment the absorbance values tended to increase 

before decreasing due to metabolic reduction of PB. This increment was higher at the lowest 

bacterial concentrations and may be related to the scattering produced by PB-NPs since these low 

concentrations required more time to metabolize PB. Although both PB forms presented similar 

changes and kinetics, the reduction to PW was in general faster in the case of PBSol. Although still 

controversial, this fact was associated with its higher solubility, which facilitated the PB-NP 

diffusion in the medium to accept electrons from bacterial ETC., the reactivity with bacteria and 

other components of the medium such as potassium ions, of the different compositions of both 

PB forms. 

4.1.4 Bacterial-sensing activity of PB-NPs electrodeposited on ITO-PET electrodes.  

After the potentiostatic electrodeposition of soluble and insoluble PB on ITO-PET electrodes, 

their bacterial-sensing activity was also studied and compared. Electrodes freshly 

electrodeposited were used as PBIns, while those cycled in a 1 M KCl medium were used to test the 

PBSol behavior. The two PB-modified ITO-PET electrodes were incubated with a 108 CFU mL−1 E. 

coli suspension and their metabolic reduction activity was analyzed both optically and 

electrochemically after different incubation times of 0, 1, 5, 10, and 24 h. As a control, electrodes 

were submerged in MH medium (pH 6.2) and the absorbance was measured after 24 h of 

incubation. Spectra obtained at these times are shown in Figure 4.1.12a and Figure 4.1.12b for the 

soluble and insoluble PBs forms, respectively. The reduction in the PB absorbance peak by 

bacterial metabolism was already observed clearly after 1 h of incubation. To compare the 

reduction rates for both forms of PB, Figure 4.1.12c shows the absorbance value at 716 nm for the 

control and the samples in contact with bacteria. PBSol showed faster kinetics of reduction to PW 

when in contact with bacteria, while both controls remained constant over the experimental time. 

Consecutively, electrochemical measurements were carried out with PB-modified ITO-PET 

electrodes after incubation with bacterial suspensions. After incubation at the incubation times 

described previously, electrodes were measured chronoamperometrically by applying a constant 

potential of 0.6 V vs. Ag/AgCl (3M KCl) for 80 s. ITO-PET electrodes without any treatment were 

used as controls. The resulting graphs for soluble and insoluble PBs are illustrated in Figure 4.1.12d 
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and Figure 4.1.12e, respectively. In the graphs, the area below the chronamperometric curve 

corresponded to the amount PW produced by bacterial metabolism. According to the results, few 

PB molecules were reduced  after short incubation times, resulting in small areas under the 

amperometric curve. However, this magnitude progressively increased with the incubation time 

since bacteria had more time to metabolize PB and reduce it to PW. This progressive increasing 

with the incubation time was observed in both cases, PBSol and PBIns.  

 

 

Figure 4.1.12. Bacterial-sensing activity of PB-NPs electrodeposited on ITO-PET electrodes. Absorbance spectra of the 
PB-electrodeposited electrodes, obtained after incubation with a bacterial concentration of 108 CFU·mL-1 at different 
times (1, 5, 10 and 24 h) for (a) PBSol and (b) PBIns. As control, PB-electrodes were submerged in MH medium (pH 6.2) 
(n=3). (c) Absorbance values at 716 nm (obtained from the previous graphs) over incubation time for PBSol and PBIns 
electrodeposited electrodes and their respective controls (n=3). Chronoamperometry curve of the PB-
electrodeposited electrodes, obtained by applying 0.6 V for 80 s after incubation with a bacterial concentration of 108 
CFU·mL-1 at different times (1, 5, 10 and 24 h) for (d) PBSol and (e) PBIns (n=3). (f) Relationship between the charge 
obtained by integrating the curve at the chronoamperometry versus the incubation time for PBSol (blue squares) and 
PBIns (green circles) 
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To study the kinetics of the process, the charge obtained after the chronoamperometry was 

calculated by integrating those areas. The relationship between the charge obtained and the 

incubation times is plotted in Figure 4.1.12f for both PBSol and PBIns. As already commented, longer 

incubation times resulted in higher amounts of PB reduced by bacteria and larger charges 

(measured as the area below the curve in the chronoamperometric measurement). In both cases, 

the metabolic reduction of PB by bacteria was detectable amperometrically after only 1 h of 

incubation. However, the slope for PBSol was 18% higher than for PBIns, which indicated faster 

reduction kinetics and larger sensing capacities for the soluble form of PB. In addition, the limit of 

detection was calculated based on the standard deviation of the blank and the slope for both 

processes (3 σ(t=0)/slope) in terms of time necessary to detect a bacterial concentration of 108 CFU 

mL−1. Using this estimation, the limit of detection was 4 min for the soluble and 8 min for the 

insoluble one. Analogously, the limit of quantification (10 σ(t=0)/slope) calculated from the 

regression data of Figure 4.1.12 was of 28 min for the PBIns and 14 min for the PBSol. 

These discrepancies may be related to the different structures presented for both PB forms. 

As shown in equations (4.1.1) and (4.1.2), they differ in the molecular mass, the number of iron 

atoms in the structure and in the number of electrons exchanged. According to Faraday’s Law, the 

charge understood as the area under the curve in the chronoamperometric analysis could be 

related to the number of moles of PB reduced by bacterial metabolism (4.1.4): 

 

where n is the number of moles of PB, Q is the calculated charge of the curve (C), z is the 

number of electrons involved in the electrochemical process, and F is the Faraday constant (96485 

C mol−1).  

When applying the previous equation to the metabolic reduction of PB and considering the 

same value of charge for both PB forms, the following relationship between the number of moles 

of soluble and insoluble PB was obtained (4.1.5): 

n =
Q

zF
 (4.1.4) 
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Although the amount of charge obtained in the reduction of PB by bacterial metabolism is 

similar for PBSol and PBIns, there was a difference between the number of moles reduced in both 

cases.  

 Figure 4.1.13 illustrates the electron pathway through the electrochemical detection 

process. In aerobic conditions, bacteria metabolize the carbon source, i.e., nutrients in the form 

of organic matter like glucose, which are oxidized to carbon dioxide to obtain energy. Electrons 

derived from this process are then passed through the bacterial electron transport chain in the 

plasma membrane to finally reduce the electrodeposited PB to the colorless PW state. PW on the 

electrode is re-oxidized to its initial PB, generating a current flow proportional to the concentration 

of metabolically produced PW (or to the amount of PB metabolized by bacteria during the 

incubation period). Considering this mechanism, four moles of PBIns are needed for each mole of 

PBSol metabolized by bacteria to produce the same amount of charge. This fact is closely linked to 

the number of iron atoms presented in each structure. Thus, the PBIns structure presents four iron 

(III) atoms, thus four electrons are needed to switch PB to the PW form, while PBSol only needs one 

electron to achieve this reduction. Therefore, the metabolic reduction kinetics from PB to PW is 

four times faster for the soluble form than for the insoluble one. 

 

nS

nI
= 4 (4.1.5) 

Figure 4.1.13. Scheme of the electrons pathway during the electrochemical detection process. 
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Compared to other live/dead detection methods, detection times may appear longer. 

However, this study is developed for the future application in smart materials, in which the 

detection will be produced in situ and without the need for sample collection, transport, and/or 

treatment/processing. Other works present shorter detection times;40,41 however, the time 

dedicated to samples’ collection, transport, and preparation (24−48 h) is even longer than the one 

presented here. Although less than 1h is a reasonable time when considering a practical 

application, e.g., detection of microbial pollution, bacterial concentrations necessary to produce 

this change are still high. To reach the small detection limits required in current regulations, the 

use of more sensitive transduction mechanisms, e.g., amperometric detection by incorporating 

electrodes on different substrates, and/or pre-concentration processes will be explored and 

discussed in the following sections. 

4.1.5 Conclusions 

PB, due to its optical (high molar extinction coefficient) and electrochemical (suitable redox 

potential) properties, is an excellent candidate for bacterial detection either in solution or after 

deposition in solid-state, transparent ITO-PET electrodes. The two main forms of PB, namely, 

soluble and insoluble, present differences in terms of the structure (the counter ion in the 

insoluble form is an iron atom and in the soluble form is potassium), absorption capacity (a 

difference in the absorption peak of 10 nm is shown, and the molar absorption coefficient for the 

insoluble is four times higher than for the soluble one), and redox activity (both present a 

difference of approximately 20 mV, having the soluble form a smaller redox potential, more 

suitable to react with the proteins in the ETC). Both forms are metabolized by bacteria, changing 

their redox state and producing an intense color change observable even with the bare eye. 

However, the soluble form presents some advantages in electrochemical detection, i.e., faster 

metabolic reduction kinetics observed at a higher slope value obtained from the quantification of 

the charge produced by the process. This difference may be attributed to more suitable redox 

potential and the presence of a single iron ion in the structure of the soluble form, while the 

insoluble form requires the reduction of four iron atoms for producing the color change. 

Therefore, this study elucidates the potential of PB-NPs to be used as metabolic indicators for the 
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detection of the presence of living bacteria in different environments, e.g., liquids, solids, or air, 

with potential application in many sectors such as clinical diagnostics, food and beverage 

contamination, or water pollution, among others. 
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4.2 

Prussian blue Modification of Polyester-Cotton Fabrics for the 
Production of Smart Textiles 

 

Abstract   

Bacterial contamination of surfaces is one of the main bacterial transmission and infection 

pathways in hospitals and other healthcare settings. Antimicrobial textiles are now being used to 

minimize bacterial transmissions and infections from contaminated surfaces.  The main limitation 

of these materials is, however, their limited lifespan, since they lose antimicrobial activity 

progressively, being again susceptible of bacterial colonization. The detection of pathogens 

present on contaminated surfaces may minimize infection risks, but not always possible with 

current microbial detection technologies requiring sample collection and transport to central 

laboratories.  And, although in situ bacterial detection is currently possible with colorimetric 

chemical reagents that detect ATP or other metabolically-related compounds, it is still necessary 

to spread the reagent on the material surface, being virtually impossible to cover the large number 

of surfaces present in these infrastructures. 

In this chapter, smart hospital fabrics with the capacity to detect live bacteria by a simple change 

of color based on a single-step sonochemical coating process requiring less than 15 min are 

presented. The presence of PB-NPs confers the textile with an intensive blue color and with 

bacterial-sensing capacity. Live bacteria in the textile metabolize PB-NPs and reduce them to 

colorless PW, enabling in situ detection of bacterial presence in less than 6 h with the bare eye 

(complete color change requires 40 h), being sensitive to both Gram-positive and Gram-negative 

bacteria. The redox reaction is completely reversible and the textile recovers its initial blue color 

by re-oxidation with environmental oxygen when bacteria die, enabling its re-use.  
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As a step forward, this technology is 

also implemented in antibacterial 

textiles for the production of a smart 

textile able to report on the loss of its 

antimicrobial activity through a local 

change of color. The PB coating 

maintains the antimicrobial activity of 

the material (antibacterial activity > 

4), while increasing the stability of the CuO-nanoparticles on the textile reducing the Cu2+ release. 

On the other hand, the CuO-nanoparticles did not compromise the bacterial sensing capacity of 

Prussian blue, which responds to bacterial presence with a color change, visually appreciable in 

less than 3 hours.  

Finally, this technology is improved by modifying the polyester-cotton textiles through a 

photocatalytic cyanotype method, which confers an intense blue color to the samples. The 

bacterial sensing activity is improved, showing local color changes in the textiles after less than 6 

h of incubation in bacterial concentrations two magnitude orders smaller than those used in the 

previous cases, even in dry conditions. Furthermore, cyanotype process confers more stability to 

the CuO-NPs on the textile fibers without affecting their antibacterial capacity. As a result, the 

smart material presents antimicrobial and bacterial sensing properties able to report on 

contaminated surfaces in hospitals, and other critical facilities such as schools or retirement 

homes, aiming to prevent bacterial infections. 
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4.2.1 PB-based bacterial-sensing textiles 

PB-NPs were implemented into polyester-cotton textiles through a sonochemical coating 

process. Thus, polyester-cotton samples (3 x 3 cm) were immersed in aqueous suspensions of PB-

NPs and sonochemically coated varying the sonication time (from 5 to 30 min), PB type (PBSol or 

PBIns) and concentration (from 0.03 to 30 mM) (Figure 4.2.1). From the two forms of PB, only PBIns 

was stably incorporated in the textile, while PBSol was almost completely removed after a soft 

cleaning process involving the rinsing of the textile with buffer (Figure 4.2.2a).  

 

In addition, the ageing of the PBIns suspension influenced the sonochemical coating. Freshly 

prepared samples presented more homogeneity and color intensity than their 4-days old 

counterparts (Figure 4.2.3). Homogeneous and highly-colored samples were obtained after 

coating with freshly-prepared PB suspensions containing 0.08 mM PB for at least 15 min of 

sonication. No relevant changes were observed when longer sonication times were applied. SEM 

image of this sample revealed the presence of homogeneously distributed NPs on the textile 

fibers, although mostly aggregated (Figure 4.2.2b). Accordingly, the single-step sonochemical 

coating of freshly-prepared PB samples containing 0.08 mM for 15 min was chosen as optimal 

coating conditions and used in further experiments.  

Figure 4.2.1. Polyester-cotton textiles sonochemically coated with PB. PB-polyester-cotton textiles modified at different 
PB concentrations (from 0.03 to 30 mM) and different times (from 5 to 15 minutes). 
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Figure 4.2.2 Sonochemical coating process and characterization of PB-modified textiles. a) Scheme of the sonochemical 
coating process and resulting textiles obtained after incorporation of PBSol or PBIns. b) SEM image of the samples 
modified with PBIns 0.08 mM. c) PB-modified textile reduced to PW after addition of NaBH4 0.5 M as reducing agent. 
d) Color stability of polyester-cotton textiles modified with PBIns 0.08 mM after 96 hours submerged  in (i) water, (ii) 
LB, 0.1 M phosphate buffered saline (PBS) at (iii) pH 6.2 and (iv) pH 7.2, and (v) 0.1 M MES buffer (pH 6.2), all 
supplemented with 0.1% glucose. The color lost was expressed as percentage vs. unmodified textiles color (n=3). 
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The oxidative capacity of the coated textile was evaluated using NaBH4 as reducing agent. 

When in contact with 0.5 M NaBH4, textiles immediately lost the blue color by the formation of 

PW (Figure 4.2.2c), which confirmed the redox activity of the NPs immobilized in the smart textile, 

recovering the initial color when in contact with hydrogen peroxide. In dried conditions, coated 

samples were stable for more than four months with minimal discoloration.  

The stability was lower in solution and depended on the medium (Figure 4.2.2d). First, the 

stability of PB-NPs in the textile was deeply influenced by the pH. It was clearly evidenced when 

comparing the samples incubated in the physiologic PBS buffer at pH 7.2, which showed an 

important decrease in color intensity, with those incubated in PBS at pH 6.2, which maintained 

more than 70 % of the initial color for 4 days. This was in agreement with previous results 

concluding that hydrolyzed ferric ions in the coordination sphere of PB could only be substituted 

at a pH lower than 6.4.1–5 Apart from the pH, the medium composition also had a role in the 

stability of PB-NPs. Coated samples were more stable in MES than in PBS, even when both buffers 

had the same pH (pH 6.2). The reason for that may be in the monovalent ions content, e.g., sodium 

and potassium, which is much higher in PBS than in MES. The presence of such ions, which may 

substitute iron as counterion in the PB structure, might reduce the stability of NPs incorporated in 

the textile. In fact, overnight incubation of the textiles with KCl, LiCl or NaNO3 led to the 

dissociation of the PB and color disappearance (Figure 4.2.4), probably due to the formation of 

PBSol which, as commented before, was not stable on the textile fibers. LB medium, slightly acidic 

Figure 4.2.3. Fresh prepared PB-textiles vs. 4-days old. Comparison when polyester-cotton textiles were modified with 
fresh synthesized PB-NPs and the same solution prepared 4 days before. 
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and with monovalent ions in its composition, maintained around 70% of the initial color similarly 

to PBS at pH 6.2. On the other hand, distilled water, acidic on its own but without important 

concentration of monovalent counter ions, presented low color losses comparable to MES. 

Therefore, both ionic composition and pH influenced the stability of PB-NPs incorporated in the 

textile, but pH-mediated PB decomposition presented faster dissolution kinetics. 

 

 

The reversibility of PB-NPs incorporated in the textile was studied spectroelectrochemically 

to evaluate structural/compositional changes along reduction/oxidation cycles. A sandwich 

configuration with a solid electrolyte, i.e. 2-hydroxyethyl cellulose, was used to study the activity 

of the smart textiles without solvents (see this configuration in the Materials and Methods section; 

section number 3.5). CVs (between 0.4 to -0.3 V) at different scan rates (1, 5, 10 and 20 mV s-1) 

clearly reported two peaks, corresponding to the reduction from PB to PW (at 0 V) and the 

subsequent re-oxidation of PW to PB at 0.13 V ( Figure 4.2.5 a). Peak intensities increased directly 

with the scan rate and the relationship between intensity of the anodic and cathodic peaks was 

approximately 1, which corresponds to the behavior of a thin film system.6 These samples were 

also very stable to electrolysis. After applying -0.5 V potential for 15 min, the sample only lost 20 

% of the initial color. Much more significant color loss was observed in the case of samples 

prepared with old PB suspension, which lost more than 90 % of color due to the low stability of 

Figure 4.2.4. Color stability of PB-modified textiles depending on the medium composition. Absorbance spectra of PB-
modified polyester-cotton textiles after overnight incubation in KCl, LiCl and NaNO3 media. 



 

121 
 

the old PB-NPs in the textile (Figure 4.2.5b). It confirmed that freshly prepared PB-NPs in textiles 

were stable and reversible in solid state when monovalent cations were not present in the 

medium. 

 

 

4.2.1.1 Bacterial-sensing activity of the smart textiles modified with PB 

As an already demonstrated metabolic bacterial indicator,7 PB in the textile should confer it 

with bacterial-sensing activity through the mechanism illustrated in Figure 4.2.6. Once the 

sonochemical coating of PB-NPs provides the fabrics with an intense blue color, the attachment 

of live bacteria would change the smart fabric color by the metabolic reduction of PB to PW by 

proteins (e.g. cytochrome) and mediators (e.g. ubiquinone) from the bacterial electron transport 

chain.8 Since the reaction is metabolic, dead bacteria would not be able to produce this change. If 

live bacteria died, for example by an antibacterial treatment, the atmospheric oxygen would re-

oxidize PW to PB,9 and the smart textile would recover its initial blue color.  

Figure 4.2.5. Spectroelectrochemical measurements on the modified textiles. a) Set-up scheme used for the 
spectroelectrochemical measurements on the textiles. b) CVs of PB-modified textiles developed between 0.4 and -0.3 
V at different scan rates (1, 5, 10 and 20 mV s-1) and representation of current peak values obtained vs scan rate. c) 
Comparative spectra obtained from textiles coated with PBIns freshly prepared and PBIns prepared 4 days before the 
coating process and corresponding spectra after apply -0.5 V during 15 min to each one of them.  
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Bacterial-sensing capacity of PB-coated textiles was evaluated spectroscopically (as the 

percentage of color change) in distilled H2O, LB, PBS (at pH 6.2 and 7.2) and MES buffer (pH 6.2) 

containing E. coli concentrations between 108 and 109 CFU mL-1 (Figure 4.2.7a). Since bacterial 

proliferation depends on the medium composition, the evolution of this parameter over time was 

determined in each medium through plating (Figure 4.2.7b) and optical density measurements at 

600 nm (Figure 4.2.7c).   

All modified textiles presented important color changes over time, stronger than those 

observed in the stability studies with media without bacteria. Three different behaviors were 

observed depending on the solution composition. First, in LB, bacteria almost doubled the initial 

concentration in the sample during the experiment, enabling a fast metabolic reduction of PB 

resulting in a 60 % color loss after 72 h, being the largest reported. Second, in buffer, for either 

PBS or MES, bacterial concentration slightly decreased over time, which resulted in weaker color 

changes about 40-45 %. The higher color change observed in the PBS sample at pH 7.2 was again 

attributed to combination of metabolic reduction with the pH-mediated decomposition of PB. In 

fact, when set at the same pH, PBS and MES presented very similar color change kinetics, as well 

as analogous bacterial concentrations and bacterial proliferation rates. Finally, textiles incubated 

in distilled water presented an initial color loss of 30 %, followed by a fast color recovery by oxygen 

Figure 4.2.6. Scheme of the smart textile performance when in contact with live and dead bacteria. Living bacteria are 
represented in green color and the dead one in red. 
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re-oxidation when bacteria died (which was confirmed by cell counting). Therefore, these smart 

textiles were able to report on the presence/absence of living bacteria in real time thanks to its 

reversibility.  

 

 

To confirm that PB-NPs detected bacterial activity without affecting microbial structure 

and/or function, the antibacterial activity of the smart textiles was evaluated. Antibacterial activity 

was determined by incubation of the samples in E. coli suspensions in MES (pH 6.2) supplemented 

with 0.1 % glucose. Modified textiles, non-modified textiles (without PB-NPs) and control samples 

Figure 4.2.7. Relation between bacterial-sensing capacity of the textiles and bacterial proliferation. Different parameters 
obtained after PB-NPs modified textiles were incubated with E. coli for 72 hours, such as a) textile loss of color 
percentage; b) E. coli concentration by cell counting and c) absorbance values at 600 nm throughout the experiment. 
E. coli concentrations above 109 CFU mL-1 in 900 µL were incubated in different media (H2O, LB, 0.1 M PBS (at pH 6.2 
and 7.2) and 0.1 M MES (pH 6.2)) and 0.1% of glucose was used (n=3). A common legend for all the graphs is shown 
on the top.  
 



124 
 

(bacterial suspension without textile) were evaluated in compared in the study. The number of 

viable bacteria was represented as a survival percentage from the initial concentration (Figure 

4.2.8a). No significant differences were observed between control, non-modified and modified 

textiles, confirming the low or null antibacterial activity of the PB-NPs in the textile. 

 

 

On the other hand, because of the direct physical contact with skin, cytotoxicity assays of 

PB-NPs were performed to evaluate its potential risk for human health. Figure 4.2.8b shows that 

both, soluble and insoluble PB-NPs were cytotoxic when in high concentrations, with a decrease 

of the cell viability near to 50 %. However, the concentration implemented in the textiles was not 

cytotoxic and should not result in cytotoxic or inflammatory responses. 

Finally, the capacity to detect different bacterial types was evaluated by comparing the 

response of the smart textile to the Gram-negative E. coli with the Gram-positive S. aureus 

bacteria. Experiments were performed in MES (pH 6.2) supplemented with 0.1% of glucose at 

bacterial concentrations of 107, 108 or 109 CFU mL-1. Results are summarized in Figure 4.2.9. In 

Figure 4.2.8. Antibacterial activity of PB-modified textiles and cytotoxicity. a) Survival percentage of E. coli measured at 
different incubation times for polyester-cotton textiles with and without PB in MES 0.1 M medium at pH 6.2 and with 
0.1 % of glucose. As control, an inoculated solution in the same medium without textile sample was used (n=3). b) 
MTT cytotoxicity assay for PBSol (red circles) and PBIns (black squares) solutions at different concentrations. 
Concentrations are represented in a logarithmic scale and the one used in the textiles (0.08 mM PB) is highlighted in 
the graph with blue cross lines. Cell viability was determined after 24 hours of incubation with both solutions (n=3) 
and viability was expressed as percentage versus non-treated control samples. 
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both cases, no detectable changes were observed in the control sample (without bacteria) or after 

5 days of incubation in bacterial suspension with a concentration below 107 CFU mL-1. Textiles 

incubated with 108 CFU mL-1 presented a small color change that was quickly reversed until it 

recovered the initial color. More pronounced and sustained changes were observed after 

incubation with 109 CFU mL-1, which was even detectable with the bare eye after 6 h of incubation. 

The complete color lost required 48 h. In the case of S. aureus, the peptidoglycan layer typical in 

Gram-positive bacteria slows down the extracellular electron transfer to the PB-NPs 10, showing 

slower kinetics. After 90 hours, when most of bacteria in the sample were already dead due to 

nutrients depletion, the textiles started to recover their initial blue color through oxygen re-

oxidation. The complete color recovery required a reaction with an oxidizing agent, i.e. hydrogen 

peroxide, as shown in the images, confirming the stability of PB-NPs in the textiles. 

 

Figure 4.2.9. Bacterial-sensing activity of PB-modified textiles. Quantification of PB-modified textiles color loss after 
incubation with E. coli and S. aureus in MES medium (pH 6.2) and 0.1% of glucose. Bacteria concentrations are shown 
in a common legend. As control, PB-modified textiles were submerged in MES solution, without bacteria. Color loss 
was expressed as percentage versus unmodified-textiles color (n=3). In the schematic table, representative images 
from the textiles can be seen at different times of the experiment with E. coli inoculation, when they were in contact 
with air and after adding an oxidizing agent.  
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This technology is also implemented in textiles containing antibacterial NPs for the 

production of smart textiles with antibacterial and bacterial-sensing capacities to prevent bacterial 

infections. The characterization of these smart textiles, as well as their sensing and antibacterial 

activities are studied in the following sections. 

4.2.2 Production of smart sensing and antibacterial textiles 

The production of the smart textile was performed in two steps. First, antibacterial textiles 

were produced at Klopman facilities by incorporating CuO-NPs to the polyester-cotton fabrics with 

the ultrasonic coating equipment implemented in their production line. In a second step, the 

textiles were coated with PB-NPs through the sonochemical protocol described above, which took 

benefit of the cavitation phenomenon.  

Figure 4.2.10shows images of the textile samples and individual fibers of pristine (Figure 

4.2.10a and Figure 4.2.10b) and CuO-NPs-coated fabrics (Figure 4.2.10c and Figure 4.2.10d) before 

and after the coating with PB-NPs. It is clearly observed how the initially white cotton-polyester 

samples (Figure 4.2.10a) acquired an intense blue color (Figure 4.2.10b) after 15 minutes of 

sonication with freshly prepared 0.08 mM PB solutions. SEM images showed a dense coating of 

PB NPs on the fibers (total coverage > 95%), resulting in a strong and homogeneous textile 

coloration. Analogously, the coating of CuO-NPs-modified cotton-polyester textiles with PB-NP 

change their initial brownish color (Figure 4.2.10c) into deep blue (Figure 4.2.10d). PB-NPs 

distribution and aggregation was similar to that observed in the pristine samples, also presenting 

a high coverage percentage (coverage percentage > 95%). This result indicated that the initial 

presence of CuO-NPs did not affect the PB-NPs coating process. 
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The influence of the PB nano-coating on the stability and activity of the CuO-modified 

textiles was evaluated. Stability studies were conducted as illustrated in Figure 3.8 (in the Materials 

and Methods section). Briefly, CuO- and CuO/PB-modified samples were incubated with MES 

buffer for 24 h. The incubation solution was then split into two for further analysis. One aliquot 

was analyzed by ICP-OES to determine the amount of copper released from the textile to the 

medium during the incubation. The second one was incubated with E. coli (initial E. coli 

concentration in the medium = 108 CFU mL-1) overnight (18-20 hours) at 37 C to evaluate its 

antibacterial activity. Pristine non-modified cotton-polyester textiles were used as control samples 

in these studies. Textile samples only containing PB-NPs were also studied for completeness. 

In the ICP-OES analysis, Cu was detected in the incubation solution of both CuO- and CuO/PB 

NPs-coated samples. The Cu2+ amount in the medium was, however, reduced to a half when the 

fabric was also coated with PB NPs, i.e. from 0.59 ± 0.04 mg/L for CuO samples to 0.34 ± 0.09 mg/L 

Figure 4.2.10. Fabrics and SEM images of a) polyester-cotton textile, b) polyester-cotton textile coated with PB-NPs, c) 
polyester-cotton textile coated with CuO-NPs, d) polyester-cotton textile coated with PB- and CuO-NPs.  
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for CuO/PB samples (Figure 4.2.11a). Apparently, the presence of PB nano-coating stabilized the 

CuO-NPs on the fabrics, reducing the copper release to the medium.  

 

 

This effect was confirmed in the second experiment, where the medium containing Cu2+ 

released from the textiles was incubated overnight with E. coli suspensions. As shown in Figure 

4.2.11b, the bacterial survival percentage was high (>75 % in average) for textiles only containing 

PB NPs or both PB/CuO NPs. Conversely, the survival percentage was much lower (40 % survival) 

for samples only containing CuO-NPs, which was in good agreement with the higher amounts of 

copper released to the medium and associated to a lower stability of CuO-NPs on the textile 

samples. 

On the other hand, the antibacterial activity of the textiles was then evaluated according to 

ISO 20743:2021, as illustrated in Figure 4.2.12a. The ISO included a formula (Eq. 1 in Materials and 

Methods section) that enabled to classify the materials according to their antibacterial activity (A) 

in: i) significantly antibacterial, when providing A values between 2 and 3, and ii) strongly 

antibacterial when exceeding 4. Figure 4.2.12b shows the antibacterial values of the analyzed 

samples, i.e. pristine polyester-cotton textiles, textiles modified with CuO-NPs, with PB-NPs and 

Figure 4.2.11. Cu NPs release to MES medium from sonochemically coated textiles. a) Amount of Cu2+ obtained from 
the ICP-OES analysis of the medium (n=3). b) Percentage of survived E. coli in the medium after 24 h incubation (n=3). 
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with both CuO/PB-NPs. The A value for non-modified polyester-cotton textiles used as control was 

close to 0, confirming that these materials did not present intrinsic antibacterial activity. Fabrics 

modified with PB NPs alone presented A values below 1, which suggested some antibacterial 

activity, probably due to the nano-size of the particles, although not enough to be considered 

significant. The two samples containing CuO NPs presented A values above 4, indicating a strong 

antibacterial activity. No significant differences were observed when comparing antibacterial 

activity of textiles containing only CuO NPs with those containing both CuO and PB NPs, indicating 

that the PB coating did not affect the antibacterial activity of the CuO NPs on the textile. Thus, the 

PB coating improved the performance of antibacterial textiles containing CuO NPs since increased 

the stability of CuO NPs in the textile, and its shelf-life, without compromising its bactericidal 

activity. 

 

 

Figure 4.2.12. Antibacterial activity of the smart textiles. a) Scheme of the ISO 20743 procedure used for measuring the 
antibacterial capacity of the different types of textiles. As control, textiles with no antibacterial activity were used 
(n=3). b) Antibacterial capacity obtained when the ISO 20743 procedure was applied to the different types of textiles. 
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4.2.2.1 Electrochromic response and mechanisms of the smart textiles 

The electrochromic properties of the PB-modified textiles were evaluated qualitatively by 

visual inspection after incubation of the textile with model chemical and microbiological redox 

agents. NaBH4, H2O2 and E. coli were used as model reducing and oxidizing chemical agents, and 

reducing microorganism, respectively. Assays were performed with modified textiles containing 

either PB (shown in previous sections) or CuO/PB NPs for comparison. Results are presented in 

Figure 4.2.13, showing important differences between the chemical and the microbiological redox 

mechanism. 

 

 

Figure 4.2.13. Smart textiles redox properties analysis. Samples pictures (containing PB- and CuO-NPs) after a) 
microbiological reduction with E. coli 109 CFUmL-1 and re-oxidation by environmental oxygen, and b) chemical redox 
reactions by addition of reducing (NaBH4) and oxidizing (H2O2) agents. c) EDX spectrum of the textiles modified with 
PB- and CuO-NPs after reduction with NaBH4 (10kV). d) EDX spectrum of the textiles modified with PB- and CuO-NPs 
after reduction with NaBH4 and re-oxidation with H2O2 (10kV). 



 

131 
 

Microbiologically, living bacteria reduced PB to uncolored Prussian White (PW), producing 

the discoloration of the coated textile. The process required several hours and reverted 

spontaneously from PW to PB when bacteria died by the action of environmental oxygen (Figure 

4.2.13a). Conversely, chemical reduction of PB-modified textiles with 0.5 M NaBH4 resulted in 

immediate textile discoloration (Figure 4.2.13b). However, chemical re-oxidation with 30 % H2O2 

did not revert to the initial state and part of the textile remained uncolored after incubation, even 

after long times. This lack of chemical reversibility of the immobilized PB could not be attributed 

to its dissolution or decomposition since the EDX analysis revealed the presence of comparable 

copper and iron amounts on the textile, the latter associated to PB, after NaBH4 reduction (Figure 

4.2.13c) and H2O2 re-oxidation (Figure 4.2.13d). Conversely, the irreversibility of the 

electrochromic system may be attributed to structural changes, which were studied through XAS 

at the Fe K-edge (around 7100 eV). This analysis provided information regarding the oxidative state 

and the coordination of the Fe atoms in the PB coating along the reduction/re-oxidation processes. 

The X-ray absorption near edge structure (XANES) of the starting PB-modified textile is 

shown in Figure 4.2.14a, together with the spectrum of PB textile modified with CuO-NPs. The 

spectra of the soluble and the insoluble PB powders were also included for comprehension. In all 

cases, three main features were identified in the spectra: a pre-edge peak (A) around 7114 eV, a 

whiteline (B) around 7130 eV and another distinguished resonance (C) in the range between 7140 

and 7150 eV. A great similarity of XAS spectra of soluble and insoluble PB compounds was clearly 

seen and it was in agreement with results reported by other authors.12 Despite both forms of PB 

are insoluble, the term soluble is typically used to refer to how ease is the dispersion of the 

compound in an aqueous solution to form a colloidal suspension.13 Structurally, their main 

difference is in the counterion compensating the remaining charge of PB iron complex, this being 

either potassium in soluble PB or ferric ions in the insoluble one.14 The presence of alkali metal 

cations affected the global structure of the molecule, but no relevant differences were observed 

for what concerns to the local structure studied by XAS.  

 



132 
 

 

 

Figure 4.2.14. X-ray absorption spectra of the smart textiles. a) XANES spectra of soluble and insoluble PB powders and 
PB textile with and without CuO-NPs. b) XANES spectra of PB textiles with and without CuO-NPs after reduction with 
NaBH4, re-oxidation with H2O2 and after reduction performed by bacteria. c) Fourier Transform moduli and (d) real 

part of k2(k) signal obtained from EXAFS analysis. Data are represented by solid line and the fit by the dashed line.  
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The magnitude and shape of the pre-edge peaks were very similar in all samples. The low 

intensity of the pre-edge peak was consistent with the presence of Fe2+ and Fe3+ species in 

octahedral symmetry as reported in,15 and concretely to weak 1s-3d electric quadrupole 

transitions. It is important to note here that 1s-3d transitions are electric-dipole forbidden unless 

there is a certain p-d orbital mixing, e.g. in tetrahedral or quite distorted structures.16  

The edge position, taken as the maximum of the first derivative spectrum, was around 7129 

eV for the soluble and insoluble PB powders, while it was slightly shifted towards lower energy 

values, i.e. 0.5 eV, for the textile samples. This result indicated the partial reduction of Fe3+ to Fe2+ 

in the textile. Another indication of the shifts towards lower oxidative states and energy values 

was observed in the whiteline position that shifted from 7131.1 eV to 7130.8 eV. Additionally, the 

soluble and insoluble PB powders presented a similar slope of the C feature in the region 7140-

7150 eV, which differed from that obtained by the textile samples. The slope of this multiple 

scattering resonance was described to be sensitive to vacancies and/or a distortion of the Fe2+–C–

N–Fe3+ arrangement and its deviation from linearity,12,17 confirming that the deposition on the 

textile altered the initial structure of the PB-NPs. 

Figure 4.2.14b also incorporates the XANES spectra of the textiles after chemical reaction 

with NaBH4 and H2O2, and microbiological reduction by bacteria. After reduction with NaBH4, the 

absorption at 0.5 intensity of the PB-modified textile shifted towards lower energy values and the 

whiteline intensity decreased. The re-oxidation with H2O2 did not recover the original PB structure, 

and only minor changes were observed compared to the previous spectrum corresponding to 

NaBH4 reduction. Conversely, microbiological reduction by bacteria produced XANES spectra very 

similar in shape to those obtained by the initial PB-modified textile. Main differences between 

them resided in the rising edge and the whiteline magnitude. Both parameters shifted by around 

0.4 eV towards lower energy values, confirming the presence of slightly higher amounts of Fe2+ 

ions due to microbiological reduction. The small shift in magnitude indicated that bacteria were 

only reducing small amounts of Fe3+ to Fe2+, while not affecting both the local structure of PB and 

the shape of the whole XANES spectra. Similar conclusions were obtained for textiles also 

incorporating CuO-NPs and treated in the same conditions, which confirmed that the presence of 
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the antibacterial particles did not interfere with the electron exchange between bacteria and PB 

molecules on the textile.   

An analysis of the extended X-ray absorption fine structure (EXAFS) spectra was conducted 

in order to study the local changes around Fe3+/Fe2+ ions after different reduction/oxidation 

processes. A multiple k-weight fit was performed in the k-range 3-10 Å-1 and R-range 1-3.1 Å and 

included in Figure 4.2.14c, Figure 4.2.14d and Table 4.2.1.  

In previous studies, the local structure of Fe in PB was modelled considering several single 

scattering path, as well as intense multiple scattering paths.13,18,19 The first shell was related to 

single scattering from Fe2+–C and Fe3+–N at distances around 1.9 and 2.0 Å, respectively. Instead, 

the main contribution used to model the second shell was a 3-leg path around 3.0 Å due to Fe2+–

C–N–Fe3+, where the linear geometry made this contribution stronger than Fe–N and Fe–C single 

scattering paths at similar distance. In this study, only a maximum of three paths were considered 

to model the data due to the short k-range available. Despite C and N may not be distinguished in 

EXAFS for their similar scattering properties, the shorter bond of the first shell was referred as Fe–

C and the longer one as Fe–N. The same Debye-Waller factor (2) was imposed to these two 

scattering paths, following a procedure developed by other authors.13  

As shown in Figure 4.2.14b, the first shell fit was performed considering a unique Fe–C/N 

bond distance and implementing the coordination number as a free parameter. The value 

obtained after fitting by the samples reduced with NaBH4 was consistent with an octahedral 

coordination. On the other hand, the second shell was strongly reduced in intensity after chemical 

reduction. This strong decrease was a clear indication of the distortion or modification of the PB 

structure during chemical reduction, where the contribution from the multiple scattering path 

Fe2+–C–N–Fe3+ was heavily attenuated. The structure of the starting textile was not recovered 

after chemical re-oxidation with H2O2, but the local structure around Fe ions remained similar to 

that after reduction with NaBH4. This result was in agreement with XANES spectra analysis. 

Conversely, EXAFS spectra of PB-modified textiles after microbiological reduction were similar to 

those of the starting sample, maintaining clear features associated with the original PB structure. 

Thus, EXAFS analysis indicated that microbiological reduction of PB in textiles was not altering the 
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PB structure, confirming the XANES results. The presence of CuO-NPs on the textile did not modify 

the previous results significantly. Thus, textiles containing both CuO- and PB-NPs were structurally 

similar to those only containing PB-NPs, but with a larger disorder in second shell. This disorder 

was confirmed by the much higher Debye-Waller factor obtained with the samples containing both 

NPs. The changes reported after chemical and microbiological reduction/oxidation processes were 

in agreement with those discussed above in the case of textile without CuO-NPs, confirming that 

the presence of CuO-NPs did not affect the accessibility and reactivity of PB-NPs on the textile. 

 

Table 4.2.1. Results of the EXAFS fit. Deg is the degeneracy of the scattering path (that corresponds to the coordination 

number for single scattering paths), R is the bond distance and 2 the Debye-Waller factor. The many body amplitude 
reduction factor S0

2 was obtained from fitting the Fe foil and fixed to 0.8. 

 

Sample Shell N/Deg R (Å) 2 (10-3 Å2) 

PB  

Starting 
compound 

Fe-C 3 1.93 (2) 6 (2) 

Fe-N 3 2.04 (2) 6 (2) 

Fe-C-N 12 3.14 (3) 8 (1) 

NaBH4 Fe-C/N 7 (1) 1.98 (2) 12 (3) 

NaBH4 + H2O2 Fe-C/N 6 (1) 1.97 (1) 12 (3) 

Reduced by 
bacteria 

Fe-C 3 1.92 (2) 7 (3) 

Fe-N 3 2.11 (3) 7 (3) 

Fe-C-N 12 3.13 (3) 10 (2) 

PB + CuO-NPs  

Starting 
compound 

Fe-C 3 1.93 (2) 7 (2) 

Fe-N 3 2.10 (4) 7 (2) 

Fe-C-N 12 3.13 (3) 17 (2) 

NaBH4 Fe-C/N 6 (1) 1.98 (2) 12 (3) 

NaBH4 + H2O2 Fe-C/N 6 (1) 1.97 (1) 9 (2) 

Reduced by 
bacteria 

Fe-C 3 1.90 (2) 7 (4) 

Fe-N 3 2.05 (3) 7 (4) 

Fe-C-N 12 3.13 (3) 17 (2) 
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4.2.2.2 Smart textile response to bacterial colonization 

The response of the smart textiles to bacteria was evaluated by incubation of the textile 

samples with E. coli suspensions containing 109, 108 and 107 CFU mL-1 in two different media, i.e. 

phosphate buffer (pH 7.2) and MES medium (pH 6.2). The experimental protocol consisted of 

three consecutive incubations of the sample with bacteria, each one lasting 72 h. After 72 h of 

incubation, the bacterial suspension was removed and refreshed to ensure high concentrations of 

living bacteria in contact with the textile. The number of living bacteria, both in suspension and on 

the textile surface, and the change of color of the textile associated to the metabolic reduction of 

PB-NPs were monitored over time. Concretely, the survival percentage in the medium was 

determined by collecting aliquots of the incubation sample, plating in agar and counting after 

overnight incubation. The survival percentage on the textile fibers was determined by confocal 

imaging, after staining with the live/dead dye. Images were acquired after each incubation 

process. Finally, the color change of the textiles was recorded with a microscopic camera acquiring 

images regularly for the duration of the experiment, and quantified using image analysis software.  

Figure 4.2.15 shows the color changes associated with the metabolically-mediated reduction 

profiles at each experimental condition, as well as representative images of the smart textiles after 

incubation with 109 CFU mL-1 bacterial suspensions. It is worth mentioning that the textiles also 

containing CuO-NPs presented an initial brownish color before modification with PB, which 

influenced image acquisition and data analysis. 
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Figure 4.2.15. Sensing and antibacterial activities of the smart textiles. Color lost percentage of polyester-cotton textiles 
modified with PB- and CuO-NPs after three consecutive incubations of E. coli 109, 108 and 107 CFU mL-1. The 
experiment was performed in two different media, phosphate buffer (pH 7.2) and MES medium (pH 6.2) and the 
images correspond to the smart textiles change of color upon contact with E. coli 109 CFU mL-1. 
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During the first incubation in phosphate buffer, very small color changes were recorded by 

the three bacterial concentrations under study. Only the textiles incubated with the highest 

bacterial concentration (109 CFU mL-1) presented an observable color change, distinguishable from 

the control, after 28 h of incubation (see pictures in Figure 4.2.15 top left). This small color change, 

corresponding to the loss of around 25 % of the initial color, may be associated to the presence of 

living bacteria on the textile surface that metabolically reduced PB to PW. Interestingly, after 50 h 

of incubation, all the samples recovered their initial blue color, probably by an oxygen-mediated 

re-oxidation of PW to PB produced once bacteria died. Confocal images of the textile samples after 

72 h of incubation in phosphate buffer containing 109 CFU/mL E. coli revealed the attachment of 

high bacterial concentrations, covering more than 80 % of their surface (Figure 4.2.16). Around 47 

% of the attached bacteria were dead, which is associated with the contact killing activity of the 

smart textile (Figure 4.2.17a), while the number of dead bacteria in the medium was much larger, 

reaching 99.7 % of the total (Figure 4.2.17b). This result was in agreement with the previous 

observation that large amounts of CuO-NPs were released from the textile to the medium, being 

the diffusion of CuO-NPs the main antibacterial mechanism followed in this case. A second 

important aspect to be considered is the enhanced resistance to CuO-NPs of attached bacteria. 

Even when the contact killing mechanism may be less efficient than the diffusion, bacteria 

attached to the textile surface would also be in contact with the released CuO-NPs. However, their 

sensitivity to these antibacterial agents was reduced by the extra protection provided by the 

biofilm-like structure that they were forming on the textile surface.20 As a result, at high bacterial 

concentrations and in phosphate buffer (pH 7.2) containing glucose, the sensing capacity showed 

faster kinetics than the antibacterial one, and some metabolic reduction of PB produced by the 

live bacteria attached to the textile could be observed after short incubation times.  
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Figure 4.2.16. Live/dead bacteria image. Three-dimensional reconstruction of the confocal image of the smart textile 
incubated with E. coli (109 CFU mL-1) in phosphate buffer (pH 7.2) after 72 h (first incubation step). 

Figure 4.2.17. Live bacteria counts on the textile and in the medium. a) Survival E. coli percentage on the textile fibres 
obtained from confocal microscopy images (n=5). b) Survival E. coli percentage obtained on the medium (Phosphate 
buffer and MES) after being in contact with the non-modified textiles and textiles with PB- and CuO-NPs for 72 h during 
three incubation steps (n=2). 
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In the second incubation, the survival percentage of bacteria on the textile surface and in 

solution was very similar to that obtained in the first incubation (53 % vs 49 % on surface; 0.3 % 

vs. 1.9 % in solution). However, the color change for the 109 CFU mL-1 E. coli suspensions was faster 

and deeper, losing around 50 % of the initial color in less than 20 h. As before, after 24 h the 

textiles started to recover the blue color by oxygen re-oxidation, reaching 90 % recovery after 40 

h. This difference may be attributed to a faster bacterial recruitment and attachment. It has been 

widely reported that during bacterial colonization of a surface, the recruitment of new bacteria is 

faster when a bacterial pre-layer is already present on that.21,22 In this case, previous incubation 

resulted in the formation of a biofilm-like structure covering more than 80 % of the textile surface. 

The presence of this bacterial pre-layer accelerated the recruitment of new bacteria, accentuating 

the kinetic difference previously observed between the sensing and the antibacterial mechanisms, 

and resulting in a faster and deeper color change.  

The antibacterial activity of the textiles decreased in the third incubation, with survival 

percentages of 69 % on the textile surface and 12 % in suspension. This was in agreement with 

colorimetric changes. Lower antibacterial activities resulted in larger color changes, being the first 

time that PB reduction was detectable in 108 CFU mL-1 sample. The color change produced by the 

109 CFU mL-1 sample was also faster and deeper than in the previous incubation, and this time the 

textile did not recover the initial color after incubation, probably by the large number of living 

bacteria present on its surface.  

In a second study, the response of the smart textile was evaluated in MES medium. The 

experimental protocol was identical than with phosphate buffer, with three consecutive 

incubations of 72 h. Main difference between media were: i) phosphate buffer (pH 7.2) provided 

a more physiological medium than MES (pH 6.2), which may benefit bacterial proliferation,23 and 

ii) the lower pH of MES increased the stability of PB-NPs in the textile.5  

The three incubation experiments in MES presented similar responses, with color changes 

only observed in the 109 CFU mL-1 sample. Along the 72 h of experiment (either during the first, 

second or third incubation), the textile was progressively losing color until stabilization around 50 

h of incubation. In contrast with phosphate buffer experiments, textiles incubated with bacterial 
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suspension in MES did not recover their initial color during the experiment. The lack of recovery 

suggested the presence of high concentrations of living bacteria on the textile, which was 

confirmed by confocal microscopy. Confocal images showed high bacterial concentrations in both 

phosphate and MES experiments, but the bacterial survival percentage was much higher in the 

case of MES (73 % vs 53 % in the first incubation; 76 % vs. 49 % in the second incubation; 86 % vs. 

69 % in the third incubation). This decrease in the contact killing efficiency may be associated to 

the lower stability of the antibacterial CuO-NPs on the textile when incubated in MES. This 

observation was in agreement with current bibliography, suggesting that the acidic pH of MES 

favored CuO-NPs release to the medium,24 and with the studies of bacterial survival in the medium 

presented below.  

As shown in Figure 4.2.17b, the amount of live bacteria in the medium was close to 0 (i.e. 

0.03 %) after the first incubation, but rapidly increasing to 37.5 % in the second incubation, and 

77 % in the third one. This result indicated that most antibacterial CuO-NPs were released to the 

medium during the first incubation, and only few remained on the textile, which responsible of 

the low antibacterial activity of the material. However, it was not a problem in this application of 

the smart textile, since this lack of antibacterial activity resulted in deeper color changes indicating 

the presence of living bacteria in the textile and the potential risk of infection of this bacterial 

contaminated surface. 

The full activity of the textile in the prevention of nosocomial infection resulting from 

the contact with contaminated surfaces is summarized in Figure 4.2.18. On the one hand, 

the smart textile responds to microbial colonization by killing bacteria through two 

mechanisms, namely i) contact killing of attached bacteria, and ii) diffusion of released 

antibacterial particles. The efficiency of these mechanisms depends on the physic-chemical 

characteristics of the medium and the experimental conditions, which determine the 

stability of the antibacterial NPs on the textile. When the material is losing antibacterial 

efficiency, a second mechanism is activated in the smart textile, which changes of color in 

response to the presence of living bacteria. This second mechanism is based on the capacity 

of bacteria to metabolize PB reducing it to colorless PW. This change of color is then 

informing on the bacterial colonization of the textile surface and its potential infectiveness, 
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and thus, on the need for its removal and/or disinfection. This dual mechanism may 

contribute to reduce bacterial infection risk in sensitive environments, such as hospitals, 

schools or healthcare centers, among others.  

 

 

However, the efficient implementation of this technology in real environments 

requires additional analysis, e.g. evaluation of the response in dry conditions, and 

improvements to enhance the sensitivity of the material, making it responsive to smaller 

bacterial concentration after shorter incubation times. These drawbacks were improved by 

testing alternative methods for the modification of the textiles, e.g. cyanotype method, which is 

presented below.  

 

Figure 4.2.18. Smart textiles antibacterial mechanisms. Antibacterial mechanisms scheme of the smart textiles: by 
direct contact killing on the textile surface and by CuO-NPs release to the medium. Live and dead bacteria are 
represented in green and red colors, respectively. PB- and PW-NPs are represented respectively by blue and white 
circles and CuO-NPs by yellow ones. 
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4.2.3 Production of cyanotype-based smart textiles 

The cyanotype process was invented by Herschel in 1842, and since then it has been widely 

used in many paintings and photographic processes due to its dark and intense blue color (Figure 

4.2.19).25 Cyanotype is a photocatalytic process in which, UV light is used to photoactivate 

ammonium ferric citrate, which reacts with ferricyanide to produce PB and its characteristic blue 

color.26 

 

 

In this case, PB was synthetized directly on the textiles. During the synthesis, UV irradiation 

causes a photochemical redox reaction in the ferric ammonium citrate complex, whereby the iron 

(III) is reduced to iron (II) and the citrate is oxidized initially to acetone dicarboxylic acid,27 as shown 

in equation (4.2.1): 

2 Fe3+ + C(OH)COOH(CH2COOH)2

hν
→ 2 Fe2+ + CO(CH2COOH)2 + CO2 + 2H+ (4.2.1) 

Then, according to the equation (4.2.2), the iron (II) couples with the ferricyanide to 

precipitate PB, producing an intense blue color on the substrate. 

Fe2+ +  [FeIII(CN)6]3−  →  FeIII[FeII(CN)6]− (4.2.2) 

 

Figure 4.2.19. Example 
of a cyanotype 
impression (by Rachel E. 
Church, 2019). 
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Thus, polyester-cotton samples (3 x 3 cm) were immersed in the solution containing 

ammonium iron citrate and ferricyanide. Then, samples were dried for 30 min and irradiated with 

UV light for different times from 30 s to 3 min. Finally, samples were washed with acidified water 

to remove impurities. In all conditions, samples with high homogeneity and color intensity were 

obtained, as shown in Figure 4.2.20.  

 

 

In an analogous procedure, polyester-cotton samples with sonochemically coated CuO-NPs 

were modified with PB by cyanotype process, endowing the textiles with both, sensing and 

antibacterial properties. SEM images were taken to characterize the obtained samples: textiles 

only containing PB-NPs and textiles modified with both PB and CuO-NPs (Figure 4.2.21). 

 

Figure 4.2.21. Cyanotyping fabrics and SEM images of a) polyester-cotton textile coated with PB by cyanotype, b) 
polyester-cotton textile coated first sonochemically with CuO-NPs and then with PB by cyanotype method.  

Figure 4.2.20. Different UV light irradiation times of the cyanotype process. Polyester-cotton textiles modified with PB 
by varying the UV irradiation time from 30 s to 3 min.  
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In both cases, the particles distribution was homogeneous, covering most of the surface of 

the fibers. Compared to the sonochemical coating, the PB particles synthetized by cyanotype 

modification showed cubic structures adhered to the fibers. In Figure 4.2.21b, both types of 

particles could be easily differentiated. While PB presented cubic structures with an approximated 

area between 0.25 - 0.5 µm2, CuO-NPs had spherical shape and the covered area was much 

smaller. 

Cyanotype modification presented two main advantages compared to sonochemical 

coating. First, as observed in Figure 4.2.21, this coating protocol was compatible with 

photolithography and thus, with the use of masks, it was possible to produce patterns by only 

modifying selected areas of the textile. Second, the PB modification is produced on the surface of 

the textile (i.e. superficial) and as shown in Figure 4.2.20, the penetration of the light and thus the 

thickness of the PB layer could be adjusted by varying the UV irradiation time. This fact was highly 

decisive in the bacterial-sensing response of the textile, since a thinner and superficial layer of PB 

may be metabolized faster by bacteria, producing color changes in shorter incubation times than 

those obtained with sonochemically coated textiles where PB-NPs were distributed throughout 

the entire sample thickness. Due to their homogeneity, color intensity and low thickness of the PB 

layer, 30 s of UV light radiation were selected as the optimal textile production conditions and 

used in further experiments. 

The electrochromic behavior of PB-modified textiles was tested chemically with a protocol 

completely analogous to the one used with sonochemically-coated textiles. That is, textile samples 

were immersed into a solution containing 0.5 M NaBH4 as reducing agent and then, into a solution 

with 0.5M H2O2 as oxidizing agent. Pictures of the textiles after these processes are showed in 

Figure 4.2.22a and Figure 4.2.22b for textiles only containing PB and textiles with PB and CuO-NPs, 

respectively. 
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After addition of the reducing agent, modified textiles lost their blue color instantaneously, 

by the reduction of PB to PW. In the case of the samples modified with both, PB and CuO-NPs, the 

color change was also produced, but this time the change of color was less evident than with 

textiles only with PB due to the brownish color of the CuO-NPs. Then, in contrast to the 

sonochemical coated samples, the addition of H2O2 resulted in the full recovery of the initial blue 

color. This fact confirmed the higher structural stability of the PB particles synthetized by 

cyanotype method compared to those sonochemically produced.  

These electrochromic properties of the smart textiles were evaluated in the presence of 

bacteria, to determine their bacterial-sensing activity after PB-modification through cyanotype 

process. 

 

 

Figure 4.2.22. Smart cyanotyping textiles redox analysis. Samples pictures obtained with chemical redox reactions by 
addition of reducing (NaBH4) and oxidizing (H2O2) agents for samples containing a) PB and b) PB- and CuO-NPs. 
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4.2.3.1 Bacterial-sensing capacity of the smart textiles 

In a preliminary experiment, the bacterial-sensing capacity of textiles modified through 

cyanotype process was evaluated against the Gram-negative bacteria E. coli and the Gram-positive 

bacteria S. aureus in liquid media. For that purpose, PB-modified textiles were incubated with 

bacterial suspensions of 108 CFU mL-1 in LB broth media at 37 C. Textile samples provided 

detectable color changes in less than 2 h and the complete color disappearance was achieved after 

9 h of incubation for both types of bacteria (Figure 4.2.23).  

 

 

In a second experiment, the bacterial-sensing capacity of the PB-modified textiles was tested 

in dry conditions by optical inspection. Thus, polyester-cotton textile samples (1 x 1 cm) modified 

with PB through cyanotype method were placed in independent LB agar Petri dishes. Then, 100 

µL of E. coli suspensions from 102 to 108 CFU mL-1 in MH medium were added to each textile 

sample. MH medium without bacteria was used as control. Then, the plates were introduced in an 

incubator and kept at 37 C for the duration of the experiment. Textile images were acquired every 

10 min with a micro camera during 24 h. The bacterial-sensing capacity was evaluated by 

calculating the percentage of color lost on the textiles, taking as the 100 % the initial color of the 

polyester-cotton textile samples without modification. The experiment was repeated three times 

and results were expressed with their standard deviations. The resulting graph and pictures of the 

textiles after 24 h of incubation are shown in Figure 4.2.24. The legend shows the real amount of 

Figure 4.2.23. Bacterial-sensing capacity of the smart textiles in liquid medium. Pictures of PB-modified textiles after 9 
h incubated in a LB nutrient media containing E. coli and S. aureus suspensions of 108 CFU mL-1. 
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bacteria present on the textiles surface, which was calculated after plating and counting the initial 

bacterial samples.  

 

 

The color of the control samples remained constant along the experiment. Similarly, textiles 

in contact with 70 and 700 CFU also showed no detectable changes during the incubation time. It 

is important to remark, however, that both samples changed of color when increasing the 

incubation time the incubation time beyond 24 h, indicating that it may be possible to detect very 

low bacterial concentrations with the cyanotype-based textile.  

Textiles in contact with bacterial samples above 102 CFU showed important color changes 

detectable with the bare eye after less than 15 h of incubation. Concretely, suspensions containing 

Figure 4.2.24. Bacterial-sensing activity of PB-modified textiles by cyanotype method. Quantification of PB-modified 
textiles color loss after being in contact with 100 µL of different concentrations of E. coli (from 102 to 107 CFU mL-1) in 
MH medium (pH 6.2), placed in agar plates. Final amounts of bacteria on the textiles are shown the legend. As control, 
100 µL of MH medium without bacteria were added to PB-modified textiles. Color loss was expressed as percentage 
versus unmodified-textiles color (n=3). In the schematic table, representative images from the textiles can be seen 
after 24 h of the experiment. 
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7·103 CFU produced an observable change after 12 h and for those containing 7·106 CFU it was 

visually detected in less than 6 h. Therefore, the detection time was shorter for higher bacterial 

concentrations. Thus, color changes with these samples were significantly faster than with those 

sonochemically probably due to the smaller thickness of the PB layer.  

4.2.3.2 Smart biocide/bacterial sensing cyanotype-based textiles  

Finally, the PB influence on the antibacterial activity and the stability of the antibacterial NPs 

on the smart textiles produced by the cyanotype method was evaluated with an analogous 

experiment to that performed with the textiles sonochemically coated. Thus, cyanotype textile 

samples were incubated in MES medium for 24 h and the solution was divided in two parts. One 

aliquot was analyzed by ICP-OES to determine the amount of Cu released form the textiles to the 

medium and the other was incubated with E. coli (initial E. coli concentration in the medium = 108 

CFU mL-1) overnight (18-20 hours) at 37 C to evaluate its antibacterial activity. As in the previous 

case, textiles without any treatment were used as control samples. 

The ICP-OES analysis of the medium revealed that Cu was released in both, textiles only 

containing CuO-NPs and PB/CuO-NPs (Figure 4.2.25a). As observed with the sonochemically 

coated samples, the amount of Cu2+ in the medium was much smaller when the textile was also 

modified with PB-NPs. However, with cyanotype method, the difference was even higher, reducing 

the amount of Cu almost five times when comparing with the textiles only modified with CuO-NPs, 

i.e., from 0.59 ± 0.04 mg L-1 to 0.13 ± 0.07 mg L-1. This data confirmed that the textile modification 

with PB through the cyanotype method stabilize the CuO-NPs on the fabrics even more than when 

modified by sonochemical coating.  
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In a second experiment, the MES medium with the Cu2+ released from the textiles was was 

incubated overnight with E. coli suspensions. Accordingly to the previous experiment, the bacterial 

survival percentage for textiles modified with PB and CuO-NPs showed in Figure 4.2.25b was even 

higher than the obtained for the sonochemical coating process (almost 90 %), which confirmed 

the higher stability of this process. This fact indicates that probably, the main antimicrobial 

mechanism performed for this smart textiles is by direct contact killing, since most of the CuO-NPs 

remained in the textile fibers. 

The antibacterial capacity of the smart textiles was evaluated after incubation of E. coli 108 

CFU mL-1 in MES medium (pH 6.2) for 48 h with the textiles modified with PB, CuO-NPs and both, 

PB and CuO-NPs. Aliquots of the medium were taken at different times (7, 24 and 48 h) and plated 

on agar plates for cell counting. The percentage of E. coli survival was calculated by comparison 

with the E. coli concentration at the beginning of the experiment. Polyester-cotton textiles without 

any treatment were used as control samples. The results are illustrated in Figure 4.2.26. 

 

 

 

Figure 4.2.25. Cu NPs release to MES medium from cyanotype textiles. a) Amount of Cu2+ obtained from the ICP-OES 
analysis of the medium (n=3). b) Percentage of survived E. coli in the medium after 24 h incubation (n=3). 
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Samples only containing PB-NPs showed low or null antibacterial activities, very similar to 

those obtained by the controls. On the other hand, samples containing CuO-NPs or both PB and 

CuO-NPs presented biocide activity, as expected by the presence of CuO, but with different 

antimicrobial kinetics. That is, the presence of PB-NPs increased the antimicrobial kinetics, being 

able to record bactericidal activities after only 7 h of incubation, while samples only containing 

CuO-NPs required more than 24 h to provide bactericidal activities significantly different than the 

control samples. After 48 h of incubation, both samples with CuO and PB/CuO presented a quite 

similar bactericide activity. From this experiment, it can be concluded that the PB-modification by 

cyanotype process accelerated the antibacterial capacity of the smart textiles, which may be 

associated to a synergistic effect of both NPs associated to inner redox processes between NPs 

and or to geometrical factors, such as an increase in the surface area or a higher attraction to 

bacteria by the surface charge of PB. The exact mechanism is still under discussion.  

Figure 4.2.26. Antibacterial activity of the cyanotype-modified smart textiles. Percentage of survival E. coli after 
incubation with an E. coli suspension of 108 CFU mL-1 for 24 h. Live bacteria in the medium was counted at different 
times: 7, 24 and 48 h (n = 3). The percentage of survival E. coli was calculated by comparison with the initial 
concentration of bacteria. 
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4.2.4 Conclusions 

To prevent HAIs risks, a smart hospital fabric able to detect the presence of living bacteria 

by changing its own color is developed here based on the incorporation of PB-sensing NPs by two 

technologies, i.e., sonochemical coating and cyanotype process. In the first case, only freshly-

prepared PBIns-NPs can be sonochemically incorporated in textile with sufficient concentration and 

homogeneity for bacterial sensing. Optimal conditions require sonication of 0.08 mM PB-NPs for 

15 minutes in a single-step ultrasonic process. PB-NPs in the textile are not antibacterial or 

cytotoxic, and maintain the bacterial-sensing capacity reported in solution both for Gram-positive 

and Gram-negative bacteria. In the latter case, a detectable color change is observed after 5-6 

hours of incubation in high bacterial concentrations (109 CFU mL-1), with a total color change after 

40 hours. The textile recovers the color when bacteria die by re-oxidation mediated by 

environmental oxygen. Thus, these smart textiles allow the detection of live bacteria in situ, which 

are even detectable with the naked eye. In addition, smart textiles with bactericidal and bacterial-

sensing capacities have been developed. Sonochemical coating of polyester-cotton textiles with 

CuO- and PB-NPs resulted in a homogeneous distribution of both NPs, covering more than 95 % 

of the textile surface. Furthermore, the ICP-OES study revealed that the amount of CuO-NPs 

released to the media was reduced to half when PB was incorporated, while the antibacterial 

activity remained intact. Thus, the PB matrix stabilized CuO-NPs on the fibers, extending the shelf-

life of the antibacterial material without compromising its antibacterial activity. SEM images, EDX 

and XAS analysis confirmed that after chemical reduction and oxidation processes with NaBH4 and 

H2O2 respectively, textiles did not recover the initial PB structure. However, after reduction by 

bacteria and re-oxidation by environmental oxygen, the PB structure on the textiles had very 

similar response to that obtained by the initial textile with either PB, or PB- and CuO-NPs, which 

confirmed that the antibacterial NPs did not interfere the electron exchange between bacteria 

and PB. The electrochromic response of the smart textiles was evaluated in two different media, 

i.e. phosphate buffer and MES. In both conditions, the coated textiles showed color change from 

blue to colorless due to the metabolic reduction of PB caused by the presence of live bacteria. In 

phosphate, the CuO-NPs were more stable on the fibers and after killing bacteria, the textiles 

recovered the blue color due to re-oxidation from PW to PB. However, in MES medium, a large 



 

153 
 

amount of bactericidal NPs was released to the medium and the bacteria attached to the textile 

remained alive. The  high living bacteria concentration in the textile due to the lack of antibacterial 

activity impeded the blue color recovery, indicating the risk of infection due to the presence of 

living bacteria on the textile surface. Based on that, two different mechanisms were elucidated to 

describe the antibacterial capacity of the smart textiles: (i) contact killing, and (ii) bacteria kill 

owing to release of antibacterial NPs. The efficiency of those mechanisms will depend on the 

medium and the experimental conditions. Once the antibacterial activity of the smart textile is 

reduced, the bacterial-sensing capacity will produce a color change due to the presence of live 

bacteria, warning for a risk of infection. Finally, the smart textile sensitivities and detection times 

were improved by modifying the textiles with PB through a photocatalytic cyanotype process. 

Smart textiles obtained by cyanotyping showed an intense blue color and a clear color change in 

presence of bacteria due to PB reduction to PW. Chemical redox reaction showed higher stability 

of the PB-NPs on the textile fibers. Besides, the antibacterial NPs release is diminished in the PB 

presence, even more than with the sonochemical coating method. Smart textiles showed faster 

sensing activities with color changes observable with naked eye in less than 6 h when in contact 

with 106 CFU in dry conditions, which closer to the real application of the textile. Antibacterial 

capacity of the smart textiles was also improved with the presence of PB on the fibers, killing 

almost a 40 % more than textiles only containing CuO-NPs in 7 h. This dual mechanism of the nano-

enabled fabrics might contribute to the control and prevention of bacterial infections in hospitals, 

schools or healthcare centers, among others. 
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4.3 

Smart Filters for in situ Live Bacteria Detection in Water 
 

Abstract 

To prevent the biofouling in membrane filters for water treatment, traditional techniques 

such as coagulation-flocculation, adsorption or ion exchange are used, relying in long protocols 

and low effectivity. Besides, most of times, bacterial contamination in water requires periodical 

analysis which result expensive. In this chapter, smart filters able to detect the presence of 

bacteria in situ are developed. Color changes are observed by naked eye in 9 hours for high 

bacterial concentrations. The sensitivity and time response of the method are improved by the 

use of a sensing platform, which allowed the pre-concentration of the sample and enhance the 

sensitivity of the method with the use of optical fibers. Hence, color changes are detected in 2 

hours for bacterial concentrations of 104 CFU mL-1. Smaller concentrations also produced color 

changes in less than 5 hours. In addition, Ag-NPs are introduced on the filters showing high 

antibacterial capacity. Filter samples change their color response when biocide NPs were present 

or not, informing of the 

presence of live bacteria in 

situ. This technology can be 

applied in real water 

samples analysis, reducing 

the formation of biofouling 

and allowing to sense the 

presence of bacteria in 

water. 
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4.3.1 Filters modification with PB by cyanotype process and characterization 

PB was introduced in the membrane filters through the same cyanotype process described 

for the polyester-cotton textiles. The procedure followed is schematized in Figure 3.4 (Materials 

and Methods section). After the cyanotype modification process, the characteristic and intense 

blue color from PB was observed on the samples. Figure 4.3.1 shows a picture of a nitrocellulose 

filter modified with PB and the SEM image of its surface, which reveals the characteristic cubes 

structures of PB also shown in the case of the textiles modified through cyanotype process. 

 

To optimize the method, two different types of materials were tested with different pore 

sizes, (i) nitrocellulose (NC) filters with 0,2 µm pore size and (ii) mixed cellulose ester (MCE) filters 

with 0,22 µm and 0.45 µm pore size, all of them with a diameter of 25 mm. The influence of 

applying different UV irradiation times to the filters surface (from 10 to 120 s) was also evaluated 

for the samples optimization.  

The characterization of the obtained samples was developed by obtaining the visible-spectra 

in five different points of the filter by using a reflection/backscatter probe. In Figure 4.3.2, the 

images of the front and backsides of the filters are shown as well as the obtained spectra for four 

different irradiation times: 10, 30, 60 and 90s. These results were separated by material and pore 

size. For all the conditions, the characteristic peak of PB appeared around 700 nm. Comparing the 

front and backsides, the longer was the irradiation time the deeper was the PB layer. Thus, when 

filters were irradiated for 90s, the spectra of both sides were more similar than with shorter 

irradiation times. When comparing the type of material, more intense blue color was obtained for 

Figure 4.3.1. PB-modified filter. 
Picture of the filter modified 
with PB by cyanotype method 
and SEM image of its surface. 
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MCE (Figure 4.3.2b and Figure 4.3.2c) than for NC filters (Figure 4.3.2a). However, the deviation 

bars provide information about the homogeneity of the PB-coating, being the NC samples the 

most homogeneous material. For this reason, the NC was the optimum filter material selected for 

further experiments. 

 

 

4.3.2 Optimization of the filters color change by UV irradiation time study 

The principle of sensing is the same as studied in the previous chapters. When live bacteria 

is present on the filter surface, this will show a focalized color change from deep blue to colorless 

due to the PB reduction by bacterial metabolism (Figure 4.3.3a). For this purpose, it is important 

to maintain live bacteria adhered on the filters fibers. To study the bacterial retention on the filters 

surface, an E.coli suspension of 107 CFU mL-1 was passed through the smart filters of two different 

porous sizes (0.2 and 0.45 µm). The amount of live bacteria was evaluated with confocal images 

Figure 4.3.2. PB-modified filters and their optical characterization spectra. Pictures and absorbance spectra obtained 
in five different points of each sample in both, the front (in blue color) and the backsides (in green color) of the filters. 
The experiment was developed for three different types of samples: a) NC filters with 0.2 µm pore size, b) MCE filters 
with 0.45 µm pore size and c) MCE filters with 0.22 µm pore size. For each condition, different irradiation times were 
evaluated: 10, 30, 60 and 90s. For all the samples, n=3.  
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of both types of filters and the filtered water was plated for counting. Confocal images are shown 

in Figure 4.3.3b and Figure 4.3.3c for pore sizes of 0.2 µm and 0.45 µm, respectively. Resulting 

images showed higher bacterial retention in the filters with a porous size of 0.2 µm. These results 

were in concordance to the counts made in the filtered medium, showing a 99 % of the amount 

of bacteria filtered vs. 2 % for pore sizes of 0.45 µm and 0.2 µm, respectively. For these reasons, 

the pore size used in further experiments was 0.2 µm.  

 

 

The UV irradiation time applied during the cyanotype modification process was optimized 

by evaluation of the bacterial-sensing response of the smart filters at the different conditions. 

Thus, 10 mL of an E.coli bacterial suspension of 107 CFU mL-1 were passed through PB-modified 

filters coated at different UV irradiation times (30, 40, 50, 60, 90 and 120 s). Then, filters were 

incubated in 2 mL of MH medium (pH 6.2) and the color change of the filters was monitored during 

50 h. As control, PB-modified filters in MH medium with no bacteria were used. The experiment 

was carried out three times to study the repetition of the results. The percentage of the color lost 

was calculated by comparison with the non-treated samples. Resulting graphs are shown in Figure 

4.3.4.  

Figure 4.3.3. Principle of sensing and bacteria retention on the filters surface. a) Scheme of the principle of sensing of 
the smart filters. Confocal images after filtration of a 107 CFU mL-1 E. coli suspension through filters of two pore sizes: 
a) 0.2 µm and b) 0.45 µm.  
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Control samples remained stable throughout the experiment. For the rest of them, initially 

samples presented an intense blue color, which completely disappeared along the experiment. 

However, to observe the color changes by naked eye, only the 20 % of the color lost was necessary, 

which is represented at the graph in the right side. Two important parameters to take into account 

were the time when the sample started to change the color and the observed rate for the 

complete disappearance of color (the slope of the curve). These parameters are quantified in Table 

4.3.1 for all the UV irradiation times tested, where the slope of the obtained curves represents the 

bacterial metabolic reduction kinetics of PB.  

 

Table 4.3.1. Initial color change and slope parameters obtained for different UV irradiation times. 

 

 

 UV irradiation time (s) 

 30 40 50 60 90 120 

Initial color 
change (h) 

2,5 5,1 4,7 2,7 4,7 20,7 

Slope 6,09 ± 0,06 6,08 ± 0,09 5,39 ± 0,24 6,08 ± 0,1 11,19 ± 0,15 5,04 ± 0,07 

Figure 4.3.4. Bacterial-sensing response of the filters modified with different UV irradiation times. Percentage of color 
lost measured during 50 h in 2 mL of MH medium after filtering 10 mL of E. coli 107 CFU mL-1. The percentage of color 
lost was calculated by comparison with the unmodified filters. As control, PB-modified filters without bacteria were 
used. The graph on the right side shows the results in the range visible by naked eye (below 20 % of color lost). For all 
the conditions, n=3. 
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Although color changes were observed earlier when filters were irradiated 30 s, the fastest 

reduction of PB coated on the filters by bacterial metabolism occurred when samples were 

irradiated for 90 s. This phenomenon may be related to the depth of the UV irradiation applied to 

the samples, which may produce a different distribution of PB-NPs throughout the thickness of 

the filter. To study that, SEM images were taken to the cross section of the filters. The composition 

of those parts was determined by EDX and a mapping of the iron atoms distribution was 

performed. Figure 4.3.5 illustrates the obtained results for control filters (nitrocellulose filters 

without PB) and for PB-modified filters irradiated with UV during 30 and 90 s.  

 

 

The EDX analysis of the SEM images revealed the presence of iron atoms in both samples 

containing PB, which was higher for filters irradiated 90s. In addition, the mapping distribution of 

the iron atoms through the cross section of the filters confirmed that when samples were 

irradiated with longer times, the PB-layer formed on the filters surface was deeper, covering the 

Figure 4.3.5. Cross section analysis of the smart filters. SEM images, EDX analysis and mapping of the Fe ions distribution 
through the cross section of NC filters modified with PB by UV irradiation times of 30 and 90s and filters without 
modification.  
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full thickness of the filter when irradiated for 90 s. This fact may be related to the higher slopes 

showed in Figure 4.3.4, which produced faster PB reduction kinetics along the full experiment. This 

fact is probably due to an electrocatalytic process generated between PB- particles, in which, the 

transfer of electrons could be accelerated through the filter thickness, producing faster color 

changes. For this reason, UV irradiation of 90 s were chosen as the optimal conditions to test the 

filters color change produced by the presence of live bacteria, as long as the color change is 

evaluated by the naked eye.  

With the optimal conditions already selected, the bacterial-sensing capacity of the smart 

filters was evaluated by using NC filters with 0.2 µm of pore size and modified with PB by UV 

irradiation during 90 s.  

4.3.3 Bacterial-sensing evaluation of smart PB-modified filters 

The bacterial-sensing capacity of the smart filters was evaluated for the filters modified with 

PB. Thus, 10 mL of different E. coli suspensions from 102 to 107 CFU mL-1 were passed through the 

filters and they were incubated in 2 mL of MH medium (pH 6.2). The color change was monitored 

for 75 h. As control, PB-modified filters without bacteria were incubated in MH. The resulting 

graphs are shown in Figure 4.3.6. 

 

Figure 4.3.6. Bacterial-sensing evaluation of PB-modified filters. Color lost percentage of the PB-modified filters 
obtained after filtering 10 mL of E. coli suspensions from 102 to 107 CFU mL-1. Samples were immersed in 2 mL of MH 
and images were taken every 10 min for color quantification. The percentage of color lost was calculated by 
comparison with the unmodified filters. The graph on the right side shows the results in the range visible by naked 
eye (below 20 % of color lost). For all the conditions, n=3. 



 

165 
 

For all the bacterial concentrations, the filters shown a color lost correlated with the 

bacterial concentration, while the control remained constant along the experiment. All the curves 

presented similar slopes. At the graph on the right side, color changes perceived by naked eye are 

represented. For the highest concentration of bacteria tested (107 CFU mL-1), color changes were 

detected in 9 h and the lowest concentration of bacteria (102 CFU mL-1) took 40 h in showing color 

changes. Therefore, the bacterial-sensing activity of the smart filters was proved. However, in 

order to apply the system to a real conditions, shorter detection times with lower bacterial 

concentrations are required. 

It is important to remark that since bacteria was retained on the filter surface, the real 

amount of bacteria detected depends on the filtrated volume. For example, in the case of filtering 

10 mL of a bacterial suspension of 107 CFU mL-1, the real amount of bacteria on the filter 

corresponds to 108 CFU, thus by increasing the volume filtered, the detection could be achieved 

in shorter times. For this reason, a sensor platform was developed for further experiments, which 

allowed the pre-concentration of the samples by filtering higher volumes of sample. In addition, 

the system incorporated optical fibers, allowing sensing the color changes in situ and in shorter 

times. The design and implementation of this system will be explained in the next sections. 

4.3.4 Sensor platform design and fabrication 

Intending to reduce the detection time, a photonic prototype was designed based on 

previous works developed within the framework of Josune J. Ezenarro’s PhD thesis. These works 

demonstrated the ability of the device to pre-concentrate different bacteria like E. coli,12 

Legionella pneumophila13,14 and cyanobacteria15 by flow-through membrane filtration. For this 

thesis, the device's design was adapted, especially the upper part, by including a permanently 

attached adapter fabricated in PMMA to introduce a reflection/backscatter probe inside the 

incubation chamber, increasing the sensitivity for detecting membrane colour changes produced 

by living bacteria. The sensor design and the experimental procedure followed are described 

below. 
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The design of the pre-concentration and sensing device is shown in Figure 4.3.7 and included 

all elements for fluid management and positioning the optical fiber required for absorbance 

measurement in situ. The holder consisted of 50 mm in diameter parts assembled by screws and 

sealed by a rubber O-ring (20 mm in inner diameter and 3 mm in width) to ensure water tightness. 

The upper part was composed of: (i) a 4 mm thread bolt for a universal Luer connector to connect 

a valve controlled double fluidic inlet for the water filtration and MH media incubation; (ii) a cavity 

to implement the rubber O-ring; (iii) a second cavity of 17.5 mm diameter and 2.8 mm of depth 

used as an incubation chamber with a hole of 4 mm for the incorporation of an additional 

polymeric structure, also fabricated in PMMA by milling and assembled and sealed by UV curable 

optical adhesive (Norland Optical Adhesive 68, Norland Products, inc. Cranbury, NJ 06512) to 

introduce a reflection/backscatter probe (QR600-7-SR125BX, Ocean Insights) inside the incubation 

chamber. This PMMA structure had external and inner diameters of 4 mm and 3.1 respectively 

and allowed positioning the optical fiber to a distance of 2 mm from the membrane. The fiber was 

simultaneously connected to the light source as well as to an external used as the optical detector, 

working as a light-emitting and collection source. The bottom part was a planar socket to place 

the modified NC membrane with evacuation channels facilitating water exit towards the outlet. 

Figure 4.3.7. 3D design of the pre-concentration and sensing device.  Design of the sensing platform used for 
measuring the bacterial-sensing capacity of the PB-modified filters. The design was performed by using 
Rhinoceros 6 software (Robert McNeel & Associates). 
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4.3.5 Bacterial-sensing evaluation of smart PB-modified filters on the sensor platform 

Since the sensing platform allowed to detect the presence of bacteria in shorter times, a 

preliminary test was developed to evaluate the different response of filters irradiated with UV light 

for 30 and 90 s. Thus, 10 mL of a 105 CFU mL-1 E. coli suspension in water was filtered manually 

through both types of PB-modified samples by using the sensor platform. Once samples were 

filtered, by changing the valve positioning, the water inlet was closed to open the medium inlet. 

Then, 700 µm of MH medium (pH 6.2) were added to the chamber for enhance bacterial growth. 

The lamp was activated and the absorbance spectra of the filters surface was acquired each hour 

during 5 h. Between measurements, the light source was turned off because a large exposure to 

light affected the color of the samples.  

Figure 4.3.8a shows the obtained spectra for PB-modified filters irradiated with UV light for 

30 s. The peak centered at 700 nm typical from the PB color is decreasing over time due to the PB 

reduction by bacterial metabolism. It is important to notice that the time of response and the 

bacterial concentration were greatly reduced comparing with the previous results. The 

absorbance values at 700 nm for both samples were represented in a separate graph (Figure 

4.3.8b) to compare the kinetics of their responses. 

 

 

Figure 4.3.8. Sensing response of the pre-concentration system by varying the UV irradiation time. a) Absorbance 
spectra obtained when a PB-modified filter irradiated with UV light for 30 s was filtered with 10 mL of 105 CFU mL-1 E. 
coli suspension. b) Absorbance values at 700 nm for filters irradiated for 30 and 90 s with UV light (n = 2). 
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Both type of filters were reduced in presence of bacteria after 5 h. However, it was clearly 

seen that filters irradiated for 30 s showed faster responses to bacterial metabolism. In fact, this 

difference could be observed after 1 h of experiment, since their response within the first hour 

was the same. In summary, filters irradiated for 90 s showed the optimal properties for being used 

in a visual inspection, while those irradiated for 30 s were the most suitable for bacterial detection 

when using the pre-concentration device. 

Therefore, the bacterial-sensing capacity of the PB-modified filters was studied in the pre-

concentration system with filter samples irradiated with UV light for 30 s, using as model 

microorganism E. coli. Thus, different E. coli suspensions in a concentration range from 104 to 107 

CFU mL-1 were filtered using different volumes of sample in each case. The selection of the 

volumes was determined by the pore saturation, since high concentrations of bacteria produced 

saturation when high volumes were employed. Bacterial suspensions were prepared in water 

media filtered twice, for avoiding the presence of other bacteria. This media was used for filtering 

the control PB-modified filters, without bacteria. Absorbance spectra of the filters’ color was 

acquired each 10 min for 2 h. The slopes of the PB reduction kinetics were obtained from the 

values at 700 nm as in the previous case. The bacterial concentration, volume filtered and the 

slope obtained in each case are specified in Table 4.3.2.  
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Table 4.3.2. Data obtained for the measurement of the bacterial-sensing capacity of the smart filters. 

 

The total CFU on the filter surface and the slope of the PB reduction kinetics were 

represented and the calibration curve was obtained. Results are illustrated in Figure 4.3.9. 

   

E. coli concentration 

(CFU mL-1) 

filtered volume  

(mL) 

Total CFU on the 
filter 

slope 

0 100 0 1,37·10-4 

0 100 0 1,42·10-5 

2,5·104 100 2,5·106 -8,15·10-5 

6,7·104 100 6,7·106 -8,47·10-5 

7,3·105 100 7,3·107 -2,55·10-4 

7,1·105 100 7,1·107 -2,32·10-4 

7,1·106 70 5,97·108 -7,30·10-4 

4,1·106 70 2,87·108 -3,43·10-4 

Figure 4.3.9. Calibration curve of the bacterial-sensing capacity of the smart filters. Calibration curve obtained from the 
filtration of different bacterial suspensions of E. coli (from 104 to 106 CFU mL-1) through the PB-modified filters. 
Depending on the filtered volume, the total CFU on the filter surface was calculated and represented versus the slope 
of the PB reduction kinetics of each sample (n = 2). 
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Results showed a good correlation (R2 = 0.96) between the amount of CFU present on the 

filter and the slope obtained for each value. The limits of detection and quantification were 

calculated for these conditions (e.g. bacterial detection in two hours), being 2.33·108 and 7.75·108 

(total CFU on the filter) respectively.  

To evaluate the bacterial-sensing capacity against other microorganisms present in water, 

PB-modified filters were tested using three different types of bacteria, namely p. putida, vibrio and 

alteromonas. Thus, each bacteria was suspended in filtered water and 100 mL of 106 CFU mL-1 was 

passed through the smart filters. The experiment was repeated twice for each bacteria. The slopes 

of the color change obtained at 700 nm were (-2,54 ± 0,01) ·10-4, (-2,66 ± 0,58) ·10-4 and (-2,43 ± 

0,79) ·10-4  for p. putida, vibrio and alteromonas, respectively. These values are close between 

repetitions and show concordance with those obtained for E. coli, proving the repeatability of the 

method. Besides, it demonstrates that can be applied for a wild range of different bacteria types 

since PB metabolic reduction is produced by electrons acceptance from the ETC. 

Finally, the bacterial-sensing response was evaluated for smaller concentrations of bacteria 

by increasing the time of the measure. Therefore, 100 mL of an E. coli bacterial suspension of 103 

CFU mL-1 were passed through the PB-modified filters and the color change was measured for 5 h 

as previously described. The absorbance values at 700 nm obtained each 10 min are represented 

in Figure 4.3.10. 

Figure 4.3.10. Bacterial-sensing response of PB-modified filters against an E. coli suspension of 103 CFU mL-1. Absorbance 
values at 700 nm obtained by filtration of 100 mL of an E. coli suspension of 103 CFU mL-1. Measurements were 
performed every 10 min and the color changes were recorded for 5 h. 
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In the resulting graph, it could be observed that there was not change of color during the 

first hour of the experiment. After that time, the filter was losing its color progressively. For this 

reason, the slope of the color change was determined after one hour of experiment, being of the 

order of 10-3, which was much higher than the previous studied, taking into account that the real 

amount of CFU in contact with the filter surface was 105 CFU. This result indicates that the sensing 

system is able to detect the presence of living bacteria even with low concentrations and 

sensitivity of the method can be improved by both, filtering higher volumes or measuring for 

longer times. 

4.3.6 Production of the smart antimicrobial filters 

For the production of the smart filters with antimicrobial capacity, filter samples were 

modified first with the antimicrobial agent and then, with the PB by cyanotype process. Ag-NPs 

were used as the antimicrobial compound on the filters surface and were produced in situ by the 

IMS method explained in the materials and methods chapter. Briefly, filter samples were 

immersed in a precursor solution of AgNO3 of different concentrations (from 0.4 to 100 mM) for 

30 min. Then, 0.05 M NaBH4 was added for 15 min to reduce Ag ions and promote the Ag-NPs 

adhesion into the fibers of the filters. Finally, samples were washed and let dry at 37 C overnight. 

Obtained filters had an intense blue color (Figure 4.3.11) similar to those modified only with PB. 

In the SEM image, the cubic structures of the PB can be clearly identified as well as the Ag-NPs, 

forming aggregates of small spheres attached on the NC fibers of the filter. 

 

Figure 4.3.11. Smart filter and SEM 
image. Picture of the filter modified 
with PB and Ag-NPs (2mM) by 
cyanotype and IMS methods, 
respectively and SEM image of its 
surface 
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4.3.7 Antibacterial capacity of the smart filters 

The selection of the optimal concentration of Ag-NPs on the filters was determined by an 

antibiogram test. Thus, MH agar plates were completely covered with E. coli bacteria and filters 

modified with PB and Ag-NPs at different concentrations were placed along the MH plates and 

kept at 37 C overnight. After the incubation process, the zone of inhibition (e.g., the area around 

the filters where there was no living bacteria) was measured. 2 mM was the minimum 

concentration of Ag-NPs in which the zone of inhibition was observed, so it was selected as the 

optimal for further experiments. 

For the determination of the antibacterial activity of the smart filters, the different samples 

were filtered with E. coli bacterial suspensions and placed in Eosin Methylene Blue (EMB) agar 

plates at 37 C overnight for counting survival bacteria on the filter surface. The experiment was 

developed in three samples of each type: filters modified with PB and with PB and Ag-NPs. As 

control, NC filters were used. EMB plates were used in this experiment because they are 

fluorescent and facilitate the counting when illuminated with UV light (See Figure 4.3.12). The 

percentage of survival bacteria was calculated by comparing the CFU counted in the plates with 

the initial E. coli concentration filtered. Results showed survival percentages of (82.5 ± 3.5) % and 

(76.9 ± 6.2) % for the control and PB samples. However, in the samples modified with PB and Ag-

NPs no live bacteria was found, which prove the good effectivity of the smart filters. 

 

 

Figure 4.3.12. Antibacterial activity of the smart filters. Images of the different filter samples after filtration of E. coli 

suspensions and incubation at 37 C overnight.  
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4.3.8 Smart-sensing activity and biocide NPs release study 

Finally, the influence of the antibacterial NPs on the electrochromic response of the smart 

filters and their stability were evaluated. Filter samples with PB and PB/Ag-NPs were filtered with 

10 mL of bacterial suspensions of 104 and 108 CFU mL-1 and cut in four equal parts. Two of them 

were incubated in 2 mL of MH medium and the color changes were recorded for 50 h (Figure 

4.3.13). As controls, filters modified with PB and PB/Ag without bacteria were used. The other two 

parts were submerged in 2 mL of MH and the medium was analyzed by ICP-OES at different times 

to determine the amount of Ag-NPs released form the filters. For comparison, filters modified with 

Ag were also included.  

 

 

The electrochromic response of the filters was highly influenced by the presence of Ag-NPs, 

since their color change was produced in longer times due to the antimicrobial activity of the smart 

textiles. Thus, when samples modified with PB were filtered with 108 CFU mL-1 E. coli suspension, 

color changes were produced after 2 h, while when containing Ag-NPs, filters took almost 10 h in 

start the change of color. In an analogous way, when the bacterial suspension was 104 CFU mL-1, 

Figure 4.3.13. Bacterial-sensing response of the smart antibacterial filters. Percentage of color change obtained after 
filtering 10 mL of 108 and 104 CFU mL-1 E. coli suspensions through the filters modified with PB and with PB/Ag-NPs.. 
Filters were incubated in 2 mL of MH and the color change was recorded for 50 h. As controls, filters modified with 
PB and PB/Ag-NPs without bacteria were used. For all the samples, n = 3. 



174 
 

samples delayed almost 10 h in produce the color change when comparing the PB-modified filters 

against PB/Ag-NPs samples. To understand the relationship of these changes between the NPs 

stability, ICP-OES study was realized after: (i) 2 h, when samples showed no changes; (ii) 10 h, 

when filters modified with PB have changed while samples with PB and Ag-NPs started changing 

(filtered with 108 CFU mL-1); and (iii) 28 h, when the last situation occurred for samples filtered 

with 104 CFU mL-1. Results of ICP-OES analysis are shown in Figure 4.3.14. 

 

 

At the beginning of the experiment, samples showed similar amounts of Ag in the medium. 

After 10 h, samples filtrated with 108 CFU mL-1 incremented the Ag-NPs release to the medium, 

just before start the color change, probably because most of the NPs were in the medium and 

bacteria attached to the textile could remain alive, producing the color changes. After 28 h, the 

textile completely lost its color, and the amount of Ag-NPs was quite similar to the obtained at 10 

h. The amount of Ag-NPs for samples filtered with 104 CFU mL-1 was similar to that obtained for 

108 CFU mL-1 at 10 h.  

Figure 4.3.14. Ag-NPs release to the medium. Amount of Ag-NPs released to the medium after filtering 10 mL of 108 
and 104 CFU mL-1 E. coli suspensions through the filters modified with PB and PB/Ag-NPs. Filters were cut in four parts 
and incubated in 2 mL of MH. An ICP-OES analysis was performed at 2, 10 and 28 h of the experiment. The amount 
of Ag was calculated in 2 mL of medium. As controls, filters modified with PB/Ag-NPs without bacteria were used. 
Filters modified with Ag-NPs were also analyzed for comparison. For all the samples, n = 2. 
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4.3.9 Conclusions 

In order to decrease the biofouling formation on water treatment membranes, bacterial-

sensing membrane filters are developed in this chapter, allowing to measure water samples in situ 

and without need to use extra reagents. PB-sensing molecule was incorporated into filter 

membranes by cyanotype method, producing highly colored samples. NC material was chosen as 

the most optimal since produced the most homogeneous coating of the filters surface. Besides, 

pore sizes of 0.2 µm showed higher bacterial retention on the filter surface. The UV irradiation 

time applied during the cyanotype process was also evaluated, showing faster color changes for 

filters irradiated 90 s when visual inspection was conducted. However, times of response and 

bacterial concentrations were still high. These drawbacks were solved by developing the 

measurements within a sensor platform that allowed to pre-concentrate the samples (increasing 

the amount of bacteria on the filter surface) and to enhance the sensitivity of the method (by the 

use of optical fibers), which detect color changes in shorter times. In this case, 30 s of UV 

irradiation were chosen as the optimal conditions, since the color change started before than for 

90 s. A calibration curve with E. coli bacteria was obtained showing good correlation with the 

results and bacterial concentrations of 104 CFU mL-1 could be detected in two hours. Smaller 

bacterial suspensions could be measured in longer times (5h). In addition, Ag-NPs were 

incorporated into the filters, showing good antibacterial responses. In fact, the sensing response 

could inform of the presence of live bacteria on the filters, being longer when the biocide NPs 

were present. This method has potential application for the control of biofouling formation and 

detection of low concentrations of bacteria in situ. 
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4.4 

General Discussion 
 

The present thesis has the main objective of developing smart materials based on the use of 

electrochromic metabolic indicators for the control and prevention of bacterial infections. This 

goal has been accomplished with the utilization of Prussian blue as sensing molecule and its 

implementation in textiles and water membrane filters, producing highly colored and 

homogeneous coatings. Besides, smart materials were also endowed with antimicrobial agents 

and the final products were able to detect the presence of live bacteria as well as to indicate the 

shelf-life of the antimicrobial activity in the materials by a simple change of color detectable with 

the naked eye. 

Regarding the strategies currently conducted in the development of smart materials that 

detect the presence of live bacteria, those implemented on textiles, hydrogels, wound dressings 

or membrane filters are summarized below.  

Most of the strategies are based on the incorporation of organic dyes into textiles,1,2 

hydrogels containing cellulose3 or polymeric layers4. The presence of bacteria is detected by 

producing a color change. However, they are sensitive to pH and temperature changes and any 

change in the measurement conditions may produce false positives having poor selectivity to the 

presence of live bacteria. Besides, in the case of the textiles, color changes were achieved in 12 

and 18 hours for Gram-negative and Gram-positive bacteria, respectively. Comparing them with 

the methods described in this thesis, PB-modified textiles could produce a color change in 5-6 h 

for E. coli suspensions of 108 CFU mL-1 and the detection times are shorter when using textiles 

modified by cyanotype process, producing color changes in the same times with bacterial 

concentrations of 107 CFU mL-1.  

Faster sensing strategies rely in the production of hydrogels coatings modified with 

colorimetric or fluorescent moieties that produce the color change when are released by 
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interaction with bacterial enzymes. This strategy needed 1 hour to detect the presence of bacteria. 

Although the bacterial detection is produced in shorter times, enzymes have poor stability and 

their reproducibility still remains a challenge. 

Other approaches rely on the use of phospholipids vesicles stabilized in lipid layers5 or 

hydrogels6 for the developing of wound dresses, which are modified with colorimetric or 

fluorescent indicators, being released in the presence of bacteria and producing the color changes. 

The detection is produced between 4 and 6 hours for high bacterial concentrations. However, 

vesicles present poor stability and as in the previous case, changes in the environment can produce 

false positives by releasing the colorimetric indicators. In opposition, PB is stably entrapped on the 

fibers of the textile and its stability has been proved in different media. In addition, the smart 

textiles presented in this thesis can achieve the bacterial detection in situ, without the need of 

using other reagents or layers that enhance the stabilization of the sensing molecules. 

The use of Eu3+ in polymeric membranes and gels has been exploited for the developing of 

smart textiles due to their light-emitting properties, endowing the smart materials with sensing 

and antibacterial capacities.7,4 However, Eu3+ needs to be coordinated with organic ligands to 

enhance its emission properties and also, it shows slight cytotoxicity, which difficulty its 

implementation in real samples. Besides, the described method needs the use of lamps to detect 

the fluorescent signals. 

 In opposition, Prussian blue has shown good biocompatibility and low cytotoxicity. A great 

advantage of the presented smart materials is that they show sensing and antibacterial capacities 

for itself, with no need to implement stabilizable matrix or hydrogels. Thus, the detection can be 

done in situ, allowing its applicability in a wide range of fields even when no equipment or 

laboratories are present. 

In this context, cellulose derivate membranes have been modified with Metilene blue for 

the development of antibacterial and bacterial-sensing wound dressings.8 The system showed 

color changes in presence of bacteria with an OD = 0.8, which corresponds to a bacterial 

concentration between 108 and 109 CFU mL-1. In comparison with the current thesis, bacterial 
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detection could be achieved with the PB-modified filters in two hours for 104 CFU mL-1 E. coli 

suspensions, showing higher sensitivities. 

In summary, the produced smart polyester-cotton textiles and nitrocellulose filters with 

sensing and antibacterial capacities have demonstrate high effectivity. The sensitivity and time of 

response have been improved along this thesis. These smart materials have shown a great 

potential in the control of bacterial infections, being applicable in several fields, such as hospitals, 

healthcare centers, schools or at home, among others. 
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The main conclusions extracted from the results obtained through this PhD thesis are: 

 PB is an excellent candidate for bacterial detection either in solution or after 

electrodeposition on transparent ITO-PET electrodes due to its suitable optical and 

electrochemical properties used for such purpose, and its capacity to change of color 

after metabolic reduction by bacteria. 

 Soluble and insoluble forms of PB present differences in structure, absorption capacity 

and redox activity. Both forms could be metabolized by bacteria, producing a color 

change observable by the naked eye for each redox state. However, the soluble form 

presented faster metabolic reduction kinetics, which attributed to a more suitable 

redox potential and the presence of a single iron in its structure instead of the four 

required by the insoluble one. 

 PB could be incorporated on polyester-cotton textiles by a single-step sonochemical 

coating process, only requiring 15 min. The obtained samples showed high 

homogeneity and color intensity. PB-NPs in the textile were not antibacterial or 

cytotoxic and could maintain the bacterial-sensing capacity for both, Gram-positive 

and Gram-negative bacteria. Regarding to the latter, a detectable color change is 

observed after 5-6 h of incubation with high bacterial concentrations (109 CFU mL-1), 

allowing in situ bacterial detection. Textiles were able to recover the initial blue color 

when bacteria die through re-oxidation by environmental oxygen. 

 PB was also sonochemically coated on polyester-cotton textiles already containing 

CuO-NPs as antibacterial agents. The NPs distribution was very homogeneous, 

covering more than 95 % of the textile fibers. The ICP-OES study revealed that the 

stability of the CuO-NPs was improved when PB was added to the samples, reducing 

their release to half but keeping its initial antibacterial activity. SEM images, EDX and 

XAS analysis confirmed that after reduction with bacteria and re-oxidation with 

environmental oxygen, textiles conserved the same initial structure, indicating that the 

antibacterial NPs did not interfere the electron exchange between bacteria and PB. 

The smart textiles were able to detect the lack of antibacterial activity when 
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bactericidal NPs were released to the medium through a simple color change, 

indicating the risk of infection by the presence of live bacteria on the textile surface. 

 The incorporation of PB molecules to textiles though the cyanotype process improved 

both, the time of response and the sensitivity of the smart material. Homogeneous 

samples with a deep blue color were obtained in either with or without the presence 

of CuO-NPs. The release of the antibacterial NPs was diminished five times, even more 

than in the sonochemical coating case, extending the shelf-life of the smart textile. 

Bacterial-sensing responses were also faster than in the previous case, showing color 

changes observable by naked eye after 5 h of incubation with bacterial suspensions 

containing 106 CFU mL-1. These responses were obtained in dry conditions, which 

closer to the real application. The presence of PB in the textile fibers enhanced the 

antibacterial activity of the smart samples, reducing the presence of bacteria a 40 % 

more than textiles only containing CuO-NPs in only 7 h. 

 Nitrocellulose filters were modified with PB through cyanotype process for the 

production of bacterial-sensing water filter membranes. Modified samples showed 

high homogeneity in their color and in the particles distribution. NC filters with 0.2 µm 

of pore size were used since the bacterial retention was higher. Besides, the UV 

irradiation time of the samples was optimized, being 90 s the applied time when the 

filters color was evaluated with the naked eye. E. coli suspensions of 107 CFU mL-1 

produced color changes in less than 9 hours. Times of response and sensitivity of the 

method were improved by using a pre-concentration system with optical fibers 

coupled. In this occasion, filters UV irradiated for 30 s were selected as the most 

optimal. Thus, color changes were detected in 2 h for 104 CFU mL-1 E. coli suspension 

and in less than 5 h for 103 CFU mL-1.  

 Filters were also endowed with bactericide capacity by incorporating Ag-NPs. 

Obtained filters showed homogeneous blue color on the samples and in the SEM 

images could be observed the aggregations formed by Ag-NPs attached to the fibers 

of the filter. The optimal concentration for Ag-NPs was found 2 mM, which showed 
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high antibacterial efficiency against E. coli. The modification of the samples with 

antibacterial NPs did not difficult the sensing capacity of the filters, showing color 

changes in 5 h for E. coli bacterial suspensions of 108 CFU mL-1 when filters were 

modified with PB, and 10 h for filters containing PB and Ag-NPs. 
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